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Wild animals under human care as well as domesticated farm production animals are often
exposed to environmental changes (e.g., capture and transportation). Short-term or acute changes in
physiological indices (e.g., heart rate, respiration, body temperatures, immune cells and stress hormonal
biomarkers) provide crucial information regarding the responses of animals to novel environments,
and they could provide crucial determining factors for evaluating the long-term health and welfare
of animals. The goal of this special issue is to provide examples of new research and techniques
that can be used to monitor short- and long-term environmental adaptation of animals under human
care. Examples of research include applications of physiological indices and welfare assessment
methods (e.g., morphological and morphometric data, behavioural assessments, thermal profiles
and physiological markers) in any wildlife or production animal (e.g., rescued and rehabilitating
animals, pets, competition animals, farm animals and zoo animals), in response to environmental and
management-related factors.
This book is a reprint of the papers published in the Special Issue: “Assessing the Environmental
Adaptation of Wildlife and Production Animals: Applications of Physiological Indices and Welfare
Assessment Tools”.
Chapter 1—This research was based on a retrospective analysis of clinical data and characterises
this based on categories of stress experienced by avian wildlife patients. It demonstrated the factors
associated with urbanization, which exposes avian wildlife to an array of environmental stressors
that result in clinical admission and hospitalisation. It showed that the most common outcome of
avian patients that suffered from vehicle-related injuries or other impact injuries was euthanasia.
Immobility and abnormal behaviour were the most commonly occurring primary stressors of avian
patients. Finally, trauma and fractures were the most common occurring secondary stressors in avian
patients. The most common outcome of all these stressors was euthanasia. This study also provided
a categorisation system for the stressors (preliminary, primary and secondary) that may be used to
monitor the stress categories of wildlife patients and gain a deeper understanding of the complex
notion of stress.
Chapter 2—Artificial insemination programs are used to improve reproductive output in livestock
animals. This study showed the possible influence of ejaculation collection in breeding boars on their
oxytocin profiles. Using saliva collection, the research measured total (protein bound) and free oxytocin
in pigs. Research showed that ejaculation influences the salivary oxytocin concentrations in breeding
boars, although this influence varies according to age, libido and breed.
Chapter 3—Pharmacological and biological validation are important for establishing minimally
invasive stress hormone evaluation in animals. Here, researchers were able to validate two faecal
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glucocorticoid enzyme immunoassays (faecal corticosterone metabolites-FCMs, EIAs; a corticosterone
EIA, and a group-specific 5α-pregnane-3β,11β,21-triol-20-one EIA) in deermice (Peromyscus maniculatus)
by challenging individuals with dexamethasone and adrenocorticotropic hormone (ACTH).
Researchers discuss the need for careful physiological/biological validation of assays prior to
applications in animal studies.
Chapter 4—Veterinary intervention is an important aspect of wildlife rescue and rehabilitation
programs. In this research case study on the roe deer (Capreolus capreolus) from Italy,
researchers identified a potential biomarker (whole blood lactate concentrations) as an early indicator
of lactataemia status to predict the outcome of clinical intervention. Biomarkers such as these should
be used in conjunction with clinical veterinary intervention to provide appropriate care and outcome
decisions for rescued wildlife.
Chapter 5—Quantification of acute stress is an important component of wildlife management and
care in zoos. In this research, the investigators compared the glucocorticoid concentrations in response to
various types of potential stressors present during the standard operation of a temporary housing facility
between three species, namely, ring-tailed lemurs, collared brown lemurs and white-headed lemurs.
Researchers employed polyclonal antibodies directed against the metabolite 11-oxo-etiocholanolone I.
Researchers found some species-related differences in the physiological stress responses of the lemurs,
however, the general patterns across treatments were similar, but individual reproductive status may
also influence the stress responses in grouped housing situation.
Chapter 6—Wildlife hunting is an example of intensive human–animal interaction which can
generate physiological stress in animals. Red deer (Cervus elaphus) is the target of intensive seasonal
hunting in the Lousã Mountain region, Portugal. Using a combination of sample types (blood,
faeces and hair), researchers in this study quantified glucocorticoid levels in red deer across hunting
seasons. The researchers discuss the applications of specific sample types for evaluating acute and
chronic stress responses of red deer in the hunting season.
Chapter 7—Tigers (Panthera tigris) are an endangered species and it is crucial to obtain vital
health indices of tigers for rescue, rehabilitation and captive management programs. In this pilot
study, the researchers demonstrated the application of serum protein electrophoresis as a useful tool in
monitoring the health of tigers.
Chapter 8—Stress endocrine response can influence immune response in animals. Similarily,
immune response biomarkers can be used to index stress responses in animals. For example,
salivary immunoglobulin A (sIgA) has been proposed as a potential indicator of welfare for
various species, including Asian elephants, and may be related to adrenal cortisol responses.
Here, researchers distinguished circadian rhythm effects on sIgA in male and female Asian elephants
and compared patterns to those of salivary cortisol, information that could potentially have welfare
implications. Researchers discovered a daily quartic pattern of SIgA in elephants, which can be
important information for designing future experiments to standardize field data collection.
Chapter 9—Wild mammals can be highly cryptic and there remains substantial knowledge gaps
regarding the physiological control of reproduction in species, such as red deer (Cervus elaphus L.,
1758). Researchers evaluated the concentration of cortisol and progesterone, extracted from blood
and hair, in 10 wild and pregnant red deer females. Researchers successfully quantified cortisol and
progesterone in hair samples obtained from the hinds of deer sampled during a regional selective
hunting plan. It may be possible the deer were actively breeding during the sampled period and the
methods could be used to evaluate the reproductive ecology and welfare of deers used for human
hunting purposes.
Chapter 10—The current study developed a baseline welfare assessment protocol for captive
Punjab urial adapted from the welfare protocol for domestic sheep from the Welfare Quality® project.
It was able to apply the protocol for Punjab urial across two facilities and provided recommendations
for areas of improvement for captive management and breeding.
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Chapter 11—Koalas (Phascolarctos cinereus) are Australia’s iconic marsupial species and they face
heightened threats from anthropogenic induced environmental change. In this study, the researchers
validated the application of a thermal imaging technology (FLIR530TM IR thermal imaging camera) to
evaluate heat signatures in koalas in a captive zoo housing facility. The study discussed the technical
limitations and applications of this method for tracking heat stress in koalas in zoos.
Chapter 12—Wildlife are commonly impacted by parasites from their surroundings and they can
also serve as hosts for zoonotic pathogens. Parasites activate immune responses of wildlife which
can be quantified using morphological, blood and tissue analysis. Here, the researchers evaluated
the relative impact of parasite pressure vs. parasite load on different host species, using bank voles
(Myodes glareolus) and wood mice (Apodemus sylvaticus) as study species. The researchers sampled
sub-adult males to quantify their immune function, infestation load for ectoparasites and gastrointestinal
parasites, and infection status for vector-borne microparasites. They used regression trees to find out
whether variation in immune indices could be explained by among-site differences (parasite pressure),
among-individual differences in infestation intensity and infection status (parasite load) or other
intrinsic factors. The research outcome showed that both parasite pressure and parasite load influence
the immune system of wild rodents.
Chapter 13—It is important to validate minimally invasive stress hormone assays for each species
due to potential species-specific differences in metabolism and excretion of steroids. In this study,
the researchers physiologically validated a faecal cortisol metabolite (FCM) enzyme-immunoassay
for male reindeer. Researchers conducted a physiological validation of an 11-oxoaetiocholanolone
enzyme immunoassay (EIA) for measuring faecal cortisol metabolites (FCMs) in male reindeer by the
administration of an adrenocorticotrophic hormone. Researchers also identified the faecal samples
belonging to individual animals using DNA analysis across time. This study reports a successful
validation of a non-invasive technique for measuring stress in reindeer, which can be applied in future
studies in the fields of biology, ethology, ecology, animal conservation and welfare.
Chapter 14—Minimally invasive hormone monitoring methods can be used to evaluate the
physiological responses of aquatic fish species to habitat quality. Here, the researchers validated
mucous cortisol assays in wild freshwater fish (Catalan chub, Squalius laietanus) living across a pollution
gradient. They compared the mucous cortisol levels with cortisol levels in blood and haematological
parameters. The results showed that the variation in cortisol in skin mucus followed a similar pattern
of response to that detected by the quantification of cortisol levels in blood and the hematological
parameters, such as erythrocytic alterations and neutrophil to lymphocyte ratios. Skin mucus could be
potentially used as a biomarker in fish welfare evaluation.
Funding: This research received no external funding.
Conflicts of Interest: The author declares no conflict of interest.
Publisher’s Note: MDPI stays neutral with regard to jurisdictional claims in published maps and institutional
affiliations.
© 2020 by the author. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).
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Simple Summary: Stress evaluation in wildlife is valuable tool for rehabilitation and injury prevention.
This pilot study investigated categories of stress in rescued birds. We determined three categories of
stressors (preliminary, primary and secondary) using clinical data of rescued birds from Adelaide,
South Australia. It was discovered that birds are highly susceptible to impact injuries (e.g., flying
into a building window) and vehicle-related injuries as preliminary stressors, which often result in
hospitalisation of birds. Immobility and abnormal behaviour represented the most common primary
stressor, while the most common secondary stressors included trauma and fracture. Furthermore,
the most common outcome in clinics due to exposure of birds to these three stressor categories
was euthanasia.
Abstract: Urbanisation exposes avian wildlife to an array of environmental stressors that result in
clinical admission and hospitalisation. The aim of this pilot study was to conduct a retrospective
analysis of clinical data and characterise this based on categories of stress experienced by avian wildlife
patients. The results from this study indicated that impact injuries (n = 33, 25%) and vehicle-related
injuries (n = 33, 25%) were the most common occurring preliminary stressors that resulted in the
hospitalisation of avian wildlife. The most common outcome of avian patients that suffered from
vehicle-related injuries was euthanasia (n = 15, 45%), as was avian patients that suffered from impact
injuries (n = 16, 48%). Immobility (n = 105, 61%) and abnormal behaviour (n = 24, 14%) were the most
commonly occurring primary stressors of avian patients. Finally, trauma (n = 51, 32%) and fractures
(n = 44, 27%) were the most common occurring secondary stressors in avian patients. The most
common outcome of all these stressors was euthanasia. This study provided further evidence towards
the notion that human- and urbanisation-related stressors are the main causes of hospitalisation
of avian wildlife, but also indicated that birds admitted as a result of human-related stressors are
more likely to be euthanised than released. This study also provided a categorisation system for the
stressors identified in avian wildlife patients (preliminary, primary and secondary) that may be used
to monitor the stress categories of wildlife patients and gain a deeper understanding of the complex
notion of stress.
Keywords: wildlife; environmental stress; urbanisation; birds
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1. Introduction
Clinical treatment for injured avian wildlife is well explored within the literature [1–3], however,
there is limited information regarding the long-term impacts that environmental stress has on the
recovery of a patient. Environmental stressors are factors within the environment that cause stress to
an individual [4]. Examples of environmental stressors include biotic factors, such as limited/reduced
food availability, presence of predators, existence of pathogenic organisms, and interactions with
conspecifics [4]. Alternatively, abiotic factors exist, such as extreme temperatures, reduced water
availability, and the presence of toxicants [4]. Currently, the main limitation in clinical avian care
research is that little is known about how environmental stressors affect avian wildlife.
The universal meaning of stress has been difficult to define. Moberg [5] defined stress as ‘the
biological response elicited when an individual perceives a threat to its homeostasis’. This definition
has since been debated particularly due to the word “homeostasis” [6]. Nevertheless, it is generally
agreed upon that stress is a biological response, termed as the stress response, that occurs when an
animal is presented with an unpleasant stimulus known as a stressor [7,8]. Stress is not inherently
harmful; however, ongoing stress has pervasive consequences for the well-being of animals and
dictates the long-term survival and quality of life of veterinary patients [9–11]. When animals
encounter environmental stressors, the hypothalamic−pituitary−adrenal (HPA) axis is activated, which
prepares the body for some form of exertion [12,13]. The hypothalamus then releases a hormone
called corticotrophin releasing factor (CRF), which signals the anterior pituitary to release a hormone
called adrenocorticotrophic hormone (ACTH) [12,13]. Adrenocorticotrophic hormone circulates in
the blood and results in an increased output of glucocorticoids from the adrenal cortices [12,13].
Glucocorticoids act to divert the storage of glucose as glycogen, and to instead mobilise glucose from
stored glycogen [12,13]. The most pivotal glucocorticoid within the HPA axis is cortisol, and it works
to stimulate gluconeogenesis [12,13]. Gluconeogenesis acts in a way that prepares the animal for a
physical challenge by partitioning energy and also acts as a chemical blocker within the negative
feedback process [12,13]. Since the HPA axis comes at a cost of diverting energy away from corporal
bodily functions, long-term exposure to environmental stressors can reduce growth, reproduction, and
immune function in animals [12].
Four categories have been used to quantify stress in fish [9]. These categories include primary
stress, secondary stress, and tertiary stress [9]. For the purpose of this study, these categories were
adapted to avian patients in clinical care and a fourth category, preliminary stress, was introduced.
Preliminary stress refers to the initial causative factor that resulted in a patient requiring any sort
of treatment in a clinical setting. A preliminary stressor is anything that can cause any physical or
psychological stress to an individual. This may include an animal attack, vehicle collision or heat stress.
Primary stress refers to the effect caused by preliminary stress including any physical or behavioural
abnormalities [9]. This may include abnormal behaviour, feather damage or bleeding. Secondary
stress refers to the diagnosis which resulted in or caused the preliminary stressor [9]. This may include
fractures, disease and infection. Tertiary stress refers to a long-term stressor that may impact a patient
after the other stressors have been treated [9]. This may include brain damage, permanent body
disfigurement and loss of sight or other senses. For example, if a bird flew into a window, it would
have experienced a preliminary stressor. If the wings of this bird had begun to bleed, it would have
experienced the bleeding as a primary stressor. If this bleeding was due to a broken bone which had
punctured the skin, it would have experienced the fracture as a secondary stressor. Finally, if the
broken bone had resulted in permanent body disfigurement and an inability to fly properly, it would
have had experienced a tertiary stressor. Beyond categorising the complex notion of stress for the
purpose of gaining a clearer understanding of this biological phenomenon, this would also help us to
minimise the intensity and frequency of stress experienced by animals, which are two very significant
characteristics of stress involved in wildlife recovery [10–13]. Therefore, it is integral to quantify the
chain of stressors experienced by wildlife in clinical care for the control of these stressors from when
the bird is rescued, throughout treatment and after release or rehoming.
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Current clinical data surrounding the assessment and management of stress in avian wildlife
admitted to clinical care are often difficult to follow. This is due to stress management often requiring
invasive methods such as blood collection. However, research using existing records from wildlife
hospitals could be used as a tool to better understand avian preservation efforts, particularly of species
under conservation [14–19]. Furthermore, these databases can help us understand the impact of human
activities on wildlife in a particular geographic location and how this impact varies among different
avian species, age and human rural versus urban living environments [19]. Lastly, wildlife records
could also illuminate the typical outcome of avian recues i.e., the likelihood of recovery and release
versus death, and the circumstances surrounding these outcomes.
The aim of this study was to conduct a retrospective analysis of clinical data and characterise this
based on categories of stress experienced by avian wildlife patients admitted to a wildlife clinic. This
form of clinical intervention aims to serve as a database for ecological research and urban planning.
2. Materials and Methods
This study was conducted in collaboration with the Adelaide Koala and Wildlife Hospital (AKWH),
located in Plympton, South Australia. Clinical data for avian wildlife patients presented to the hospital
between 2014 and 2017 were collected on site at the AKWH. The clinical data collected were used
to obtain information on the stressors experienced by avian wildlife patients throughout their stay
at the AKWH. These data were then systematically collaborated in a Microsoft Excel document and
classified according to the patient’s age (egg, nestling, juvenile, or adult), species (magpie, lorikeet,
ibis, kookaburra etc.), their classification of stress (preliminary, primary, secondary), and finally, the
outcome of that diagnosis (euthanasia, care, release etc.). Tertiary stress unfortunately was not able to
be investigated to the expected extent and was intended based on the long-term outcome in correlation
to the severity of the patient’s condition due to lack of clinical records. Therefore, this category
was omitted.
The location in which the birds were found was categorised based on a method outlined by
Narayan and Vanderneut [20] and criteria provided by the Australian Bureau of Statistics. Locations
were provided by suburb and we used Google maps and location demographics to categorise the
suburbs as urban, rural or rural−urban. A location was categorised as “urban” if it was densely
population and included a population of more than 1000 people. A location was categorised as “rural”
if it included was sparsely populated and consisted of mainly open land and contained few buildings.
Finally, an area was described as rural−urban if it was situated near or on a fringe between rural and
urban areas and if it was populated to a lesser extent than urban areas but more so than rural areas.
An important caveat to note here is that the data provided were not always comprehensive and
there were some information gaps. For example, all entries from 2015 were missing and unable to be
collected, and some of the provided entries were missing some information, such as the bird’s species
or location found. For this reason, the data were too unstable to complete statistical analysis beyond
the scope of a descriptive analysis. The purpose of this preliminary study, however, was not to analyse
the data per year but to create an average to be used for discussion purposes.
3. Results
A total of 178 records pertaining to birds rescued in 2013 (n = 6), 2014 (n = 37), 2016 (n = 51) and
2017 (n = 84) were collected (Supplementary Data: Table S1). The majority of birds were rescued from
urban areas (n = 135), followed by rural (n = 6) and rural−urban (n = 6) areas. Note that 31 birds were
missing location information. The total number of records was comprised of 25 different types of
bird. Of these, lorikeets were the most commonly rescued (n = 46), followed by magpies (n = 25) and
cockatoos (n = 23). The most common age group of rescued birds was adult (n = 143), followed by
juvenile (n = 20) and nestling (n = 15).
Results from this study show that impact injuries (n = 33, 25%) and vehicle-related injuries (n = 33,
25%) were the most common occurring preliminary stressors which caused hospitalisation of avian
7
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patients (Figure 1). Note that vehicle injuries may be documented as impact injuries if there were
no witnesses or evidence that a car was involved upon the admission of a bird. The most common
outcome of avian patients that suffered from vehicle injuries was euthanasia (n = 15, 45%) and only
18% (n = 6) were released back into their ecosystem. Likewise, the most common outcome for avian
patients that had suffered from impact injuries was also euthanasia (n = 16, 48%). A previous study
reported that impact injuries are not typically fatal events for birds [21]. However, our results indicate
that only 27% (n = 9) of avian patients admitted due to impact injuries were able to be released back
into their ecosystem. The remaining patients had no outcome information, died due to their injuries or
were kept in care and no further information was provided.
 
Figure 1. Key preliminary stressors experienced by majority of the avian patients admitted to the
Adelaide Koala and Wildlife Hospital in 2013, 2014, 2016 and 2017 (n = 138). Preliminary stressors were
pooled into two categories (health or environmental). Health-related preliminary stressors comprised
of factors such as impact injury, vehicle trauma, fallen onto ground from substrate, lice presence,
severely wet (unable to fly) and genetic issue (not known). Environmental-related preliminary stressors
included factors such as animal attack, abnormal behaviour, bullied, rubbish attached, abandoned, ant
attack and heat stress. Refer to Supplementary Table S1 to access raw data related to all bird patients,
as not all birds have been shown in the above graph where the preliminary stressor count was only one
per bird species.
As mentioned in the above caption for Figure 1, abnormal behaviour referred to behaviours that
are abnormal for that bird species and age group that were not characterised as immobility. Animal
attack (n = 4) also included cat (n = 15) and dog attacks (n = 5). Impact injury included any trauma
from events such as flying into a window or building which was not related to vehicle collisions and
which did not fit any of the other categories. Abandoned refers to a young bird which was separated
from its mother and found alone. Likewise, fallen from nest refers to a young bird who fell but did not
land in a pool of water. In contrast, fell in pool could refer to a bird of any age that fell in a pool of water.
Bullied refers to birds which had experienced bullying behaviour from other more dominant birds to
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the point where they required clinical care. Wet included birds which had experienced difficulty flying
or locomoting due to wet weather conditions.
Ecological groupings of bird species within preliminary stressors (Figure 1) were as follows:
Cockatoo (n = 21) also included yellow-tailed black cockatoo (n = 1), sulphur-crested cockatoo (n = 2)
and galah (n = 9). Magpie (n = 19) included one Murray magpie (n = 1). Honey eater (n = 1) also
included noisy miner (n = 2), native miner (n = 1) and wattle bird (n = 1). Dove (n = 6) also included
one spotted dove (n = 1). Lorikeet (n = 31) also included one musk lorikeet (n = 1). Owl (n = 1) also
included boobook owls (n = 3). There were some birds presented to the hospital whose preliminary
stressor was unable to be identified (n = 40) and thus were omitted from this figure.
Primary stress refers to the effect caused by preliminary stress including any physical or behavioural
abnormalities. Immobility (n = 105, 61%) and abnormal behaviour (n = 24, 14%) were the most common
occurring primary stressors (Figure 2). The most common outcome of avian patients that suffered from
both immobility and abnormal behaviour was euthanasia at 50% (n = 52) and 38% (n = 9), respectively.
 
Figure 2. Key primary stressors experienced by the majority of avian patients admitted to the Adelaide
Koala and Wildlife Hospital in 2013, 2014, 2016 and 2017 (n = 173). Note that birds presented to the
hospital whose primary stressor was unable to be identified (n = 5) or those species with a cumulative
count of only one primary stressor were omitted from this figure. Primary stressors were pooled into
two categories. Immobile/abnormality-related primary stressors comprised of factors such as physical
abnormality, abnormal behaviour and immobile. Injury/physical damage-related primary stressors
included factors such as dislocation, oil, damaged feet, diarrhoea, superficial injury, feather damage
and bleeding. Refer to Supplementary Table S1 to access raw data related to all bird patients.
Within the primary stressor category (Figure 2), cockatoo (n = 3) also included yellow-tailed black
cockatoo (n = 1), sulphur-crested cockatoo (n = 2), galah (n = 15) and corella (n = 2). Magpie (n = 24)
also included one Murray magpie (n = 1). Honey eater (n = 2) also included noisy miner (n = 2), native
miner (n = 1) and wattle bird (n = 1). Dove (n = 6) also included one spotted dove (n = 1). Lorikeet
(n = 42) also included one musk lorikeet (n = 1). Owl (n = 2) also included boobook owl (n = 4).
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Secondary stress refers to the diagnosis underlying that of which resulted in or caused the
preliminary stressor. Trauma (n = 51, 32%) and fractures (n = 44, 27%) were the most common occurring
secondary stressors (Figure 3). The most common outcome of avian patients that suffered from trauma
was euthanasia for both trauma (n = 18, 35%) and fractures (n = 25, 57%).
 
Figure 3. Key secondary stressors experienced by avian patients admitted to the Adelaide Koala and
Wildlife Hospital in 2013, 2014, 2016 and 2017 (n = 161). Note that birds presented to the hospital whose
secondary stressor was unable to be identified (n = 17) or those species with a cumulative count of
only one secondary stressor were omitted from this figure. Secondary stressors were pooled into two
categories. Injury/infection/disease-related secondary stressors comprised of factors such as fractures,
dislocation, feather damage, broken bone etc. Trauma/shock/ecological/environmental-related primary
stressors included factors such as severe dehydration, shock, shot, tissue damage from heat stress etc.
Refer to Supplementary Table S1 to access raw data related to all bird patients.
Within the secondary stressor data shown in Figure 3, the ecological groupings were as follows:
Cockatoo (n = 2) also included yellow-tailed black cockatoo (n = 1), sulphur-crested cockatoo (n = 2),
galah (n = 10) and corella (n = 1). Magpie (n = 23) also included one Murray magpie (n = 1). Honey
eater (n = 2) also included noisy miner (n = 2), native miner (n = 1) and wattle bird (n = 1). Dove (n = 6)
also included one spotted dove (n = 1). Lorikeet (n = 42) also included one musk lorikeet (n = 1). Owl
(n = 2) also included boobook owl (n = 3).
4. Discussion
The results from this study, although restricted to South Australia, can be interpreted on a
broader context. Avian ecosystems have undergone profound change due to the increasing threat
of urbanisation, which creates disparity in the richness and diversity of the environment [22–24].
Urbanisation challenges avian species by creating threats to their survival through decreased food
availability and increased air, light and noise pollution, which results in compromised immune function
due to stress [25]. This study allowed these impacts to be quantified by investigating avian patients
and, in doing so, identified the risks faced by avian wildlife and the mortality which results from these.
Previous studies have attested that anthropomorphically sourced stressors are the main challenges
affecting avian wildlife vitality [26–28], and this is consistent with the results of this study. In fact, the
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preliminary stressors of impact injury, vehicle and rubbish attached, which are all anthropomorphically
sourced stressors, accounted for 53% of hospitalisations and 47% of total deaths over a four-year
period. These results also indicated that birds which suffer from these stressors are less likely to
recover. Furthermore, this study highlighted the fact that these stressors linked to human behaviour
are impacting a wide range of avian species. This is important as although the vast majority of the
birds identified were not vulnerable or endangered species, the number of wildlife species at risk of
endangerment are continuously increasing due to the direct effects of urbanisation and human-related
stressors [29]. This indicates that there is much work to be done in order to better preserve Australian
avian wildlife.
After implementing a categorical method of assessing stress, veterinary clinics will be able to
establish and address different avian stressors, and hopefully implement practices to avoid further
hospitalisation and improve mortality rates. When birds suffer with broken bones, their chance of
survival is dramatically decreased [14]. This may be due to reasons beyond the severity of the stress
experienced by the bird such as the difficulty associated with casting and splinting bones on small
mammals [14], and this may also be the reason behind the high euthanasia outcome seen in this study.
Furthermore, although it was not able to be investigated in this study, exposure to broken bones may
lead to long-term suffering and discomfort from tertiary stressors [12]. These long-term impacts could
be due to permanent disfiguration, which can lead to a compromised ability to fly and survive [20].
In our case, the clinic contained no data on the survival rates of an individual or if the patient was
ever re-admitted to the same or another clinic. It is recommended that long-term monitoring of once
admitted avian patients could be performed after they are released into their natural ecosystems. This
would provide statistical data on the tertiary stressors of avian wildlife post-rehabilitation, being that
long-term stressors impact a patient after the underlying stressors have been treated. In order to be
unnecessarily exhaustive with resources, this long-term monitoring could be used on a selection of
patients, such as endangered, native species.
It is important to make note that not all possible clinical cases resulted in rehabilitation, in
particular, our results showed that avian patients that were received with bone fracture (n = 25, 57%)
were euthanised. The plausible reason for this outcome is due to the length of care and further
interaction with human carers that may be required for wild birds that have undergone successful
clinical surgery such as bone fracture repair. This could be difficult to manage, especially because wild
birds may not be easily desensitised to frequent human exposure, and also because some species of
birds (such as rare black cockatoo) may be rehabilitated with a wildlife carer more easily than more
commonly occurring species (e.g., magpie). Therefore, a combination of human resource issues as well
as infrastructure resource issues may limit the clinical intervention of specific clinical cases such as a
bone fracture of wild avian patients, although veterinarians are well trained to perform bone fracture
surgeries in avian patients.
Previous studies have highlighted that responses to urbanisation may be species specific. For
example, some species of birds disappear completely from an area once the area becomes urbanised,
and other species remain and dominate [30]. The categories of stress established in this study can be
used to identify species-specific trends of stress, that is, how different species vary in their susceptibility
to certain stressors. However, this would involve a level of standardisation for findings to be consistent
and reliant. It would be advantageous if everybody (from foster careers to veterinarians) could assess
stress using the same formula of evaluation so as to prevent potential disparities. Finally, wildlife
recues have been termed potential sentinels of ecosystem health [31]. Although this study was limited
in its lack of specifically when it came to diseased patients or those with a microbial or parasitic
infection, this is an area for future research which would be particularly useful.
5. Conclusions
This study has contributed fundamental research towards understanding the different categories
of stress experienced by avian patients requiring clinical treatment. By organising stressors as
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preliminary, primary or secondary, this allowed for a clearer understanding of the chain reaction
between environmental stress and avian wildlife. Furthermore, this study demonstrated that human-
and urbanisation-related stressors were the most common stressors which lead to the hospitalisation
and death of birds over a four-year period. In the future, it would be advantageous to monitor tertiary
stress in order to allow for an evaluation of birds’ wellbeing in the long term. Similarly, these categories
of stress could be used to identify species-specific trends and identify which species cope more
effectively with urbanisation and which species are more at risk of dying out due to human activity.
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Simple Summary: This study aimed to evaluate how the process of ejaculate collection affects
oxytocin concentrations in saliva of boars used in artificial insemination. Saliva samples of 33 boars
were collected the day before ejaculate collection, during the ejaculation time, and two hours after
ejaculate collection. Free oxytocin and oxytocin linked to proteins were quantified in these saliva
samples. Oxytocin concentrations during the ejaculation time were higher than the day before with
oxytocin linked to proteins showing higher differences. In addition, younger boars, boars with higher
libido intensity and boars of the Pietrain breed showed higher values of oxytocin in saliva during
ejaculation than the day before. This study demonstrated that ejaculation influences the salivary
oxytocin concentrations boars.
Abstract: The objective of the present study was to evaluate the possible changes of oxytocin
concentrations in saliva during and after ejaculate collection in breeding boars usually used in artificial
insemination programs. Saliva samples of 33 boars were collected the day before ejaculate collection
(DB), during the ejaculation time (T0) and two hours after ejaculate collection (T2). Free oxytocin and
oxytocin linked to proteins concentrations were measured by two methods previously developed and
validated for saliva of pigs. Younger boars, boars with higher libido intensity and boars of the Pietrain
breed showed higher values of oxytocin in saliva during ejaculation than the day before. In addition,
boars with higher libido showed higher concentrations two hours after ejaculate collection than
during the day before. These changes were of higher magnitude and significance when oxytocin
linked to proteins was measured. In conclusion, this study demonstrated for the first time that
ejaculation influences the salivary oxytocin concentrations in breeding boars, although this influence
varies according to age, libido and breed.
Keywords: oxytocin; boar; saliva; ejaculation
1. Introduction
Oxytocin is a neuropeptide hormone that is synthesized in the supraoptic and paraventricular
nucleus of the hypothalamus [1]. This hormone has an important role in some physiological functions,
such as labor and lactation [2]. In addition, oxytocin inhibits the secretion of glucocorticoids, the
hormones associated with anxiety and stress [3]. Moreover, it is increasingly studied in the field of
positive emotions and welfare in humans [4,5] and animals [6].
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Oxytocin plays an important facilitating role during both male and female reproductive behavior
in mammals [7,8]. In male reproduction, oxytocin is thought to be associated with ejaculation by
increasing sperm number and contracting smooth muscle of reproductive ducts [9]. Intravenous or
intraperitoneal injection of oxytocin contributes to ejaculation in different species, such as rats, rabbits
and bulls [10–12]. Similarly, intra-testicular injection of oxytocin increased basal testosterone level in
mice [13]. The addition of oxytocin to boar semen artificial insemination (AI) doses improves both
sperm transport to the oviduct and conception rates [14–16], but it has no influence on the quality
of sperm [15]. In humans, there is an increase in plasma oxytocin levels during, and at 5 min, after
ejaculation [17,18].
In pigs, the use of saliva samples for laboratory analysis is a suitable non-invasive and non-stressful
alternative to blood. Oxytocin can be measured in pig saliva, it changes throughout lactation period in
nursing sows [19] and it is associated to some behaviours [20]. In addition, oxytocin in saliva samples
increases in men after sexual self-stimulation [21]. However, to the best of our knowledge, there are no
studies about possible changes of oxytocin in saliva related to the ejaculation process in boars. It could
be postulated that oxytocin could increase during the ejaculate collection time, possibly due to two
main reasons: (1) the role of the oxytocin in the ejaculation, increasing contractility of reproductive
smooth muscle [22], and (2) the possible emotional status associated with ejaculation [23].
The purpose of this study was to evaluate possible changes in the salivary oxytocin concentrations
during ejaculate collection time in breeding boars. In addition, the influence of breed, age and libido
of breeding boars in salivary oxytocin levels was also be evaluated. To accomplish these goals, two
new methods previously developed and validated for oxytocin measurement in pig saliva were used,
one based in the use of a monoclonal antibody that measures free oxytocin [19], and the other using a
polyclonal antibody that measures oxytocin linked to protein [24].
2. Materials and Methods
2.1. Animals and Ejaculate Collection
A total of 33 mature and fertile breeding boars of three different breeds (2 Landrace, 13 Duroc
and 18 Pietrain boars) were included in the study. Boars were housed in a farm located in southern
Spain. The boars were housed in individual pens in a building with a controlled environment (16 h of
light per day and 18–24 ◦C), with free access to water and fed with commercial feedstuff twice a day.
The boars were included in artificial insemination (AI) programs with a regular ejaculate collection of
two ejaculates per week. For ejaculate collection, the boars were moved from their pens to another
individual pen containing a dummy sow. Once free mounted to the dummy, entire ejaculate was
collected using the semi-automatic procedure called Collectis® (IMV technologies, L’Aigle, France).
2.2. Saliva Collection and Oxytocin Measurement
Saliva samples were collected using Salivette tubes (Sarstedt, Aktiengesellschaft & Co. D−51588
Nümbrecht, Germany) that contained a sponge. For sampling, the boars chewed the sponge, which
was clipped to a metal rod, until the sponge was moist. The sponges were placed in test Salivette
tubes and refrigerated until arrival at the laboratory. The tubes were then centrifuged at 3500 rpm at
4 ◦C for 10 min. Finally, saliva samples were stored at −80 ◦C until analysis. The research protocols
were approved by the Bioethical Commission of Murcia University according to the European Council
Directives regarding the protection of animals used for experimental purposes (approval number,
235/2016; approval date, 25/04/2016).
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2.3. Measurement of Salivary Oxytocin Concentration
Saliva samples were thawed at room temperature and oxytocin concentrations were measured
using two different methods previously developed and validated for pig saliva [19,24]. One method
was a direct competition assay based on AlphaLISA (PerkinElmer Inc., Waltham, MA, USA) technology
using monoclonal antibody against oxytocin, while the other consisted of an indirect competition assay
based on AlphaLISA technology using polyclonal antibody against oxytocin. Although these assays
have been previously described [19,24], in brief, AlphaLISA monoclonal method was performed as
follows: 15 μL of sample diluted 1:2 with AlphaLISA buffer and 15 μL of acceptor beads were added
to the well and after 90 min, 10 μL of biotinylated oxytocin was added and incubated for 60 min.
Then, 10 μL of donor beads was added and after 30 min in the dark, the fluorescence intensity was
measured using the Enspire Multimode Plate Reader (PerkinElmer Inc.). In the case of the AlphaLISA
polyclonal method, 10 μL of sample diluted 1:2 with AlphaLISA buffer and 10 μL of anti-oxytocin
polyclonal antibody were added to the well and after 45 min, 10 μL of protein G acceptor beads
was added and incubated for 45 min. Then, 10 μL of biotinylated oxytocin was added and after
45 min, 10 μL of donor beads was added and incubated in the dark for 30 min. Subsequently, the
fluorescence intensity was measured using the Enspire Multimode Plate Reader (Perkin Elmer Inc.,
USA). The accuracy of assays had a correlation coefficient which ranged between 0.96 and 0.99 in
the case of the monoclonal method and between 0.98 and 0.99 in the case of the polyclonal method.
The intra-assay coefficients of variation were between 5.02–6.07% in the case of the monoclonal method
and 4.36–11.37% in the case of the polyclonal method, while the inter-assay coefficients of variation
were between 4.60–17.70% in the case of the monoclonal method and 8.52–13.38% in the case of the
polyclonal method. The sensitivity of the assays was 112.95 pg/mL and 58.40 pg/mL in the cases of the
monoclonal and polyclonal method, respectively.
2.4. Experimental Design
Saliva samples from the 33 boars were collected at three different times in each boar: the day
before ejaculate collection (DB); immediately after starting the ejaculation (T0) and two hours after
ejaculation (T2). This collection protocol was carried out in February, 2019. Libido was measured
according to a three-point scale adapted from that of Kozink et al. [25], namely a value of 1 for boars
that showed little interest in the dummy sow and took more than 10 min to mount it; a value of 2 for
the boars that did not show much interest but mounted it in less than 10 min; and a value of 3 for the
boars that interacted with the dummy and quickly mounted it.
2.5. Statistical Analysis
Medians and 25th–75th percentiles were calculated by use of routine descriptive statistical
procedures and computer software (Excel 2016, Microsoft Corporation, Redmond, WA, USA). Statistical
analyses were performed using Graph Pad Software Inc (GraphPad Prism, version 5 for Windows,
Graph Pad Software Inc, San Diego, CA, USA). The Shapiro–Wilk test was performed to evaluate the
data distribution, which did not follow a normal distribution. Therefore, data were log-transformed.
One-way repeated measures ANOVA followed by uncorrected Fisher’s LSD were used to compare
oxytocin values obtained at the different times, namely DB, T0 and T2. Spearman’s correlation
coefficient was calculated between the analytical parameters with oxytocin concentrations measured
with AlphaLISA monoclonal and polyclonal method. The strength of the correlation was assessed
by the Rule of Thumb [26], according to which an R value between 0.90 to 1 was considered to have
very high correlation, 0.70 to 0.90 high correlation, 0.50 to 0.70 moderate correlation, 0.30 to 0.50 low
correlation and less than 0.30 little, if any, correlation. Results were reported as median and 25th−75th
percentiles (in text) and line-box plots (in Figures) and a p < 0.05 was considered significant.
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3. Results
The salivary oxytocin concentrations measured with monoclonal and polyclonal assays showed a
low correlation (R = 0.323, p < 0.05). As such, the results for each assay are presented separately.
3.1. Oxytocin Concentrations Measured with the Monoclonal Assay
Salivary oxytocin concentrations were significantly higher (p < 0.05) at T0 (1077.0 pg/mL; 25−75th
percentile: 527.3–2555.0 pg/mL) than at DB time (775.6 pg/mL; 25–75th percentile: 512.8–1494.0 pg/mL)
but there were no significant differences (p > 0.05) when compared with T2 (802.6 pg/mL; 25–75th
percentile: 386.5–1821.0 pg/mL). Interestingly, not all boars showed the same pattern of variation.
While some boars showed increased concentrations of oxytocin at T0 compared to DB, other boars
showed the opposite behavior (decreased concentrations at T0). Therefore, changes in salivary oxytocin
concentrations were evaluated separately in each of the two boar groups. Oxytocin concentrations in
the group that showed an increase at T0 (n = 21) were higher (p < 0.01) at T0 (1767.0 pg/mL; 25–75th
percentile: 737.7–3342.0 pg/mL) than at DB (653.4 pg/mL; 25–75th percentile: 413.3–1322.0 pg/mL)
and T2 (771.2 pg/mL; 25–75th percentile: 336.5–1821.0 pg/mL). Oxytocin concentrations in the other
group, which showed a decrease at T0 (n = 12), were lower (p < 0.05) at T0 (574.8 pg/mL; 25–75th
percentile: 393.2–1069.0 pg/mL) than at DB (1219.0 pg/mL; 25–75th percentile: 550.6–1981.0 pg/mL)
and T2 (1022.0 pg/mL; 25–75th percentile: 477.2–1829.0 pg/mL). These results are shown in Figure 1.
Figure 1. Changes in salivary oxytocin concentrations measured with AlphaLISA monoclonal assay at
different times: the day before ejaculate collection (DB), immediately after starting the ejaculation (T0)
and two hours after ejaculation (T2). Data for all 33 boars (a), data for the 21 boars showing increased
oxytocin concentration at ejaculation time (b) and data for the 12 boars that did not show increased
oxytocin concentrations at ejaculation time (c). The plots show medians (line within box), 25th and
75th percentiles (boxes), min and max values (whiskers) and individual data points. Asterisks indicate
differences between times (**** p ≤ 0.0001; ** p ≤ 0.01; * p ≤ 0.05).
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When pigs were classified by age (boars aged 12 to 24 months, aged 24 to 36 months, and aged
more than 36 months), no significant differences in salivary oxytocin between times were seen within
each group (Figure 2). However, when the pigs were classified according to their libido, boars with
a libido intensity of 3 had higher (p < 0.05) oxytocin concentrations at T0 (1250.0 pg/mL; 25–75th
percentile: 511.9–2599.0 pg/mL) than DB (834.9 pg/mL; 25–75th percentile: 357.8–1565.0 pg/mL) and
did not show significant changes at T2 (749.5 pg/mL; 25–75th percentile: 397.6–1815.0 pg/mL), whereas
boars with libido intensity values of 1 and 2 showed similar salivary oxytocin concentrations across
the three collection times (Figure 3).
The frequency of individuals having increases in oxytocin concentrations at T0 was different
depending on the breed. It was found that around 83.4% of Pietrain boars showed higher oxytocin
concentrations at T0 than at DB (p < 0.01) and T2 (p < 0.05). However, only 46.1% of Duroc boars
showed higher oxytocin concentrations at T0 but without differences between DB and T0. The two
Landrace boars did not show significant changes at the different times.
Figure 2. Changes in salivary oxytocin concentrations measured with AlphaLISA monoclonal assay
at different times: the day before ejaculate collection (DB), immediately after starting the ejaculation
(T0) and two hours after ejaculation (T2). Figure (a) shows the data for boars aged 12–24 months and
(b,c) those for boars aged 24–36 and aged more than 36 months, respectively. The plots show medians
(line within box), 25th and 75th percentiles (boxes), min and max values (whiskers) and individual
data points.
19
Animals 2020, 10, 1268
Figure 3. Changes in salivary oxytocin concentrations measured with AlphaLISA monoclonal assay
at different times: the day before ejaculate collection (DB), immediately after starting the ejaculation
(T0) and two hours after ejaculation (T2). Figure (a) shows the data for boars with libido intensity of
3 and (b,c) those with libido intensity of 2 and 1, respectively. The plots show medians (line within
box), 25th and 75th percentiles (boxes), min and max values (whiskers) and individual data points.
Asterisk indicate differences between times (* p ≤ 0.05).
3.2. Oxytocin Concentration Measured with the Polyclonal Assay
Salivary oxytocin concentrations were significantly higher (p < 0.05) at T0 (25.8 ng/mL; 25–75th
percentile: 7.2–76.7 ng/mL) and T2 (20.3 ng/mL; 25–75th percentile: 11.9–46.5 ng/mL) than at DB time
(13.3 ng/mL; 25–75th percentile: 6.1–24.5 ng/mL). Regarding the different pattern of variation, changes
in oxytocin concentrations were evaluated separately in each of the two boar groups depending on the
increase or decrease at T0. Oxytocin concentrations in the group that showed an increase at T0 (n = 20)
were higher (p < 0.05) at T0 (57.2 ng/mL; 25–75th percentile: 19.9–80.0 ng/mL) and T2 (28.4 ng/mL;
25–75th percentile: 12.4–73.7 ng/mL) than DB (8.7 ng/mL; 25–75th percentile: 5.8–24.8 ng/mL). Oxytocin
concentrations in the group that showed a decrease at T0 (n= 13) were higher (p< 0.05) at DB (13.8 ng/mL;
25–75th percentile: 8.8–23.2 ng/mL) and T2 (15.1 ng/mL; 25–75th percentile: 7.8–24.7 ng/mL) than T0
(6.9 ng/mL; 25–75th percentile: 3.6–11.5 ng/mL). These results are shown in Figure 4.
When pigs were classified by age (boars aged 12 to 24 months, aged 24 to 36 months, and aged
more than 36 months), significant differences between times were seen in boars aged 12 to 24 months
and in boars aged 24 to 36 months (Figure 5). Oxytocin concentrations observed in boars aged 12
to 24 months were higher (p < 0.05) at T0 (67.5 ng/mL; 25–75th percentile: 10.4–108.4 ng/mL) than
at DB (13.3 ng/mL; 25–75th percentile: 5.3–39.3 ng/mL). Oxytocin concentrations in boars aged 24 to
36 months were higher (p < 0.01) at T2 (32.9 ng/mL; 25–75th percentile: 12.7–79.7 ng/mL) than DB
(13.9 ng/mL; 25–75th percentile: 6.1–22.3 ng/mL). Boars aged more than 36 months showed similar
salivary oxytocin concentrations at the three collection times. When the pigs were classified according
to their libido, boars with a libido intensity of 3 showed higher (p < 0.05) oxytocin concentrations
at T0 (25.8 ng/mL; 25–75th percentile: 6.9–77.4 ng/mL) and at T2 (24.5 ng/mL; 25–75th percentile:
11.9–56.9 ng/mL) than DB (9.8 ng/mL; 25–75th percentile: 5.9–24.2 ng/mL). Boars with libido intensity 2
and 1 showed similar salivary oxytocin concentrations at the three collection times (Figure 6).
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Figure 4. Changes in salivary oxytocin concentrations measured with AlphaLISA polyclonal assay at
different times: the day before ejaculate collection (DB), immediately after starting the ejaculation (T0)
and two hours after ejaculation (T2). Data for all 33 boars (a), data for the 20 boars showing increased
oxytocin concentration at ejaculation time (b), and data for the 13 boars that did not show increased
oxytocin concentrations at ejaculation time (c). The plots show medians (line within box), 25th and
75th percentiles (boxes), min and max values (whiskers) and individual data points. Asterisks indicate
differences between times (**** p ≤ 0.0001; * p ≤ 0.05).
Figure 5. Changes in salivary oxytocin concentrations measured with AlphaLISA polyclonal assay at
different times: the day before ejaculate collection (DB), immediately after starting the ejaculation (T0),
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and two hours after ejaculation (T2). Figure (a) shows the data for boars aged 12–24 months and (b) and
(c) those for boars aged 24–36 and aged more than 36 months, respectively. The plots show medians
(line within box), 25th and 75th percentiles (boxes), min and max values (whiskers) and individual data
points. Asterisks indicate differences between times (** p ≤ 0.01; * p ≤ 0.05).
Figure 6. Changes in salivary oxytocin concentrations measured with AlphaLISA polyclonal method
at different times: the day before ejaculate collection (DB), immediately after starting the ejaculation
(T0) and two hours after ejaculation (T2). Figure (a) shows the data for boars with libido intensity of 3
and (b,c) those with libido intensity of 2 and 1, respectively. The plots show medians (line within box),
25th and 75th percentiles (boxes), min and max values (whiskers) and individual data points. Asterisk
indicate differences between times (* p ≤ 0.05).
The frequency of individuals having increased oxytocin concentrations at T0 was different
depending on the breed. We found that 72.2% of Pietrain boars showed higher oxytocin concentrations
at T0 than at DB (p < 0.01). However, 46.1% of Duroc boars showed an increase at T0 but without
differences between DB and T0, although oxytocin concentrations at T2 were higher (p < 0.05) than at
DB. The two Landrace boars did not show significant changes at the different times.
4. Discussion
This manuscript reports, for the first time, changes in oxytocin concentrations in saliva associated
with the ejaculation process in a livestock species. To the best of our knowledge, increases in oxytocin
levels after ejaculation have only been reported in cerebrospinal fluid of rats [27], in blood of rabbits [28]
and blood and saliva of humans [17,18,21]. All these studies reported an increase of oxytocin levels
associated with ejaculation and support our hypothesis that oxytocin would also increase in pig saliva.
Specific studies addressing how oxytocin reaches saliva in pigs have not been reported. However,
mammals share essential oxytocin system characteristics, such as production of oxytocin in the
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hypothalamus and peripheral and central release [29]. Oxytocin is synthesized in the hypothalamic
supraoptic and paraventricular nuclei as a neurohormone and is released through the posterior
pituitary gland into the bloodstream [30]. In humans, oxytocin reaches the salivary glands via blood
circulation through active transport mechanisms [31]. However, the dynamic of oxytocin in both fluids
(blood and saliva) could be different, since saliva concentrations of oxytocin do not reflect peripherally
circulating oxytocin after exogenous administration in humans [32]. Martin et al. [33] found that
oxytocin concentrations in human saliva are more correlated with those in cerebrospinal fluid, and
therefore with central oxytocin, than with those of blood plasma.
In this study, two assays were used for measurement of salivary oxytocin, namely monoclonal and
polyclonal assays. The results evidenced that the polyclonal assay detects changes of higher magnitude
in salivary oxytocin concentrations, especially at 2 h after ejaculate collection. This could be related to
the ability of polyclonal assays to detect different metabolites of the oxytocin molecule together with
oxytocin bound to other proteins [24] that could remain 2 h after ejaculation. Differences between
both assays have also been described in a previous study measuring oxytocin in lactating sows [24].
Together, these results would make polyclonal assays the assay of choice for measuring changes in
salivary oxytocin in breeding boars. Accordingly, the discussion will be focused on the results achieved
using the polyclonal assay.
The increased salivary oxytocin concentration during ejaculation found in our study reflect
its involvement in the ejaculation process [9,34]. Oxytocin contributes to the modulation of sexual
behavior [35] and is also involved in the control of male fertility, promoting the transport of sperm
through the regulation of basal contractility of smooth muscle in the cauda epididymis [34], as well as
stimulation of contraction of the prostate during ejaculation [36]. In addition to its physiological role in
the mechanisms related to ejaculation, the increase in oxytocin during ejaculate collection time could
also be associated with positive emotions experienced by boars during ejaculation. Oxytocin may
represent a link between the social and physical feelings and emotions and sexual behavior [5,37], being
released through sensory stimuli, such as touch, warmth and odor [20,38,39]. In addition, oxytocin has
become a central component of the mechanisms mediating the well-being and anti-stress effects of
positive social interactions in humans [40,41] and animals [6,42].
Interestingly, not all boars showed increased oxytocin concentrations during ejaculation time,
as it increased in only 20 of the 33 breeding boars under study. There are several factors that can
influence the sexual behavior of boars at ejaculation, such as genetic factors [43]. In this study, more
Pietrain than Duroc boars showed increased oxytocin concentrations at T0. The weaker libido of Duroc
boars compared with those of others breeds [44,45], as well as the lower total number of sperm and
percentage of live sperm in the ejaculates compared with those of Pietrain boars [46], could explain the
lower or non-existent increase in salivary oxytocin concentrations at ejaculation time. Furthermore,
the age of boars is another influencing factor, as younger boars showed the highest salivary oxytocin
concentrations during the ejaculate collection, while the older boars did not show changes between
times. We could not find information in the literature to explain differences in salivary oxytocin levels
related to age. However, previous studies in boars found that those aged 18 to 24 months had a higher
percentage of motile sperm than those aged more than 30 months, which also had higher percentages of
sperm abnormalities, such as simple bent tails [47]. In line with this, pregnant women of the first child
showed higher serum oxytocin levels compared to pregnant women who already had children [48].
Libido was another factor influencing the salivary oxytocin levels. Boars with high libido showed
the highest oxytocin concentrations in saliva at ejaculation time, while boars with moderate or low libido
did not show changes in oxytocin concentrations between times. Previous studies in humans found
that blood oxytocin was positively related with intensity of sexual behavior and couple interaction [49].
Therefore, it could be postulated that increased libido in boars could be caused by a higher oxytocin
synthesis. However, it could also be to the contrary, i.e., increased libido induces increased synthesis of
oxytocin. More studies are needed to clarify this issue.
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5. Conclusions
In conclusion, this study demonstrated, for the first time, changes in salivary oxytocin concentration
in breeding boars during ejaculate collection time. However, the magnitude and significance of changes
are different depending on the assay used for its measurement, with the polyclonal assay better suited
for detecting changes in oxytocin concentrations than the monoclonal assay. In addition, increases
in salivary oxytocin concentrations at ejaculation time in younger boars, in boars showing greater
libido intensity, and those of the Pietrain breed, were observed. Overall, this study opens a new line of
research about the possible use of salivary oxytocin concentration as potential biomarker of sexual
behavior of breeding male pigs. In this context, it would also be interesting to evaluate whether the
salivary levels of oxytocin are related to the quantity and quality of semen. This study also suggests
the potential use of salivary levels of oxytocin for evaluating the welfare of boars, and for detecting or
monitoring problems associated with a low reproductive performance.
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Simple Summary: If we want to employ stress physiology in the management and conservation
of wildlife populations, we need robust methods to quantify stress physiology in the field.
Although this is typically done with blood glucocorticoids (GCs), scientists now increasingly
use fecal cortisol/corticosterone metabolites (FCMs), which are metabolized GCs excreted in feces.
However, immunoassays to measure FCMs need to be validated for each species. North American
deermice (Peromyscus maniculatus; hereafter deermice) are commonly used in laboratory and field
studies. Although a corticosterone radioimmunoassay (RIA) has been validated for deermice,
there are no validated enzyme immunoassays (EIAs), which do not require radioactive materials.
Through laboratory and field experiments, we validated two EIAs for measuring FCMs in deermice.
Researchers can now use these EIAs to evaluate stress physiology in deermice without the need for
radioactive materials.
Abstract: Stress physiology is commonly employed in studies of wildlife ecology and conservation.
Accordingly, we need robust and suitable methods to measure stress physiology in the field. Fecal
cortisol/corticosterone metabolites (FCMs) are now increasingly being used to non-invasively evaluate
adrenocortical activity; a measure of stress physiology. However, immunoassays that measure
FCMs must be appropriately validated prior to their use and factors that can influence FCMs, such
as trap-induced stress, must be considered. Deermice (Peromyscus maniculatus) are widely used
in scientific studies so that developing methods that appropriately measure their adrenocortical
activity is critical. In the laboratory, we tested the suitability of two enzyme immunoassays (EIAs; a
corticosterone EIA, and a group-specific 5α-pregnane-3β,11β,21-triol-20-one EIA) in deermice by
challenging individuals with dexamethasone and adrenocorticotropic hormone (ACTH). We found
that dexamethasone suppressed FCM levels within ~10 h post injection whereas ACTH increased
FCM levels within ~2 h post injection. In the field, we found that FCM levels generally increased
with more time in trap confinement when using both EIAs. Although we acknowledge low sample
sizes (N = 4), our results validated the two EIAs for use with FCMs from deermice.
Keywords: captivity-induced stress; enzyme immunoassay; fecal glucocorticoid metabolites;
physiological stress in rodents
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1. Introduction
In recent decades, researchers have started to employ stress physiology more often as a tool to
evaluate how natural and anthropogenic stressors can affect survival and reproductive success of
wildlife populations. Given the widespread use of stress physiology in managing and conserving
wildlife, identifying suitable and robust methods for evaluating stress physiology in every species is of
paramount importance. This is critical because anthropogenic stressors can induce chronic stress in
wildlife, which can lead to pathological perturbations [1,2].
Adrenocortical activity, a measure of stress physiology, is typically evaluated via blood
glucocorticoids (GCs) and more recently via fecal cortisol/corticosterone metabolites (FCMs), which are
metabolized GCs excreted in feces [2–4]. Evaluation of stress physiology via FCMs is non-invasive and
avoids the acute stress effects of capture, handling, and venipuncture [1]. Although researchers are
increasingly using FCMs, there are concerns about the methodology used to measure them, such as lack
of validation [4]. Immunoassays are validated when they can detect expected changes in FCM levels [4].
Without validation, inference becomes less robust. Thus, immunoassays need to undergo analytical,
physiological, and biological validations before they are used to measure FCMs in field settings [4].
Analytical validation may include intra- and inter-assay coefficients of variation and parallelism
tests [4]. Validations also must be performed in every species because suitable immunoassays for
measuring FCMs can vary even between closely related species [4–6].
North American deermice (Peromyscus maniculatus, hereafter deermice) are widely used in
biomedical (e.g., [7]), physiological (e.g., [8]), and ecological (e.g., [9]) research. Hence, it may
not be surprising that FCM evaluation in deermice has already been investigated by others where
a corticosterone radioimmunoassay (RIA; [10,11]) and two corticosterone enzyme immunoassays
(EIAs; [12,13]) have been used. Although the RIA was validated before use, the EIAs were not,
which makes their use questionable [4]. In addition, all assays used antibodies that bind to corticosterone,
which is the predominant GC in Peromyscus (e.g., [14]). However, intact corticosterone is essentially
absent from feces so their use may be suboptimal [4]. For example, an EIA that used an antibody,
which detects FCMs with a 5α-3β,11β-diol structure, demonstrated improved FCM detection in
house mice (Mus musculus) compared with corticosterone EIAs [15]. Nevertheless, corticosterone
immunoassays may still detect FCMs, albeit to a lesser degree, because of cross-reactivity between the
corticosterone antibody and FCMs [4]. Commercial corticosterone immunoassays are also relatively
easy to acquire and use, although expensive [4]. However, commercial RIAs, unlike EIAs, may be
less appealing because they use radioactive materials and require a licensed laboratory for their
use [4,16]. To the best of our knowledge, there have been no studies that compared or validated EIAs
for measuring FCMs in deermice.
We can physiologically validate immunoassays by using adrenocorticotropic hormone (ACTH) and
dexamethasone (a synthetic steroid), which increase and decrease endogenous GC production, respectively [4].
However, to biologically validate immunoassays, we need to use stressors that are biologically relevant
to the species of interest. Although immunoassays can be validated biologically if they can track diurnal
rhythm changes in FCMs, this should be done in addition to other biological validations [4], such as live
trapping, which can increase FCMs (e.g., [17,18]). Knowing when these trap-induced rises in FCMs manifest
in feces is also of practical use because they can artificially increase FCMs and lead to erroneous results
about baseline adrenocortical activity [19]. This time delay between blood GCs and the appearance of
metabolites in feces is species-specific [20]. Specifically, in deermice, [21] found a delay of 4 h before there
were trap-induced effects on FCMs, but as they pointed out, the effects could have appeared sooner because
they did not sample during a shorter interval (<4 h).
In this study, we had three objectives. Firstly, in the laboratory, we wanted to validate two different
EIAs in measuring FCMs using physiological challenges (i.e., dexamethasone and ACTH injections).
The immunoassays were a corticosterone EIA [12] and a 5α-pregnane-3β,11β,21-triol-20-one EIA
(hereafter referred to as the group-specific EIA, [15]). Secondly, again in the laboratory, we wanted
to use the diurnal rhythm in GC secretion to biologically validate both EIAs. Thirdly, in the field,
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we wanted to investigate temporal effects of trap confinement on FCMs using both EIAs to provide
additional biological validation.
2. Materials and Methods
2.1. Acquisition and Husbandry of Laboratory Deermice
We acquired 4 adult deermice (2 females: 2 males) from McMaster University, Ontario, Canada,
and transported them to the animal holding facility at the University of Toronto—Scarborough, ON,
Canada, in April 2016. These deermice were F1 generation offspring from wild deermice that were
originally captured from Nebraska, USA [8]. All were ear-tagged, weighed, and sexed. All deermice
were non-reproductive (males were non-scrotal, and females had non-perforate vaginas). They were
individually housed in polypropylene cages (47 cm × 26 cm × 20 cm) that were equipped with a
wire bottom and a glass water bottle with a stainless-steel nipple. All cages were mounted within a
second same-sized cage that was equipped with a fine metal mesh. The wire bottom allowed feces and
urine to fall through the bottom of the first cage. Though urine continued to pass through the fine
mesh, the feces did not. This arrangement minimized urine contamination of feces and disturbance
to the animals [22]. Male and female deermice were kept separate on two different but opposite
racks within the same animal facility to limit exposure to odor from the opposite sex. We provided
them with ad libitum water, rodent chow (LabDiet, St. Louis, MO, USA) and ample cotton bedding as
nesting material. Deermice were housed under a 12:12 h dark-light cycle (lights on at 08:00 h) at room
temperature (20 ± 5 ◦C). Ventilation fans were positioned in the wall at either end of the holding facility
and operated in a push-pull method (the fan at one end pulled air out of the facility and the other
pushed outside air into the facility). This method changed the air in the room 13 times/h. The direction
of air flow was parallel to cage racks, which prevented cross contamination between cages that held
males and females [23].
2.2. Fecal Sample Collection
We collected fecal samples by following Table 1 and discarded feces contaminated with urine.
Forceps were disinfected between individuals during sample collection. If fecal pellets were in excess
for an individual, we subsampled to get a representative pooled sample from all areas where the
individual had defecated. We then stored samples at −20 ◦C until analyses. During the acclimation
period, fecal samples were collected every 2 h (during the dark and light cycles) whereas during the
challenge experiments, samples were generally collected every 2 h during the dark cycle and every 4 h
during the light cycle (Table 1). This sampling change occurred due to personnel constraints.
Table 1. Timeline of treatments and samples used in statistical analyses for evaluation of fecal
corticosterone metabolites in deermice.
Date Treatment 1 Immunoassay
Sample Collection 2 Schedule
(h Post Treatment)
May 2–3 Acclimation
Corticosterone EIA 70, 72, 74, 76, 80, 82
Group-specific EIA 70, 72, 74, 76, 78, 80, 82
May 3–4 Adrenal suppression Corticosterone EIA 2, 4, 6, 10, 12
Group-specific EIA 2, 4, 6, 10, 12
May 5–6 Adrenal stimulation
Corticosterone EIA 2, 4, 6, 10, 12
Group-specific EIA 2, 4, 6, 10, 12
1 Injections administered at ~20:00 h, 2 Acclimation lasted for ~92 h whereas adrenal treatments lasted for ~48 h (see
text for details).
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2.3. Acclimation Period
Fecal samples were collected for ~92 h after the animals were transferred to our facility (Table 1).
We assumed that samples collected on the last day of acclimation reflected baseline FCMs given that
previous work with wild meadow voles (Microtus pennsylvanicus) found that FCMs were the lowest by
the end of the third day of captivity [24].
2.4. Dexamethasone Suppression Challenge
To test whether EIAs could detect an expected decrease in FCM levels, we injected all deermice
with 2.5 mg/kg dexamethasone sodium phosphate (Vétoquinol, Québec, Canada) diluted in sterile
0.9% saline intraperitoneally at ~20:00 h. In this way, each individual was used as its own control.
Because dexamethasone doses have not been reported for deermice, we formulated this dose based
on studies with other small rodents (e.g., [25–27]). We started to collect samples at 22:00 h for ~48 h
although we were unable to analyze samples 12 h post injection (Table 1). No samples were collected
at the time of injection.
2.5. ACTH Stimulation Challenge
To test whether EIAs could detect an expected increase in FCM levels, we injected all deermice
with 250 μg/ kg ACTH (Cortrosyn, Amphastar Pharmaceuticals, Inc., Rancho Cucamonga, CA, USA)
mixed in 0.9% sterile saline solution intraperitoneally at ~20:00 h. Again, each individual was used as
its own control and because ACTH doses have not been reported for deermice, we formulated this
dose based on above cited studies. As above, we started to collect samples at 22:00 h for ~48 h although
we were unable to analyze samples 12 h post injection (Table 1). No samples were collected at the time
of injection.
2.6. Field Validation
We carried out two field studies to assess the temporal effect of trap confinement on FCM levels.
In both studies, deermice were captured in individual non-folding Sherman traps (H.B. Sherman
Traps, Tallahassee, FL, USA) baited with oats and peanut butter, and provided with cotton bedding.
In field study 1 (for group-specific EIA), apple slices were also provided. For field study 1, we trapped
20 adult deermice (7 males, 13 females) near Drummond, MT, USA, in June 2017. Only three were
non-reproductive. Once trapped, we confined deermice in a trap for either 0–2, 4–6 or 8–10 h prior
to processing. To do this, we set traps around dusk and checked them after 2 h. Trapped deermice
were either processed for the 0–2 h treatment or left in the trap to be processed for the 4–6 h and 8–10
h treatments, where they spent an additional 4 h and 8 h in the trap, respectively. Deermice were
removed from traps by “emptying” contents into a plastic bag. We then sexed, weighed, ear-tagged,
and evaluated them for reproductive status. Age was determined based on mass (<14 g = juvenile,
14–17 g = subadult, >17 g = adult, [28]). Reproductive status was determined by the presence of scrotal
testes in males, and presence of a perforate vagina, lactation, or pregnancy in females.
In field study 2 (for corticosterone EIA), seven adult deermice (4 males, 3 females) were trapped
near Charlo, MT, USA, in August 2017. Only two were non-reproductive. We checked traps after ~4
h of setup when we ear-tagged and collected feces from deermice. Afterwards, all deermice were
returned to their respective clean traps where they spent the night until dawn (an additional ~7 h). At
that time, they were sexed, weighed, evaluated for reproductive status, and sampled a second time for
feces. Age and reproductive status were determined as above.
In both field studies, we collected feces from restrained animals and/or their trap and released
individuals on site after processing. Feces contaminated with urine were not collected. We followed
field protocols to avoid accidental hantavirus infection [29]. All fecal samples were stored at−80 ◦C until
analysis. All procedures involving animal use were approved by the University of Toronto (protocol
# 20011602) and/or by the University of Montana Institutional Animal Care and Use Committees
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(protocol #s 024-16ALDECS-042616, 027-16ALDECS-051016, 028-16ALDECS-051016). Field work was
approved by Montana Fish, Wildlife and Parks (permit #2017-029-W).
2.7. Processing of Feces and Extraction of FCMs
Laboratory and field study 1 fecal pellets were first oven-dried for 1 h at ~60 ◦C to heat-inactivate
hantavirus (if present) and then lyophilized (Labconco Corp., Kansas City, MO, USA) for at least 15.5 h
at Pennsylvania State University, State College, Pennsylvania, USA. Laboratory study fecal samples
were not pulverized; they remained in pelleted form. However, in field study 1 we did pulverize,
using a mortar and pestle, because there were fewer total samples (20 samples). To extract FCMs,
we weighed 0.05 g (±0.005 g) of dried pellets/powder. Then, we added 1 mL of 80% methanol to
each sample suspension, vortexed at 1500 RPM for 30 min, and centrifuged at 2500× g at 22 ◦C for 20
min [4,15]. Supernatants were decanted and frozen at −20 ◦C. The extraction of field study 2 samples
was slightly different and performed at the University of Montana, Missoula, MT, USA. Fecal pellets
(14 samples total) were heat-inactivated and oven-dried for 2 h at ~63 ◦C to ensure elimination of water,
because a lyophilizer was unavailable. We pulverized dried pellets and weighed out 0.04 g (±0.005 g)
of powder. The lower threshold weight was chosen because sample weights were generally lower in
this field study. The rest of the extraction procedure remained unchanged.
2.8. Immunoassay Methods
For the analysis of FCMs two different EIAs were used. The immunoassays were a corticosterone
EIA (commercial kit #K014-H1 or H5, provided by Arbor Assays, Ann Arbor, MI, USA) [12] and a
5α-pregnane-3β,11β,21-triol-20-one EIA (group-specific EIA, measuring FCMs with a 5α-3β,11β-diol
configuration [15]). Details of the EIAs including cross-reactions are given by Arbor Assays and
Touma et al. [15], respectively. All fecal extracts were diluted with EIA buffer prior to being analyzed.
The dilution factor was determined by running pooled sample extract at different dilutions against the
standard curve, to identify the one that resulted in ~50% binding for the corticosterone EIA (Figure 1A)
and the group-specific EIA (Figure 1B). Through parallelism tests, we showed that serial dilutions of
pooled extract tracked the EIA’s standard curve (Figure 1). These findings demonstrated that methanol
residue in sample extracts did not interfere with assay performance. Consequently, sample extracts
were diluted 1:10 for the corticosterone EIA, and 1:200 for the group-specific EIA. However, extracts
from field study 2 analyzed with the corticosterone EIA had to be diluted 1:80 instead of 1:10 (change
discussed later).
We followed manufacturer’s instructions for the corticosterone EIA. However, when we analyzed
fecal samples with this EIA for field study 2, we also used a wavelength of 650 nm (reference wavelength)
in addition to 450 nm. We followed the protocol described by Touma et al. [15] for the group-specific
EIA. All samples were assayed in duplicate. Intra-assay coefficients of variation (CVs) were calculated
by averaging all sample CVs and inter-assay CVs were calculated by averaging CVs of low and high
concentration controls for all plates (except for field study 2, we could only calculate average of low
concentration controls). Intra-assay and inter-assay CVs for the corticosterone EIA were (n = 9) 5.7%
and 12.7% (field study 2: 12.8%) and for the group-specific EIA (n = 6) 8.6% and 8.6%, respectively.
31
Animals 2020, 10, 1120
 
Figure 1. Parallelism curves for pooled fecal extract from deermice measured with (A) corticosterone
enzyme immunoassay (EIA) and (B) group-specific EIA. Standard curves for each EIA are shown in
black with each concentration as an open diamond. Parallelism is shown in red with serial dilutions of
pooled fecal extract as open red circles.
2.9. Statistical Analyses
All data analyses were done in R [30] within RStudio [31]. We used linear mixed effect models
(LMMs) from R packages “lme4” [32] and “lmerTest” [33] to test for diurnal patterns and how each
treatment (dexamethasone suppression and ACTH stimulation) affected FCM levels of laboratory-bred
deermice compared to baseline. We considered FCMs collected on the last day of acclimation as
baseline FCMs. Because deermice were sampled repeatedly, individual identification was included as a
random effect, where the model structure was sex + treatment × sampling time, except for when testing
for diurnal patterns, which was sex + sampling time. p-values were calculated using Satterthwaite’s
method [33]. We used the R package “emmeans” [34] to perform post hoc pairwise comparisons where
p-values were adjusted accordingly.
For field study 1, we used a one-way ANOVA with post hoc Tukey’s Honest Significant Differences
to compare FCM levels across trap confinement treatments (i.e., 0–2, 4–6 and 8–10 h), sex and
reproductive status, where the model structure was treatment + sex + reproductive status. For field
study 2, we used a LMM to examine the difference between FCMs across two sampling times (i.e.,
0–4 h vs. overnight), sex, and reproductive status, where the model structure was treatment + sex
+ reproductive status. Because each deermouse was sampled twice, individual identification was
included as a random effect.
FCM data were ln-transformed prior to all analyses to meet the assumptions of normality and
homoscedasticity. Below, we present ln-transformed means with standard errors (ln ng/g of dry feces)
where we considered results statistically significant at α = 0.05. However, in the figures we present
non-transformed data to ease comparisons with other studies.
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3. Results
3.1. Acclimation
We did not find changes across sex (p = 0.16) or time (p = 0.10) with the corticosterone EIA
(Figure 2A). Similarly, there were no changes across sex (p = 0.60) or time (p = 0.22) with the
group-specific EIA (Figure 2B). However, it is noteworthy that the variability in FCMs appeared smaller
towards the end of the dark cycle compared to the beginning. FCMs collected during the third day of
acclimation were considered as baseline when we evaluated the effects of treatments (dexamethasone
and ACTH).
Figure 2. Changes in corticosterone baseline fecal cortisol/corticosterone metabolites (FCMs) from
laboratory-bred deermice across the dark cycle measured with (A) corticosterone enzyme immunoassay
(EIA) and (B) group-specific EIA. Lines connect means from each sampling time and circles indicate
data points whereby an individual is denoted with a different color. Males are shown in blue and green
colors, whereas females are shown in red and tan.
3.2. Dexamethasone Suppression Test
We found a sampling time by treatment effect for the corticosterone EIA (F4, 18.31 = 3.73, p = 0.02;
Figure 3A). Deermice had lower FCM levels (n = 4, 6.23 ± 0.26 ln ng/g) ~10 h post injection than
baseline (06:00 h, n = 3, 7.54 ± 0.30 ln ng/g, post hoc, t18.32 = −3.37, p = 0.003). We also found a sampling
time by treatment effect for the group-specific EIA (F4, 21 = 3.39, p = 0.03; Figure 3B). Deermice had
lower FCMs (n = 4, 7.03 ± 0.15 ln ng/g) than baseline ~10 h post injection (06:00 h, n = 3, 7.60 ± 0.17 ln
ng/g, post hoc, t19.46 = −2.47, p = 0.02). Interestingly, deermice showed a marginal increase in FCMs (n
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= 4, 8.16 ± 0.15 ln ng/g) ~4 h post injection compared to baseline (n = 2, 7.63 ± 0.22 ln ng/g, t20.42 = 1.96,
p = 0.06). We note that baseline FCM levels at 06:00 h represent a 2 h interval (04:00–06:00 h) whereas
treatment FCM levels at the same time represent a 4 h interval (02:00–06:00 h; Table 1).
Figure 3. Corticosterone baseline fecal cortisol/corticosterone metabolites (FCMs) (solid lines and
circles) versus post dexamethasone FCMs (dashed lines and triangles) in laboratory-bred deermice
measured with (A) corticosterone enzyme immunoassay (EIA) and (B) group-specific EIA. Lines
connect means from each sampling time. Circles and triangles indicate individual data points whereby
an individual is denoted with a different color. Males are shown in blue and green colors, whereas
females are shown in red and tan. Dexamethasone was administered at ~20:00 h (not shown). Asterisk
(*) denotes significant differences at α = 0.05.
3.3. ACTH Stimulation Test
We found an effect of treatment for the corticosterone EIA (F1, 19.22 = 11.94, p = 0.003; Figure 4A)
where deermice had consistently higher FCM levels (7.77 ± 0.19 ln ng/g) post injection than baseline
(7.27 ± 0.20 ln ng/g, post hoc, t19.17 = 3.44, p = 0.003). We also found an effect of sampling time (F4, 19.19
= 5.42, p = 0.004) where deermice had higher FCM levels at 22:00 h (7.84 ± 0.23 ln ng/g; t19.07 = 4.06,
p = 0.005), 00:00 h (7.74 ± 0.24 ln ng/g; t19.17 = 3.45, p = 0.02), and 06:00 h (7.62 ± 0.22 ln ng/g; t19.05
= 3.14, p = 0.04) compared to 08:00 h (6.99 ± 0.22 ln ng/g) regardless of treatment. Similarly, using
the group-specific EIA, we found an effect of treatment (F1, 20.25 = 14.16, p = 0.001; Figure 4B) where
deermice had higher (7.99 ± 0.12 ln ng/g) FCM levels consistently post injection than baseline (7.58 ±
0.12 ln ng/g, t20.16 = 3.75, p = 0.001; Figure 4B). Again, we also found an effect of sampling time (F4, 20.28
= 3.42, p = 0.03) where deermice had higher FCM levels at 22:00 h (8.02 ± 0.15 ln ng/g) compared to
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08:00 h (7.48 ± 0.14 ln ng/g, t20.06 = 3.50, p = 0.02) regardless of treatment. We note that baseline FCM
levels at 06:00 h represent a 2 h interval (04:00–06:00 h) whereas treatment FCM levels at the same time
represent a 4 h interval (02:00–06:00 h; Table 1).
Figure 4. Corticosterone baseline fecal cortisol/corticosterone metabolites (FCMs) (solid lines and circles)
versus post adrenocorticotropic hormone (ACTH) FCMs (dashed lines and triangles) in laboratory-bred
deermice measured with (A) corticosterone enzyme immunoassay (EIA) and (B) group-specific EIA.
Lines connect means from each sampling time. Circles and triangles indicate individual data points
whereby an individual is denoted with a different color. Males are shown in blue and green colors,
whereas females are shown in red and tan. ACTH was administered at ~20:00 h (not shown).
3.4. Field Validation
For field study 1 (group-specific EIA), we found that there was a marginal effect of confinement
time on FCM levels (F2,15 = 3.38, p = 0.06), which we still elected to explore because of likely biological
relevance. We found no effect of sex (p = 0.56) or reproductive status (p = 0.39). Deermice confined for
4–6 h had marginally higher FCM levels (n = 6, 4 females and 2 males, 8.33 ± 0.08 ln ng/g) compared to
those confined for 0–2 h (n = 7, 4 females and 3 males, 7.90 ± 0.11 ln ng/g, p = 0.07). However, deermice
confined for 0–2 h had no differences in their FCM levels compared to those of deermice confined for
8–10 h (n = 7, 5 females and 2 males, p = 0.16) or 4–6 h versus 8–10 h (p = 0.85; Figure 5). For field study
2 (corticosterone EIA), we found a significant effect of confinement time on FCM levels (F1, 10 = 23.21, p
= 0.001). Deermice had lower FCMs (9.12 ± 0.32 ln ng/g) when confined for 0–4 h compared to after
short-term restraint and overnight confinement (n = 7, 11.10 ± 0.32 ln ng/g, t6 = 4.82, p = 0.003; Table 2).
Sex (p = 0.60) and reproductive status (p = 0.75) were not significant.
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Figure 5. Fecal cortisol/corticosterone metabolites (FCMs) across different trap confinement times
in free-ranging deermice. FCMs were measured with the group-specific EIA. Boxplots display the
median (line), 25–75% interquartile range (boxes) and the full range (whiskers). In the 0–2 h group,
there is a large outlier. Circles indicate individual data points whereby blue denotes males and red
denotes females.
Table 2. Summary of demographic factors and fecal cortisol/corticosterone metabolite (FCM) values
from free-ranging deermice captured in MT, USA in August 2017 for field study 2.
Sex Reproductive 1 FCMs at 0–4 h (ng/g) FCMs Overnight (ng/g) FCM Difference 2
Male No 21,034 49,709 28,676
Male No 5407 76,071 70,663
Male Yes 11,224 185,928 174,704
Male Yes 4649 91,514 86,865
Female Yes 37,172 37,776 604
Female Yes 3611 41,678 38,067
Female Yes 9704 82,299 72,595
1 Reproductive status was determined via scrotal testes in males and presence of a perforate vagina, lactation, or
pregnancy in females, 2 FCM difference was calculated by subtracting FCMs at 0–4 h from FCMs overnight.
4. Discussion
We provided evidence that validates the use of both the corticosterone and the group-specific
EIAs with FCMs in deermice. In the laboratory studies, both EIAs showed a similar decrease and
increase in FCMs post dexamethasone and ACTH injections, respectively. Despite the group-specific
EIA’s ability to detect particular corticosterone metabolites in feces, FCM values were comparable
to the ones we detected with the corticosterone EIA. Field study 1 (group-specific EIA) showed that
deermice had marginally higher FCM levels when confined for 4–6 h versus 0–2 h. Field study
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2 (corticosterone EIA) more strongly echoed these results where deermice had higher FCMs after
short-term restraint and confinement more than 0–4 h. Although we did not verify whether the
stressors we used increased blood corticosterone, we do not think this affects our conclusions because
of two main reasons. Firstly, the stressors we used have been known to influence blood GCs in other
species (e.g., [18,35]), and secondly, many other validation studies for FCMs were successful without
performing this type of verification (e.g., [15,36–38]). Although comparing between studies with
different extraction and assay protocols is difficult, both EIAs we used consistently detected higher
values compared to the corticosterone RIA used in previous deermouse studies (e.g., [10,11]).
4.1. Diurnal Rhythm and Sex Effects
We detected no effects of diurnal rhythm or sex on FCMs with either EIA when using only data
from the third day in captivity. However, the variability in FCM data was smaller towards the end of
the dark cycle compared to the beginning, suggesting that if we had FCM data from each deermouse
for each time point, a significant change over time may have manifested. Regardless, we did find
higher FCMs at 22:00 h compared to 08:00 h when using pooled data from the ACTH challenge for both
EIAs. In fact, FCMs were also higher at 00:00 h and 06:00 h compared to 08:00 h for the corticosterone
EIA. This finding from pooled data is most likely because, although treatment FCMs were relatively
higher than baseline, they still showed a declining trend, similar to baseline FCMs, across the dark
cycle. Previous studies with small mammals found either a presence or absence of a diurnal rhythm in
FCMs (e.g., [24,25]). However, when a diurnal rhythm is found, FCM levels will typically rise before
the period of highest activity and start to decrease closer to the period of inactivity, which is similar to
what we found [25,39]. This reflects the dynamics of blood GCs before they appear in feces, which is
governed by a species-specific time delay [4]. This delay can range from 4 h in small mammals (e.g.,
house mice, [15]) to ~24 h in larger mammals [20]. Similarly, [40] found no effect of sex on FCM levels
in deermice, although [25] detected sex differences in house mice where females had higher FCM
levels. Due to low sample size of females and males, there may have been an effect of sex on FCMs,
which we were unable to detect.
4.2. Suppression of Adrenocortical Activity
We found that FCM levels decreased significantly ~10 h post dexamethasone injection with both
EIAs. FCMs decreased on average by ~73% and ~43% for the corticosterone and group-specific EIAs,
respectively. This however, could have happened sooner (i.e., ~8 h post injection) since we lacked
FCM data at 04:00 h. Nevertheless, other rodent studies found FCM levels decreased 8-10 h post
dexamethasone in house mice [25] and 10–12 h in Norway rats (Rattus norvegicus) [41], although
injections were given during the light cycle. However, the percentage decreases we observed were
lower than in Norway rats (~86%; [41]) but higher than in Columbian ground squirrels (Urocitellus
columbianus) (~33%; [36]), both of which used the same group-specific EIA. This could suggest that
a higher dexamethasone dose could be used to more strongly suppress FCMs in deermice. It is
noteworthy that the group-specific EIA did detect a marginal increase in FCM levels ~4 h post
dexamethasone injection (~69% average increase), most likely due to restraint/injection stress. Even if
a higher dose may have resulted in a larger effect size, both EIAs tracked the expected suppression in
FCMs post dexamethasone.
4.3. Stimulation of Adrenocortical Activity
FCM levels increased ~2 h post ACTH injection and remained elevated when using both EIAs.
In particular, FCMs on average increased by ~65% and ~50% with the corticosterone and group-specific
EIAs, respectively. Given that other rodent studies found longer time delays than 2 h post ACTH
injection, such as 5–7 h in Egyptian spiny mice (Acomys cahirinus) [42] and 6–8 h in bank voles (Myodes
glareolus) [43], this finding was unexpected. However, in these studies the ACTH injections were given
during the light cycle in rodents that are mostly nocturnal, which could have affected time delays [15].
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Regardless, [44] did find that brown lemmings (Lemmus trimucronatus) reached their half maxima FCM
values within 2 h of capture, anesthesia, and transportation in the field. Similarly, [26] found that
fecal radioactivity appeared as early as 2 h in a radiometabolism study of California mice (Peromyscus
californicus). Nonetheless, in our study, it is still possible that capture and restraint for injection
significantly decreased gut passage time [4]. The percentage increases we found are much lower than
previous mammal studies. For example, [36] found ~255% increase post ACTH in Columbian ground
squirrels using the group-specific EIA. However, [24] found ~56% increase in meadow voles using the
group-specific EIA. Therefore, the ACTH dose we used may not have been high enough to reach a
stronger effect. Regardless, the modest yet significant increase in FCM levels post ACTH injection
provides validation evidence for both EIAs.
4.4. Trap-Induced Effects on FCMs
Trap confinement for 4–6 h marginally increased FCM levels in free-ranging deermice, compared
to confinement for 0–2 h but not compared to 8–10 h (field study 1). Similarly, deermice confined for
0–4 h had lower FCM levels compared to additional confinement of ~7 h and after short-term restraint
(field study 2). Although we cannot easily tease apart effects from restraint and trap confinement time
in field study 2, the findings still provide biological validation. Because FCM levels tend to decrease
shortly into the active phase [25,39], the elevations we observed after 4 h would most likely have been
due to trap-induced stress. The lack of difference between 0–2 h and 8–10 h could stem from how
the stressor of trap confinement remained consistent over time so that FCMs eventually returned to
baseline. Alternatively, it could be that the natural decline of FCMs overnight conflicted with the
increase in FCMs from trap-induced stress, thereby leading to a lower average FCMs and a larger
variability in the data for the 8–10 h group (Figure 5). Similarly, [21] found no differences in FCM levels
between deermice in traps for 4–8 h versus overnight, although FCM levels did continue to increase
with more trap confinement in another deermouse population. Based on field study 1 findings, the lag
time between corticosterone in the blood to excretion in the feces may be ~4 h during the period of
highest activity (i.e., dark cycle). This is similar to what has been reported in another deermouse
study that used a corticosterone RIA [21]. Although sex and reproductive status can influence stress
physiology [4], we did not find any effects on FCMs from sex or reproductive status. However, this may
have been due to low sample sizes, and not a limitation of the EIAs. Nevertheless, our findings suggest
that trap-induced stress may affect FCM levels even within 4 h of confinement so that earlier fecal
collection may better capture baseline adrenocortical activity and unmask individual heterogeneity.
4.5. Drying Effects on FCMs
Although samples oven-dried for 1 h and then lyophilized were diluted 1:10 for the corticosterone
EIA, samples oven-dried for 2 h with no lyophilization had to be diluted 1:80 instead. This increase
in the dilution factor could be the result of additional drying time where further alteration of FCMs
can affect actual FCM levels and influence antibody binding. Similar heat effects on FCM levels
were reported by [45] where autoclaving ungulate feces artificially increased FCM levels. However,
an alternative reason could be the origin of the samples because those that were diluted more came
from free-ranging deermice whereas those that were diluted less came from laboratory deermice on
rodent chow diet. Because diet can affect FCM levels, the diet of free-ranging deermice may have
led to artificially higher FCM levels [46]. However, because the group-specific EIA did not detect
differences between laboratory and wild deermice (i.e., same dilution factor), it is most likely that
an additional hour of oven-drying induced structural changes to FCMs that were detected by the
corticosterone EIA antibody, thereby increasing FCM levels (e.g., [47]). Therefore, the drying protocol
needs to remain consistent throughout a study, (e.g., for multiple samples from one individual) if valid
FCM comparisons are to be made.
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5. Conclusions
We analytically, physiologically, and biologically validated two EIAs for measuring FCMs in
deermice. Although we used identical sample processing and extraction methods for laboratory
samples, this was not the case with field samples so direct comparisons should be made with caution.
Nevertheless, both field studies demonstrated similar temporal patterns, so they provided biological
validation for the two EIAs. Although we acknowledge low sample sizes, our study is the first to
provide validation evidence for EIAs that can quantify FCMs in deermice.
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Simple Summary: Roe deer are among the most frequent wild animals admitted to rescue centers
in Italy. Reasons for admission include trauma, predation, starvation, and imprinting, with the
final aim of hospitalization being full recovery and release into the wild for all cases. An accurate
triage procedure is vital for predicting the outcome, to avoid unnecessary time spent in captivity,
and an excessive allocation of time and resources on animals with a minimal chance of recovery.
Since lactacidosis is often associated with death in hospitalized animals, and has been associated
with poor prognosis in humans and domestic animals, we proposed an evaluation of blood L-lactate
using a rapid whole blood test in order to predict the outcome of hospitalized roe deer. A cut-off of
10.2 mmol/L was identified as the best, in order distinguish animals with minimal chance of surviving
and release. For these animals, humane euthanasia should be considered as an option.
Abstract: Roe deer (Capreolus capreolus) are among the most frequent patients of rescue centers in
Italy. Three outcomes are possible: natural death, euthanasia, or treatment and release. The aim
of the present study is to propose blood L-lactate concentration as a possible prognostic biomarker
that may assist veterinarians in the decision-making process. Sixty-three roe deer, admitted to one
rescue center in the period between July 2018 and July 2019, were sampled and divided into 4 groups
according to their outcome: (1) spontaneous death (17 cases), (2) humanely euthanized (13 cases),
(3) fully recovered and released (13 cases), and (4) euthanized being unsuitable for release (20 cases).
In addition, blood samples from 14 hunted roe deer were analyzed as controls. Whole blood lactate
concentrations were measured with a point of care lactate meter. Differences among groups were
close to statistical significance (p = 0.51). A cut-off value of 10.2 mmol/L was identified: all the
animals with higher values died or were humanely euthanized. The results suggest that roe deer with
lactatemia higher than 10.2 mmol/L at admission, have a reduced prognosis for survival during the
rehabilitation period, regardless of the reason for hospitalization and the injuries reported. Therefore,
humane euthanasia should be considered for these animals.
Keywords: roe deer; blood parameters; prognostic factors; blood lactate concentration; biomarkers
1. Introduction
The roe deer (Capreolus capreolus) is an artiodactyl mammal belonging to the Odocoileinae
subfamily—the only Euro-Asian member—and is the smallest European cervid. Roe deer are
widely distributed in Europe, with the exception of northern Scandinavia and some of the islands,
notably Iceland, Ireland, and the Mediterranean Sea islands. In Italy, an estimated population of more
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than 426,000 roe deer has been reported [1]. Roes are among the most common cervid species in
Italy [2], thus they are often recovered by wildlife rescue centers. The reasons for their hospitalization
are quite variable and principally include traumas (car accident or lawnmower trauma), predation,
starvation, and imprinted animals, classed as being dangerous to humans or fenced into urban areas.
There are three possible outcomes for hospitalized animals in a wildlife rescue center: (1) natural death,
(2) euthanasia, and (3) treatment, rehabilitation, and release into the wild. An accurate and rapid triage
is crucial for the veterinary staff of the centers in order to avoid prolonged treatment of animals with
minimal chances of release.
Biomarkers are specific tests used to monitor normal or disease processes [3]. Such laboratory tests
may help veterinary clinicians with challenging decisions regarding initial triage and management in
an objective fashion. One medical complication in rescued wild animals is metabolic acidosis due to
lactacidemia related to trauma, shock, capture stress, and myopathy [4]. Thus, we hypothesize that the
concentration of L-lactate in blood, from roe deer admitted to a wildlife rescue center, may be used
to predict outcome, irrespective of the cause of injury. The aim of the present study was to test our
hypothesis and select a suitable cutoff value for L-lactate concentration in the blood of injured roe deer,
to identify animals that will not survive rehabilitation and release.
2. Materials and Methods
For the purposes of the present research, blood samples from roe deer of different sexes and ages
referred to the Piacenza Wildlife Rescue Center, from July 2018 to July 2019, were collected. The reasons
for admission varied.
All animals were sampled for diagnostic purposes in order to better frame the clinical case (except
for blood samples from the control group that were taken from hunted dead animals immediately after
shooting). According to the guidelines of the authors’ institution, formal approval from the Ethical
Committee was not required (EC decision 29 October 2012, renewed with the protocol n◦ 02–2016).
The individuals included in the study are divided into classes depending on sex and age, which
were determined based on morphological aspects. As far as age is concerned, three different classes can
be identified: fawns, yearlings, and adults. Yearlings can be recognized by their light build and slender
body. Young males have antlers which may have up to two tines, whereas females have a slender
profile, as their abdomen is not relaxed by gestation. A more precise evaluation of age was obtained
following a dental examination to determine the state of eruption and wearing down of the teeth.
All admitted roe deer were divided into 4 groups according to their final outcome: (Group 1)
spontaneous death during the recovery period, (Group 2) euthanized for welfare reasons (i.e., animals
near death where euthanasia was considered as the only possible option to reduce pain and suffering
and), (Group 3) fully recovered and released roe deer, and (Group 4) animals euthanized for other
reasons (i.e., animals that were judged unable to survive rehabilitation and release back into the
wild). In addition, as a control (Group 5), blood samples from 14 hunted roe deer, from the same area,
were taken from the cardiac cavity immediately after shooting death.
In general, a manual restraint during the recovery period (animals blindfolded and hogtied) was
preferred to sedation, as chemical restraint would invalidate appropriate triage of polytraumatized
animals. In the rare cases when sedation was performed, two different protocols were used:
dexmedetomidine (10 μg/kg, Dexdomitor, Zoetis, Rome, Italy) + ketamine (2 mg/kg, Ketavet100,
MSD) + methadone (0.2 mg/kg, Semfortan, Dechra, Turin, Italy), if the roe deer require surgery,
or dexmedetomidine (10 μg/kg) + ketamine (2 mg/kg) + butorphanol (0.2 mg/kg, Dolorex, Intervet,
Peschiera Borromeo, MI, Italy), if only chemical restraints, diagnostic procedures and minor surgery
were required.
All samples were taken from the cephalic vein within 2 h of arrival to the Center, put into EDTA
coated tubes, and L-lactate concentrations were evaluated within 10 min from sampling by means of a
portable point of care lactate meter (Accutrend Plus, Roche, Monza, Italy). The instrument measures
the concentration of L-lactate in whole blood using a reactive strip via a bench top clinical chemistry
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analyzer system, which has been validated in cattle as reliable and linear up to 16.6 mmol/L [5].
This method was preferred to classical plasma spectrophotometric evaluation using a clinical chemistry
analyzer since it is portable, practical, rapid, and cheap and it does not require plasma separation,
which is sometimes difficult in the absence of an equipped laboratory.
Statistic Analysis
Descriptive statistics were calculated. Data from hunted deer were used to calculate reference
ranges according to the official guidelines [6]. The Dixon method was applied to identify and eliminate
the outliers [7].
A Shapiro–Wilk test was performed to assess normal distribution of data among outcome groups.
A Kruskal–Wallis test was performed to assess possible differences in L-lactate concentration among
outcome groups. Contingency tables were prepared, and the Pearson’s chi-squared test was performed
to assess possible differences in sex, age, and cause of admission among outcome groups.
ROC curves were drawn, and coordinates were used to determine the cutoff value of L-lactate
concentration, having 100% specificity and the highest sensitivity in the identification of animals with
a negative outcome. These criteria were applied to select the cutoff value, since we aimed to identify
animals with a negative outcome and avoid false positive results.
At first, survivors and animals who encountered spontaneous death were included in the ROC
curve analysis. Thereafter, humanely euthanized animals (group 2) were also included and grouped
together with those who died spontaneously.
All statistical analyses were performed by means of a dedicated software (SPSS 20.0 for Windows).
Significance was set at p ≤ 0.05 for all analyses.
3. Results
A total of 77 blood samples with L-lactate concentrations were available and divided into five
different groups: (1) spontaneous death (17 cases), (2) humanely euthanized (13 cases), (3) fully
recovered and released (13 cases), (4) euthanized for other reasons (20 cases), and (5) control animals
(14 cases). A total of 30 females and 47 males, of which 38 adults, 16 subadults (10–23 months old) and
23 fawns (less than 10 months old), were tested. Among hospitalized roe deer, the prevalent causes of
admission were trauma (45 cases), followed by predation (9 cases), imprinted animals (1 case) and
other causes (8 cases). The four groups were homogeneous as for gender, age, and cause of admission
(p > 0.05 for all analyses).
Results of blood lactate concentrations in different groups of roe deer are reported in Table 1 and
Figure 1. Differences among groups were not significant (p = 0.051).
Table 1. Results of descriptive statistics on blood L-lactate concentrations among different groups of
roe deer. 1 No statistical differences were detected amongst groups (p = 0.51). # number of cases.
Group
Whole Blood L-lactate
Concentration (mmol/L)
Cases with
L-lactate > 10.2 mmol/L
Median Min Max # (%)
1: spontaneous death (n = 17) 9.5 2.1 25.0 8/17 (47.1%)
2: euthanized for welfare reasons (n = 13) 9.0 1.1 24.3 5/13 (38.5%)
3: recovered and released (n = 13) 7.1 1.7 10.0 0/13 (0%)
4: euthanized for other reasons (n = 20) 4.3 0.8 15.8 5/20 (25%)
5: hunted deer (n = 14) 4.3 2.7 15.3 1/14 (7.1%)
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Figure 1. Dotplot showing results of blood L-lactate concentration in 77 roe deer. X-axis, outcome after
hospitalization: (Group 1) spontaneously dead; (Group 2) euthanized for welfare reasons; (Group 3)
recovered and released; (Group 4) euthanized for other reasons; (Group 5) hunted deer. Y-axis, L-lactate
concentration (mmol/L). Dotted line: cutoff selected based on ROC curve coordinates, having a 100%
specificity in discriminating between Group 1 and 3.
The reference range obtained after exclusion of outliers in our control group was 2.7–5.7 mmol/L.
Based on ROC curve coordinates, an L-lactate cutoff of 10.2 mmol/L was selected as the best to
classify survivors and animals having encountered spontaneous death, with a 100% specificity and
47.1% sensitivity in detecting animals with a negative outcome.
When animals euthanized for welfare reasons (Group 2) were included in the analysis, an L-lactate
cutoff of 10.0 mmol/L was selected as the best one, with a 100% specificity and a 46.7% sensitivity in
detecting animals with a negative outcome. The aforementioned cutoff of 10.2 had a 100% specificity
and a 43.3% sensitivity.
4. Discussion
Blood L-lactate derives from anaerobic glycolysis and in physiologic conditions, a production of
0.8 mmol/h/kg has been demonstrated, in humans, to contribute to obtain a normal plasma concentration
of less than 1 mmol/L [8]. Concentration may increase with increased anaerobic metabolism due to
many different causes, including tissue hypoxia, shock, increased gluconeogenesis, sepsis, anemia,
or muscular overwork and damage. Blood lactate concentration has been proposed as a possible
prognostic test in emergency conditions in both humans and animals [3,9]. A reduced prognosis in
critical human patients has been reported with persistent high lactacidemia [9]. Furthermore, another
study [10] suggested that lactacidemia higher than 4.5 mmol/L is correlated to death in 78% of critical
patients with emergency conditions. Similarly, blood L-lactate concentration influences prognosis in
horses with complicated colic [11], and in critically ill neonatal foals [12]. The use of a portable point of
care lactate meter has also been validated in equine medicine [13], as a useful support to veterinary
clinical decision making.
In wild cervids, plasma L-lactate has been evaluated as part of a laboratory panel to check
the effects of capture using different methods [14,15], in different conditions [16], using different
immobilizing drugs [17,18] or premedication [19]; however, to the best of our knowledge, no data
about the possible role of plasma lactate concentration, to define the health status and predict the
outcome of captured animals, have been published. Reference intervals for free ranging wild animals
are often lacking.
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In the present study, the analysis of samples from 14 hunted roe deer (control Group 5) provided
some reference to compare the concentration of plasma L-lactate from recovered animals. All roes in
the study derived from the same area of study and were killed by selector hunters with a single shot
when they were calm and minimally alert; blood samples were immediately taken via intracardiac
puncture after being shot and were rapidly transported to the center for analysis. For these reasons,
we consider this group as an adequate control for defining plasma L-lactate concentration in free
ranging roe deer in the study area. However, the authors acknowledge that these control animals’
elevated L-lactate levels were likely associated with acute death, and that these values do not represent
those of normal, healthy roe deer. In addition, cardiac blood could have a lower L-lactate concentration
in comparison with venous peripheral blood, especially if oxygenated. In comparison, the reference
range obtained in our control group was 2.7–5.7 mmol/L, lower than previously reported for 22 trapped
roe deer (5.1–18.9 mmol/L) [11]. This supports the hypothesis that capture itself induces an increase in
plasma L-lactate concentration. Therefore, for all the above-mentioned reasons, in the present research,
we preferred comparing values from rescued roe deer with different outcomes, instead of using this
reported reference interval. Interestingly, in this control group, a couple of samples showed higher
L-lactate concentrations than the reference interval (8.4 and 15.3 mmol/L), and in one case, it was also
higher than the prognostic cutoff values identified. This result supports the high variability of this
parameter and confirms that plasma L-lactate concentration cannot be used as a stand-alone parameter
to predict prognosis, especially when interpreting single admission L-lactate values, rather it should be
considered in the context of clinical examination. In addition, the higher values in some of the control
deer, could suggest that the control group was not 100% fit and healthy and/or had suffered from stress,
dehydration, blood loss or other causes of elevated L-lactate, since we do not have any information
about timeframes between the shooting and actual death of each animal.
If we considered hospitalized roe deer, in which the modality of rescue, immobilization and
handling are consistent, we found that the overall ranges of plasma L-lactate concentration are similar
to those reported in previous studies for trapped animals [15,19], further supporting the possible effect
of capture stress.
The cutoff value of 10.2 mmol/L was chosen as a negative prognostic indicator, representing deer
that are most likely destined to spontaneous death or require humane euthanasia. We selected a cutoff
value with 100% specificity, where few, if any, animals with L-lactate above this level would survive,
to avoid under-treatment or euthanasia of animals with a possible chance of surviving. This high cutoff
value is responsible for the low sensitivity found. The limited sensitivity allowed us to identify less
than half of the deer with a poor prognosis, but we cannot state that the low L-lactate concentrations
are necessarily associated with a good outcome. This choice was made since, from a clinical point
of view, we preferred to avoid any under-treatment (or euthanasia) in roe deer with a chance of
survival. We are aware that this value may induce an overestimation of the chances of survival for
some animals, but we consider it an acceptable risk from an ethical perspective. If we also apply
this cut-off value to Group 4 (animals euthanized for other reasons) we found that 5 cases out of
20 (25%) showed L-lactate concentrations higher than the value of 10.2 mmol/L, thus supporting
euthanasia in these animals. The median concentration of L-lactate found in non-surviving deer
compares well (although it is a little lower) with those found at admission in one study of horses with
colonic volvulus (non-survivor: 9.1 mmol/L) [20] and in another of dogs with gastric dilation and
volvulus (non-survivor: 7.9 mmol/L) [21]. However, the cutoff value selected in the present study is
higher than those used in the above-mentioned studies (6.0 mmol/L and 7.4 mmol/L, respectively)
since, as already mentioned, we made the choice of using 100% specificity for predicting a bad outcome
in roe deer. To our knowledge, no specific studies on the prognostic value of L-lactate in roe deer or
other cervids are available to date.
The present study has some limitations. First, the limited number of cases did not allow us
to stratify cases according to age and cause of admission. Second, plasma L-lactate concentration
was evaluated at arrival at the rescue center, even though the time from being found to arrival at
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the center was variable according to different aspects, which may have biased our results. However,
blood withdrawal was not always possible at the time of animal discovery or injury, (since it would
require veterinary professional intervention in all the cases) and therefore, we chose to use the time
of first admission to the center to best standardize and compare results. Third, few of the roe deer
were sedated to allow for easier transportation and to decrease stress. However, this procedure was
not standardized, since it depended upon the clinical condition, type of problem, and the presence
of a veterinarian, and it was not possible to revisit which cases received sedation. Premedication
with acepromazine has been reported to possibly decrease capture stress and myopathy, and reduce
L-lactate concentration, thus increasing survival [19]. However, to the best of our knowledge, no data
are available regarding the possible effects sedation could have on L-lactate concentration. Importantly,
in terms of prognosis, this would not affect the value of L-lactate concentration for predicting outcome.
In addition, in the present work we also added a control group from hunted roe deer who were
shot dead as a comparison. The authors are aware that this group is probably not ideal for the creation
of a reference interval, since it is biased by many different conditions and also influenced by different
methods of blood withdrawal (cardiac in control deer vs peripheral blood in other deer). However,
obtaining a reference interval in healthy wild animals is often challenging, since many blood analyte
concentrations are strongly influenced by capture stress, and the use of a control group kept in captivity
is probably not adequate as a comparison. Despite these limitations, the authors speculate that results
from hunted deer may be useful for comparison since they were lower than the trapped roe deer
reference value.
Lastly, our work only included L-lactate values at admission and did not evaluate serial L-lactate
in these animals, which has been reported to be more valuable than a single admission value when
determining a prognosis [22,23].
Future studies should assess possible fluctuations of L-lactate concentrations over the time
between admission and release and their possible prognostic role. In addition, it would be interesting
to validate the same test and define accurate cutoff values for other types of samples, such as capillary
blood taken from an ear-edge prick, which is minimally invasive and does not require a veterinary
professional. Considering the limited volume of blood required for the test (50 μL), such a small
amount of blood could be sufficient for such testing.
5. Conclusions
The data obtained in the present research support the use of plasma lactate concentration at
admission to predict outcome of recovered roe deer, independently from the cause of recovery.
Plasma lactate may be easily evaluated using a point of care portable analyzer in a very rapid, cheap,
and feasible way. The results obtained may be interpreted by veterinary professionals in conjunction
with other clinical information to predict prognosis, thus avoiding directing excessive efforts and
resources on untreatable animals, and reducing over- and mis-treatments. Furthermore, our results
will help guide euthanasia as a humane solution for wild animals facing little chance of release back
into the wild.
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Simple Summary: Lemurs kept in captivity are constantly influenced by a number of factors that affect
their welfare. All lemur species are classified as endangered species according to the International
Union for Conservation of Nature (IUCN) Red List and their population in the wild is decreasing. It
is therefore useful to improve the methods for assessing the level of stress in individual lemurs in
captivity. In this study, we compared the changes in glucocorticoid concentrations in three species of
Lemuridae in response to various types of potential stressors during their stay in a temporary housing
facility. The glucocorticoid levels were specifically monitored for ring-tailed lemurs (Lemur catta),
white-headed lemurs (Eulemur albifrons) and collared brown lemurs (Eulemur collaris).
Abstract: We compared the glucocorticoid concentrations in response to various types of potential
stressors present during standard operation of a temporary housing facility between three species,
namely, ring-tailed lemurs, collared brown lemurs and white-headed lemurs. The levels of
faecal glucocorticoid metabolites (FGMs) were measured non-invasively on a daily basis during
a 30-day period. A total of 510 faecal samples were collected. Concentrations of immunoreactive
glucocorticoid hormone metabolites were measured in the obtained extracts by using an enzyme
immunoassay. The polyclonal antibodies used in this assay were directed against the metabolite
11-oxo-etiocholanolone I. We found all three monitored lemur species to respond to specific potentially
stressful situations by increasing (p < 0.05) the FGM levels within one to two days after the event.
Although housed in the same room, differences in response to potentially stressful situations were
found in white-headed lemurs compared to ring-tailed lemurs. Increased mean levels of the FGMs
were found more frequently in white-headed lemurs than in ring-tailed lemurs. The results suggest
that this species may be more sensitive to changes in its surroundings. In general, the levels of the
FGMs showed a similar pattern during 30 days of monitoring suggesting that all groups of lemurs
responded in a similar manner to the same events. However, we recorded the differences in the
absolute values of glucocorticoid concentrations between the monitored species likely due to the
differences in sex ratios in the groups and presence of lactating females in the ring-tailed lemurs.
Keywords: zoo; non-invasive; faecal analysis; glucocorticoid metabolites; enzyme immunoassay
1. Introduction
Animals kept in zoos are constantly influenced by a number of factors that affect their welfare.
In order to ensure the welfare of captive animals, it is essential to avoid excessive and, in particular,
prolonged stress [1]. Even general husbandry tasks, such as handling, transport and veterinary
treatment can be potential stressors [2]. These may cause a stress response, especially in more sensitive
individuals [2].
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Several methods are commonly used to evaluate stress response. They are largely based on the
determination of glucocorticoid hormone levels of cortisol and corticosterone or their metabolites [3,4].
A commonly used method for determining the glucocorticoid concentration is to test the blood of the
animal. However, in some zoos and in wild animals, the possibility of blood collection is limited and
sometimes cannot be performed at all [5,6]. Blood collection brings about many risks, such as injuries
caused during catching or sedation of the animal [6]. A more suitable technique is a non-invasive
method of assessing stress levels [6], such as the determination of glucocorticoid hormone levels from
urine, saliva, fur, milk or animal faeces. This non-invasive assessment of animal welfare is a practical
method used for an increasing number of species not only of wild animals, but also of laboratory or
farm animals and pets [7]. Collection of faeces seems to be the most appropriate in cases of stress
assessment in exotic animals that are not used to handling by humans [8].
Reactions to stressors often vary among different animal species [7,9,10]. Detailed knowledge
of the individual species helps to understand their natural behaviour and responses to stressful
situations [11]. According to Mason [12], different animal species perceive the conditions of captivity
differently. For example, small primates were more stressed by the presence of zoo visitors than larger
primates. Differences between ground and tree species were also observed [12]. Weingrill et al. [13]
compared the glucocorticoid hormone levels as stress markers in Bornean (Pongo pygmaeus) and
Sumatran orangutans (Pongo abelii). Higher levels of glucocorticoids in the Bornean orangutans were
predicted, due to the much more solitary lifestyle and higher frequency of male aggression directed
towards females in this species in the wild, which was subsequently confirmed [13]. Furthermore,
Cocks [14] found that the hybrids of Bornean and Sumatran orangutans were less resistant to stress
than both subspecies, suggesting that the lower survival rate of hybrid orangutans is due to reduced
fitness associated with hybridization. Given the variability in species’ stress responses and the variety
of animals held under human care, understanding species-specific trends in stress responses to daily
stressors in captivity can be useful for guiding management practices.
To achieve reliable results via non-invasive monitoring in individual species, knowledge of its
metabolism and the mechanism of glucocorticoid hormone excretion is essential [1]. According to Möstl
and Palme [1], the concentration of cortisol metabolites in faecal samples reflects the stress-induced
glucocorticoid levels with a delay. The species-specific time delay depends on the metabolism and
gut passage time of the animal [9]. Steroids are metabolised in the liver and excreted via the bile
into the gut. Therefore, measured concentrations of faecal glucocorticoid metabolites (FGMs) reflect
an event occurring a certain time ago. This lag time may range from less than 30 min to more than
one day, depending on the species and its activity rhythms [5,7,9]. Cambell et al. [15] reported,
for instance, that the digestive tract structure varied among different lemurs. They generally have
a simple stomach with a slightly prolonged small intestine, sac-like appendix and large intestine of
varying length. Black-and-white-ruffed lemurs (Varecia variegata) are reported to have a fast passage
of the digestive tract (2 to 4 h). Given the very similar structure of the digestive tract in ring-tailed
lemurs (Lemur catta) [15], the time of intestinal passage will probably be similar. It can be assumed
that for similar species belonging to the same family as in this case, after the method has been
validated for one species, the same method can be used for a related species, as demonstrated by the
following studies evaluating the stress response in lemurs. Balestri et al. [16] compared the faecal
glucocorticoid metabolite (FGM) levels among a group of collared brown lemurs (Eulemur collaris)
living in fragments of forests with a group living in better preserved areas. For the determination
of glucocorticoid hormones in the faeces, a successfully validated analysis for this species targeted
against the metabolite 11-oxo-etiocholanolone was chosen. Similarly, glucocorticoid levels in faeces
during the reproduction season were analysed in red-fronted lemurs (Eulemur fulvus rufus) [17] using
the analysis targeting the metabolite 11-oxo-etiocholanolone. The suitability of the analysis of the
metabolite 11-oxo-etiocholanolone has also been confirmed by studies of the stress level in ring-tailed
lemurs and black-and-white-ruffed lemurs by non-invasive methods [18,19].
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Lemuridae are generally classified as endangered species according to the International Union for
Conservation of Nature (IUCN) Red List and their populations in the wild are decreasing although
they are frequently kept in captivity. In order to ensure their stable population, health and welfare in
captivity, it is important to reduce the negative effects of stress. A commonly measured endocrine
response to stress is the secretion of glucocorticoids [20]. Consequently, there is a need for validation
of the methods for assessing the changes in glucocorticoid concentrations in the individual animals
non-invasively [1,10].
The aim of this study was to compare the changes in glucocorticoid concentrations in response to
various types of potential stressors occurring during a 30-day period in a temporary housing facility
in the three selected species of Lemuridae, namely ring-tailed lemurs (Lemur catta), white-headed
lemurs (Eulemur albifrons) and collared brown lemurs (Eulemur collaris). Given their small body
size and fast metabolism, changes in FGMs were expected to be measurable within one to two
days after exposure to a stressor [1,10] as confirmed by several studies assessing changes in
FGM concentrations resulting from stress, for example, in zoo-living orangutans (Pongo spp.) [13],
common marmoset (Callithrix jacchus), long-tailed macaque (Macaca fascicularis), Barbary macaque
(Macaca sylvanus), chimpanzee (Pan troglodytes) and gorilla (Gorilla gorilla) [21], Western lowland gorilla
(Gorilla gorilla gorilla) [22], pileated gibbons (Hylobates pileatus) [23], wild gray mouse lemurs [24],
ring-tailed lemurs (Lemur catta) [18] and black-and-white ruffed lemurs (Varecia variegata) [19].
2. Materials and Methods
2.1. Ethics Statement
This study was carried out in strict accordance with the Directive 2010/63/EU of the European
Parliament and of the Council of 22 September 2010 on the protection of animals used for scientific
purposes and Czech national legislation (i.e., Act no. 246/1992 Coll.) on the protection of animals
against cruelty, as amended. All samples were collected non-invasively and animals did not undergo
any experimental procedures. Sampling was carried out during temporary housing of three species of
Lemuridae in an approved holding facility. Since only non-experimental clinical veterinary practices
were performed and no handling of animals related to research was carried out, a formal ethics
approval from the Animal Welfare Body of the University of Veterinary and Pharmaceutical Sciences
Brno with regard to the EU Directive 2010/63/EU was not required.
2.2. Study Subjects and Housing
For the analysis, faecal samples from 9 ring-tailed lemurs, 6 collared brown lemurs and 2
white-headed lemurs were collected for a period of 30 days. The lemurs originated from European
zoos and were temporarily housed in a holding facility in Poštovice in the Czech Republic operated by
a certified international transportation company, The Nature Resource Network, that was in charge of
their transport to other zoos. Details on individual animals monitored in the study are given in Table 1.
All lemurs were fed primate dry formula (pellets), vegetables (carrot, celery, cucumber, lettuce,
red beat, onion, boiled rise, tomatoes) and fruits (banana, apple, peach, pineapple, grapes, kiwi) two
times in a day, with green leaves, and with cheese and boiled egg once a week. Drinking water was
available ad libitum. The lemurs were housed in indoor enclosures (natural light provided from
windows) without access to an outdoor area. Changes in the groups during the monitored period are
described below.
In ring-tailed lemurs, 9 adult individuals were monitored (8 females and 1 male). There were
4 offspring in the ring-tailed lemurs but they were not included in the analysis. Four adult females
(R1–R4) were housed in cage 1 in room 1. Two of them had offspring (R3 had two offspring, R4 had
one offspring). The two lactating females (R3 and R4) together with their offspring were separated
on day 16 of monitoring to another cage in the same room due to their agonistic behaviour. Female
R3 with her offspring was housed in cage 2 and female R4 with her offspring was housed in cage 3.
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The remaining two adult females (R1 and R2) were left in cage 1. Subsequently, female R1 was isolated
in a separate cage 4 in the same room due to injury on the 23rd day of observation. Another four adult
ring-tailed lemurs (R5–R8) were housed in room 2. Each adult was individually housed in separate
cages, except for female R6, who was co-housed with her offspring. The first day of monitoring one
more adult female ring-tailed lemur (R9) arrived at the facility and was placed in a cage in room 6.
Rooms 1 and 6 were interconnected. In white-headed lemurs, 2 individuals (both males, W1 and W2)
were housed together throughout the whole monitoring period in room 1 in cage 5. In collared brown
lemurs, 6 individuals were assessed: 2 males (C1 and C2) and 4 females (C3–C6). Originally, they were
housed together in cage 1 in room 5. During the monitored period, however, they were divided into
smaller groups due to mutual attacks and relocated to different cages within the same room (room 5).
Namely, on day 16 two males (C1 and C2) were relocated to cage 2, on day 18 one female (C3) was
relocated to cage 3, on day 23 one female (C4) was relocated to cage 4 and on day 29 one female (C6)
was relocated to cage 5. While the ring-tailed lemurs and white-headed lemurs were housed in the
same room, the collared brown lemurs were kept on the other side of the facility. A scheme of the floor
plan of the facility and relocation of individuals is provided in Figure 1. All lemurs had visual, olfactory
and auditory contact with other animals of the same species during the entire monitored period. All
animals were clinically healthy without any signs of health problems or behavioural disorders.
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2.3. Faecal Sampling and Analysis
The monitoring was carried out for 30 days when three lemur species were kept in the facility.
Lemurs were exposed to the same husbandry activities (cage cleaning, feeding and watering, visual
control of the animals by caretakers). All activities related to the operation of the facility were recorded
(e.g., construction work, increased noise, newly incoming animals, transfers within the facility, lactating
animals, etc.) by the caretakers during the monitored period in a systematic way with the use of
pre-prepared sheets. The faecal samples for the determination of FGMs were collected from the floor
once a day between 8:00–12:00 a.m. from each animal, ensuring that they were not contaminated with
urine, water or other material. A total of 510 faecal samples were taken. There was no variability in the
number of samples taken from different animals. The collected samples were put in plastic sealable
bags within 1 h of defecation, labelled and immediately frozen at −20 ◦C. The subsequent sample
processing including extraction was performed at the University of Veterinary Medicine in Vienna,
Austria. The samples were thawed, individually homogenised and then successively put into test tubes
at weights between 0.480 and 0.520 g. Afterwards 1 mL of distilled water and 4 mL of 100% methanol
were added to the weighed samples. Each sample with water and methanol was stirred on a shaker for
30 min and then centrifuged at 4 ◦C (3750× g, 10 min). The detailed extraction process is described in
other methodological publications [1,9,25]. Concentrations of immunoreactive glucocorticoid hormone
metabolites were measured in the obtained extracts by using an enzyme immunoassay. The polyclonal
antibodies used in this assay were directed against the metabolite 11-oxo-etiocholanolone I (laboratory
code: 72a, first described by Palme and Möstl [26]), based on previously conducted studies.
2.4. Statistical Analysis
The results were statistically evaluated using the statistical program Unistat 5.6 (Unistat Ltd.,
London, UK). Data normality was tested using the Shapiro–Wilk test [27]. Since the data were
not distributed over the Gaussian curve, the statistical significance of the FGM level differences
between the monitored lemur species during the 30 days of observation was determined on each day
using a non-parametric Kruskal-Wallis ANOVA test [27] and subsequently nonparametric multiple
comparisons with t-distribution using rank sums [27]. For each lemur species, the mean value of
the FGMs measured on the first day of the observation was also compared to each subsequent day
to determine statistical significance of the differences in the FGM levels by means of the Friedman
ANOVA test [27] and subsequently the Dunnett test using rank sums [27]. A value of p < 0.05 was
considered significant. The first day of sample collection was the day when FGM levels were expected
not to be affected by stress, not even in those individuals who arrived on the first day of observation
due to a time delay in excretion of FGMs [1]. Therefore, the data from the first day were used as
the reference point. FGM levels measured during the monitored period were compared with the
timeline of events recorded in the facility in order to determine possible factors eliciting the increase in
FGM levels.
3. Results
3.1. Ring-Tailed Lemurs
Records on daily events showed a variety of activities occurring in and outside the rooms where
lemurs were kept during a 30-day period of monitoring. In room 1, besides daily routine (e.g., cleaning
cages, feeding, visual control of animals), noise from construction work was also recorded. Namely,
on the 13th day of the monitored period, all-day construction work was carried out from the other side
of the room where the ring-tailed lemurs were housed. The construction work was also performed on
day 14. Furthermore, some females originally housed in one group in the same cage were moved to
separate cages. On day 16, two females (R3 and R4) with offspring were relocated into two separate
cages and on day 23, one female (R1) was moved due to an injury to a separate cage, but all stayed in
the same room. On day 29, two giant otters (Pteronura brasiliensis) were relocated to room 6 (between
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room 1 and 2, where ring-tailed lemurs and white-headed lemurs were housed). The lemurs had
auditory and olfactory contact with these two otters.
Fluctuations in the mean FGM levels in ring-tailed lemurs (n = 9) over a 30-day period of
monitoring are shown in Figure 2 (F(29.232) = 2.3765). On the 14th day of the monitored period,
a significant increase (p < 0.05) in the mean FGM levels was found. The mean FGM levels also increased
on day 17 (p < 0.01) and day 24 (p < 0.05). Subsequently, on the last day of monitoring, a significant
increase in the mean FGM values (p < 0.01) was also observed. On other days, the FGM levels did not
significantly differ from the first day.
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Figure 2. Mean concentrations of the faecal glucocorticoid metabolites (FGMs) in ring-tailed lemurs;
significant increases compared to the first day of sampling are indicated. Red points indicate a
significant increase in FGM levels.
The mean concentrations of FGMs and potentially stressful events for each day of monitoring are
shown in Table 2.
3.2. White-Headed Lemurs
Fluctuations in the mean FGM levels in white-headed lemurs (n = 2) housed together in one cage
located in the same room as the ring-tailed lemurs over a 30-day period of monitoring are shown in
Figure 3 (F(29.29) = 1.6832). A significant increase (p < 0.05) in the mean FGM levels was found on days
10, 15, 16, 18, 24, 26, 29 and 30 in comparison with the first day of sampling.
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Figure 3. Mean concentrations of the faecal glucocorticoid metabolites (FGMs) in white-headed
lemurs; significant increases compared to the first day of sampling are indicated. Red points indicate a
significant increase in FGM levels.
Table 3 summarises the mean levels of the FGMs in the white-headed lemurs and potentially
stressful events for each day of monitoring.
3.3. Collared Brown Lemurs
They were housed in a different room than the other two lemur species. All of them arrived
at the facility on the first day of monitoring and were initially placed together in cage 1 in room 5.
During the monitored period, however, some individuals had to be moved due to mutual attacks
as described in Section 2. In addition to the changes in the collared brown lemur group, Bennett’s
wallabies (Macropus rufogriseus) arrived on the third day after the beginning of the observation and
they were temporarily placed in the same room as the collared brown lemurs.
Fluctuations in the mean FGM levels in collared brown lemurs (n = 6) over a 30-day period of
monitoring are shown in Figure 4. A statistically significant (p < 0.05) increase in the mean FGM levels
(F(29.145) = 2.1247) was found on days 17, 18, 20, 24 and 30.
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Figure 4. Mean concentrations of the faecal glucocorticoid metabolites (FGMs) in collared brown
lemurs with significant increases compared to the first day of sampling indicated. Red points indicate a
significant increase in FGM levels.
Table 4 shows the mean FGM levels in collared brown lemurs and potentially stressful events for
each day of monitoring.
3.4. Species Comparisons
When comparing the FGM levels between all three lemur species, significant differences (p < 0.05)
were observed. As shown in Figure 5, the highest levels were measured in ring-tailed lemurs, then in
collared brown lemurs, and the lowest concentrations of FGMs were found in white-headed lemurs.
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Figure 5. Comparison of glucocorticoid levels in three lemur species.
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4. Discussion
Lemurs in captivity are exposed daily to potentially stressful situations. This is even more
pronounced in the case of temporary housing facilities. In addition to the normal daily routine, which
includes regular morning cleaning of all quarters and providing food twice a day, construction work
was in progress in the monitored facility. Moreover, the observed lemurs were moved, and new animals
arrived during the observation period. Such activities that are not carried out regularly are especially
likely to cause stress to animals. In all lemur species, significantly increased FGM levels were found
during the monitored period. The fluctuation of FGM levels could be caused by the recorded stressors,
as elevated concentrations were often found 1 to 2 days after the events that deviated from the daily
routine. While blood glucocorticoid concentrations increased shortly after exposure to an acute stressor,
and in faeces, the increase of glucocorticoids resulting from stress was seen with a delay [7].
On the 13th and 14th day of the monitored period, all-day construction work was carried out
near the room where the ring-tailed lemurs were housed. In the days after (14th and 15th day) a
significant increase (p < 0.05) in the mean FGM levels was found. This increase could result from
ongoing construction work as lemurs were exposed to increased noise and vibrations in their cages.
The mean FGM levels also increased on day 17 (p < 0.01) and day 24 (p < 0.05). These increases could
be related to relocations of two females with offspring (R3 and R4) into separate cages (16th and 23rd
day). The separation was necessary due to agonistic behaviour observed in the females. Despite the
females being familiar with each other from their original location, stress from the new environment
could cause changes in their behaviour. Relocation can be perceived as a stressor in captive wild
animals because they perceive all changes and new situations as a potential threat [28]. On day 23,
one female (R1) was moved to a separate cage in the same room due to an injury. The injured female
exhibited no significant increase in FGM levels, however, mean FGM levels in the group of ring-tailed
lemurs increased. Finally, also on the last day of monitoring, a significant increase in the mean FGM
values (p < 0.01) was observed. According to records, two giant otters (Pteronura brasiliensis) were
relocated into the facility on the previous day which could be stressful for lemurs housed nearby. In the
monitored period, relatively stable FGM levels were found on days which were not preceded by any
exceptional events (daily routine was followed). Assumedly, the above-mentioned disturbances were
responsible for the changes in FGM levels and they showed a consistent one-day delay before elevating
FGM concentrations. White-headed lemurs were exposed to the same potentially stressful events as
the ring-tailed lemurs. Construction work was in progress on day 13 and 14 near their enclosure, which
could explain a significant increase (p < 0.05) in the mean FGM levels on days 15 and 16. Interestingly,
there was a two-day delay before the FGMs elevated in white-headed lemurs in contrast with the
one-day delay in ring-tailed lemurs following the same stressor. The significantly elevated levels of
FGMs were found also in the last days of monitoring (day 26 to 29). The reason is unclear. The records
did not show any deviations from the daily routine. However, the animals might have responded
even to some minor changes not detected or perceived by the caretakers. According to Morgan and
Tromborg [2], animals can respond to the inability to escape from human reach and the daily routine
of cleaning the enclosure. Although routine is a repeated activity for a human being, an animal in
captivity may perceive this situation differently and may be stressed. For example, primates have
been shown to have high heart rates at the time of the keeper’s arrival at the enclosure due to routine
cleaning [2]. Thus, for some more sensitive individuals, the presence of a person in their vicinity can
be stressful, especially if they are in an unknown place [2,29].
In both, the ring-tailed lemurs and the white-headed lemurs, a significant (p < 0.05) increase in
FGM levels was recorded following the construction work throughout the day in the yard of the facility
where both species were housed. As Morgan and Tromborg [2] reported, excessive noise caused by,
for example, noisy construction work, is stressful and affects not only the animal’s behaviour but
also the levels of specific stress markers. In captive wild animals, acute and chronic stress caused by
difficulties in coping with stressors such as public presence and noise, among others, can induce a
significant increase in FGMs and repetitive pathological behaviours such as stereotypies [30,31].
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Collared brown lemurs were housed in a different room than the other two lemur species.
Thus, they could be affected by different potentially stressful events. In particular, these included
necessary relocations due to the occurrence of agonistic behaviour in the group. In the monitored
period, a significant increase (p < 0.05) in the mean FGM levels was found on days 17, 18, 20, 24
and 30, which could be caused by aggression and subsequent relocations. Mutual fights escalated
especially during feeding. Aggressive behaviour has been proven to affect FGM levels, with dominant
individuals having higher glucocorticoid levels [32–34]. However, also the movement itself or other
changes in the group affect the level of the FGMs, as was demonstrated in the ring-tailed lemurs.
While the significant increase of FGMs in ring-tailed and white-headed lemurs was caused the
next day after the arrival of giant otters, in collared brown lemurs no significant change was found
in FGM levels following the arrival of Bennett’s wallabies (Macropus rufogriseus) to the same room.
Furthermore, in collared brown lemurs there was no increase in the mean FGM levels in response
to the construction work carried out on the 13th and 14th day of the observation, likely because the
collared brown lemurs were located on the other side of the facility, thus no noises or vibrations from
the construction work were recorded here.
During the monitored period, handling of animals was most often associated with their relocation
to other cages due to agonistic behaviour. For relocation, capture and direct handling was necessary.
That can be perceived as a strong stressor [24,28] with handling duration affecting the stress response
and subsequently FGM levels [35]. However, it also depends on other factors, such as temperament of
the individual and previous experience with the stressor. Considering their activity, it is generally
recommended to capture lemurs in early morning hours and only by experienced caretakers [36,37].
The lemurs who were relocated in our study were captured by an experienced caretaker with the
use of net and transferred to the new cage. Capture of animals is considered an acute stressor, but
it can have longer lasting effects if it is carried out repeatedly in a short period [38]. According to
Balcombe et al. [38], handling of animals is one of the most common husbandry practices but it
results in variously strong stress responses and affects the activity of the immune system of animals.
Hämäläinen et al. [24] measured the level of stress in grey mouse lemurs (Microcebus murinus) based
on the determination of elevated levels of FGMs after capture. Although elevated levels have been
recorded in some cases, routine capture has not had long-term consequences. The stress response
in black howler monkeys (Alouatta caraya) was evaluated by Rangel-Negrín et al. [39]. The results
showed that after capture, the levels of FGMs were affected. Similarly, Volfova et al. [18] recorded the
increase of FGMs in response to handling in ring-tailed lemurs. Captive wild animals are expected to
have a stronger response to handling stress than domesticated animals [40]. Given that handling is one
of the primary stressors for captive wild animals, it is essential to monitor its potential negative impact
on their welfare and avoid it as much as possible.
The results show that all the three monitored lemur species respond during the observed period
to specific stressful situations by increasing (p < 0.05) the FGM levels similarly within one to two days
after the event. This delay from the stress event to GC excretion into faeces was confirmed not only in
previous studies regarding handling of the ring-tailed lemurs and transportation of the black-and-white
ruffed lemurs, but also in many other studies concerning primates [13,21,23,24,41]. Generally, the delay
is 24 to 48 h in primates [22]. In white-headed lemurs, however, differences in response to potentially
stressful situations were reported compared to ring-tailed lemurs. Increased average levels of the
FGMs were found more frequently in white-headed lemurs than in ring-tailed lemurs. The results may
indicate that this species responds more sensitively to changes in its surroundings. Nevertheless, these
differences may also be due to the different temperament of the animals, as some studies confirm [6,7],
as well as by the differences in the structure of the gastrointestinal tract in different lemurs species [7,42],
which affects the amount of glucocorticoids secreted into the faeces [6]. It has been proven that there
are differences in the metabolism of glucocorticoid hormones and their secretion into faeces between
different species [6,43]. However, closely related species can be expected to have a similar or even
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equal representation of glucocorticoid hormone metabolites in their faeces and the time for which there
is a demonstrable increase in the FGMs.
The differences in the FGM concentrations in the individual species may be also due to different
proportions of sex in the observed groups [44], because sex has a demonstrable impact on glucocorticoid
levels, with females in oestrous, pregnant or lactating exhibiting elevated circulating glucocorticoids [6].
In our case, the ring-tailed lemur group consisted of eight females and one male, which is the standard
group structure even in the wild. Three of these females had offspring and were lactating; the GC levels
measured in their faeces thus increased the mean FGMs of the whole group. Similarly, Starling et al. [45]
found elevated levels of the FGMs in lactating ring-tailed lemur females living in the wild. The group
of white-headed lemurs, where the mean FGM levels were the lowest, consisted of two males. The
group of collared brown lemurs consisted of four females and two males. The influence of sex on
FGM levels was also confirmed by Arias et al. [46], who reported higher cortisol levels in female lama
guanicoe (Guanaco) compared to males due to pregnancy. Dantzer et al. [47] found female American red
squirrel (Tamiasciurus hudsonicus) also have elevated levels of FGMs during pregnancy. Furthermore,
Carrera et al. [48] found higher glucocorticoid levels to be associated with low rank (compared to high
rank) and first-time mothers (compared to multiparous mothers) in geladas (Theropithecus gelada).
The study has shown that some situations and activities related to captive housing can result
in elevated levels of FGMs in lemurs. A similar pattern of changes in the FGM levels in response
to potentially stressful situations was observed in the monitored lemurs. All three lemur species in
our case showed a significant increase (p < 0.05) in the FGM levels within one, or at most two days
after the stressor exposure. Total concentrations of the FGMs differed between the species, with the
highest in ring-tailed lemurs, lower in collared brown lemurs and the lowest in white-headed lemurs.
In white-headed lemurs, much lower FGM levels were found in comparison with the other two lemur
species, which could be interpreted as a species difference. However, it is also possible that their low
levels of FGMs corresponded to the fact that as the only one their group was not divided during the
monitored period, and the males were used to each other. For social species, their mutual dependence
is high [49]. Furthermore, it was also the only male group. The absence of females could also lead to an
overall lower level of FGMs. In contrast, the highest glucocorticoid concentrations in ring-tailed lemurs
could have been caused by the presence of lactating females in the group. Furthermore, the individual
animal’s temperament or social status may affect the absolute FGM levels.
Limitations of the study included lack of baseline data, varying time of arrival of individual animals
to the facility (and thus varying period of acclimatization or lack thereof before the commencement of
the study), different number of animals and varying sex ratio in the monitored groups. However, it
was not possible to experimentally design and control the structure of the monitored groups and the
conditions of observation.
5. Conclusions
Stress is currently one of the most serious problems in rearing endangered animal species in zoos
and other facilities around the world. For their preservation and successful breeding, it is therefore of
the utmost importance to avoid excessive stress and to provide the most suitable conditions for their
life in captivity. In order for the housing conditions to be properly assessed, it is necessary to determine
the impact of the factors to which captive lemurs are exposed. This study shows fluctuations in FGM
levels in three lemur species likely resulting from changes in the structure of a group with relocation
of individuals, construction work in the immediate vicinity of animals or placing another animal
in quarters adjacent to the observed individuals. The results suggest that some lemur species may
be more or less sensitive to such disturbances. However, FGM concentrations had a similar pattern
(corresponding to the occurrence of potentially stressful events) during 30 days of monitoring in all
three species of Lemuridae suggesting that closely related animal species respond to stress load similarly.
A significant increase in the FGM levels was found within one, or at most two days after the exposure
to a stressor.
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Simple Summary: Game hunting is an activity largely practiced all over the world. Understanding
its consequences on wildlife is crucial for the proper management and development of hunting
directives. In this study, we examined stress levels in hunted wild red deer by assessing cortisol
levels and its metabolites in multi-temporal biological samples. Overall, we found evidence for an
influence on stress levels of red deer caused by repeated exposure to hunting events, which could
have important implications on the sustainability and conservation of wild populations. Furthermore,
our results highlight the use of hair samples as a useful long-term stress indicator.
Abstract: Hunting activity is usually seen as a factor capable of causing an intense stress response
in wildlife that may lead to short but also long-term stress. In the Lousã Mountain, Portugal,
the population of red deer (Cervus elaphus) is the target of intensive seasonal hunting. We collected
and measured cortisol (and its metabolites) in three tissues types (blood, feces and hair) from red
deer hunted during two hunting seasons to evaluate the stress levels at different time windows.
We also assessed the immunological and physical condition of the animals. We predicted that the
hunting activity would act as a stressor inducing increased short and long-term stress levels in the
population. Results showed an increase in hair cortisol levels during the months of harvesting.
Surprisingly, the tendency for plasma cortisol levels was to decrease during the hunting season,
which could be interpreted as habituation to hunting activity, or due to the hunting duration. Contrary
to our predictions, fecal cortisol metabolites did not show any clear patterns across the months.
Overall, our results suggest an influence of hunting activities on the physiological stress in red
deer. In addition, hair seems to be useful to measure physiological stress, although more studies
are required to fully understand its suitability as an indicator of long-term stress. Methodologically,
our approach highlights the importance of simultaneously using different methods to assess short
and long-term effects in studies on physiological stress reactions.
Keywords: Cervus elaphus; plasma; feces; hair; glucocorticoids; hunting; stress
1. Introduction
Stress responses occur when an animal perceives an external noxious stimulus (stressor) such
as predation, adverse weather, habitat change, or anthropogenic disturbances. In physiological
terms, such stress reactions can be described as a cascade of endocrine secretions involving the
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hypothalamic-pituitary-adrenocortical axis (HPA) and sympatho-adrenomedullary system (SAS),
wherein the adrenal glands play an important role [1,2]. These physiological mechanisms are induced
to avoid, survive, or recover from an adverse condition [3], and involve the increase of glucocorticoid
and/or catecholamine secretion leading to cumulative costs defined as allostatic load. When energy
requirements of the organism exceed energy reserves, allostatic overload (type 1) happens [4]. Once the
threshold is reached, the emergency response can be triggered, redirecting the animal towards survival
and interrupting its normal life history. At a short-term scale, the rise of glucocorticoids (GC) induces
physiological effects such as the regulation of the immune system, the increase in glucose created
from the body’s energy stores, and contributes to memory consolidation [3,5,6]. However, long-term
exposure to stressors may trigger type 2 allostatic overload, known as chronic stress [4]. At this point,
there is sufficient or even excess energy consumption which can have negative consequences such as
hypertension, inhibition of the immune system, promotion of neuronal cell death and reduction of
body growth [3,5,6]. Additionally, with chronic, non-lethal stressors, animals can exhibit habituation
to the stressor, which means that after a certain period of exposure the animals no longer perceive the
stimulus as noxious. Therefore, at this point, the rise of GC is no longer triggered [2].
The quantification of glucocorticoids is an important tool to study the neuro-endocrine stress axis
and can provide insights into an animal’s well-being as well as a better understanding of ecological and
evolutionary processes, which can be useful for conservation purposes [7–12]. The determination of
cortisol or corticosterone in plasma is widely used as an indicator of stress [1,12]. This measure represents
the instant stress status of an animal and can be used as a tool for experimental studies to understand the
effects of specific stressors such as predators or weather conditions [12–14]. However, since this method
requires the handling of animals for blood collection, which in itself represents a stressful situation
for animals, new methods with non-invasive sampling have been developed. Above all, analysis of
glucocorticoid metabolites in feces has been established as a validated, successful alternative to blood,
in several studies [1,9,10,15,16]. In red deer, using fecal samples, maximum levels of cortisol metabolites
are usually recorded with a delay of approximately 18 h after the disturbance [17]. In addition, cortisol in
hair has been used as an indicator of stressful conditions [18,19]. Some recent studies suggest that hair
shows levels of GC that are accumulated for some weeks to months, depending on the species [20–23].
It has been shown that hunting is capable of causing an intense stress response in wildlife,
which can significantly affect animal welfare. Bateson and Bradshaw [24] showed that hunting triggers
physiological effects in red deer (Cervus elaphus), such as disruption of muscle tissue and alterations of
concentrations of β-endorphin. Moreover, the same authors demonstrated that cortisol levels increased
considerably when animals were exposed to this kind of harvesting. Although its effects are poorly
explored, hunting activities, due to their seasonality, can result in repeated and prolonged stress.
Recently, a study suggested that active hunting events using hounds or involving great densities of
people can have a stronger impact with higher cortisol levels in cervids than calmer stalking [25].
In Portugal and Spain, the main hunting process used is a non-selective process called “montaria”,
which involves the release of packs of dogs (usually 150 to 300 dogs), that will chase the animals during
a maximum of five hours, and move them toward the hunters, positioned at the edge of the hunting
area [26,27]. Red deer is an important game species in Portugal, and its exploitation is mostly done
with this type of hunting process [26]. Due to the effects that this hunting practice can have on wildlife,
its ethical and economical effects have been debated [28]. Notwithstanding the revenue that hunting
can generate, this activity can also lead to several consequences in terms of disruption of age and
social structure, animal dispersion and life expectancy [29,30]. Moreover, and as suggested in some
studies [31,32], in wild populations, hunting may introduce an element of artificial selection. Thus,
hunting activities can induce significant changes in demography and population genetics, such as
social disruption or consequences on the gene pool of hunted populations [32,33]. The sustainability
and conservation implications of this practice, which include effects on demography, genetic pool,
behavior and general health, highlight the importance of management and regulation of hunting
activities [5,27,33].
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The main aim of this study was to investigate the impact of hunting activities on a wild population
of red deer using measurements of glucocorticoids in plasma and hair and its metabolites in feces,
all collected from hunted animals. We thus indirectly evaluated the stress levels of each hunted animal
from a few months before the hunting event until its death. Given the wide effect that a stress response
can have on the body, the physical and immunological condition of the animals was also evaluated.
2. Materials and Methods
2.1. Study Area and Red Deer Population
The study took place at Lousã Mountain (40◦3′ N, 8◦15′ W) and surrounding hunting areas,
located in Central Portugal. The climate in this Mediterranean area is characterized by hot and dry
summers and rainy winters [34]. With an altitude that ranges from 100 to 1205 m, this mountainous
region is predominantly composed of plantations of coniferous and broadleaf trees, and large shrubland
areas [26].
The red deer population in this region is the result of a reintroduction program that occurred
between 1995 and 1999 with the release of 96 animals. Currently, this species occupies around 435 km2
of the Lousã Mountain and surrounding areas, with an estimated density of 5.6 deer/km2 during the rut
season [35,36]. The calving season of this population occurs in May/June and rutting in mid-September
to the end of October. With females being 37 ± 3% (mean ± SE) smaller than males, this species shows a
very marked sexual dimorphism in body size. In addition, the sexual segregation outside the breeding
season results in a matriarchal society wherein the females adopt a more philopatric behavior and
males tend to disperse [35,37]. Since there are no natural predators, red deer are mainly preyed upon
by feral dogs. This species is one of the most hunted big game species of the Lousã Mountain region,
which includes 12 hunting areas, with red deer hunted in seven of them since the start of hunting in
the region in 2006/2007 [26].
2.2. Data Collection
The study was performed during two hunting seasons (2013/2014 and 2014/2015), enabling the
collection of samples from 80 red deer (38 adults: 26 females and 12 males; 30 sub-adults: 14 females
and 16 males; and 12 young). The samples were collected during autumn (October and November) and
winter (January and February) from red deer hunted in six “montarias” in three contiguous hunting
areas: ZCM (Municipal Hunting Area) of Lousã (three hunting events—34 animals), ZCM of Vila
Nova (one hunting event—7 animals) and ZCA (Associative Hunting Area) of Miranda do Corvo (two
hunting events—39 animals) located in the Lousã Mountain area. No hunting events were conducted
during the month of December. Post-mortem examination was made in situ, one to four hours after
the animals were killed, and included the collection of blood, feces directly from the rectum, hair from
the dorsal region and the metatarsus, and the recording of the sex and age class (based on animal
size, body conformation and characteristics of antlers) of each animal. In addition, in November, fecal
samples (n = 11) were also collected non-invasively during behavioral observations in the non-hunting
area (i.e., area where hunting is not allowed) located in the central part of the Lousã Mountain, to use
as the control.
Blood samples were taken directly from the heart into EDTA-tubes and centrifuged at 2000× g for
5 min. Plasma was collected and frozen at −20 ◦C in multiple aliquots. Feces, hair, and the metatarsus
were frozen and stored at −20 ◦C for subsequent analyses.
2.3. Steroid Extraction and Quantification
Five ml of diethyl ether was added to each plasma sample (0.5 mL). After being shaken and
centrifuged (2500× g, 15 min), the samples were frozen. Afterwards, the liquid component was
transferred to a glass vial and dried under a stream of nitrogen (40 ◦C). This procedure was performed
twice to increase the recovery of the extraction process. The combined and dried down extracts of
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each sample were dissolved in 0.5 mL of assay buffer and an aliquot analyzed by a cortisol enzyme
immunoassay (EIA), as described in detail before [38]).
From each dried fecal sample 0.2 g were taken and mixed with 4 mL of methanol (100%) and
1 mL of water. The samples were shaken for 30 min and centrifuged at 2500× g for 15 min [39].
A group (with a 3α-11-one structure) of fecal cortisol metabolites (FCMs) was measured using
an 11-oxoetiocholanonolone EIA. The utilized biotinylated label and the antibody (including its
cross-reactivity) have been previously described in detail [40]. The assay has been successfully
validated for use in red deer [41].
Hair samples were cut into fragments (<0.5 cm), washed with 5 mL 100% n-hexane to remove
any lipids and potential external contamination, and air dried. Hair samples (0.05 g) were mixed
with 5 mL of 100% methanol and incubated for 72 h for glucocorticoid extraction. After transferring
the supernatant into a new glass vial, the organic solvent was evaporated at 40 ◦C using a stream of
nitrogen. The extracts were dissolved in 0.5 mL of assay buffer and analyzed with a cortisol EIA [38,42].
2.4. Physical and Immunological Conditions
The physical condition of animals was assessed using bone marrow fat (BMF). The BMF was
determined using the metatarsus, from where the bone marrow was extracted and weighed (± 0.0001 g).
The bone marrow samples were then oven-dried at 60 ◦C and reweighed. BMF was determined as
BMF = (the weight of oven-dried marrow/fresh marrow) × 100 [43].
To evaluate the immunological state of an individual, we used the blood collected in the field to
make blood smears in the lab, followed by staining [44]. White blood cell counts and identification
(100 cells per smears) were performed using a Nikon Eclipse Ni microscope (Nikon Instruments Europe
B.V., Amsterdam, Netherlands). The examination and classification of blood cells were made based on
morphological criteria and properties of staining, allowing the identification of five types of white
blood cells, namely lymphocytes, neutrophils, eosinophils, monocytes and basophils, respectively [45].
2.5. Statistical Analysis
The correlation between the concentrations of GC in the different sampling tissues (i.e., plasma,
feces and hair) was tested using Pearson’s correlation. To analyse the physiological stress reactions,
general linear models (LM) were used to test the effects of sex, age-class and month (independent
variables) on the different GC levels (cortisol in plasma and hair, FCMs; dependent variables).
Additionally, to evaluate the influence of the physical condition and the immunological status of the
animals on GC levels, BMF and percentage of lymphocytes (the most abundant white blood cells
(WBC)) were included in this analysis as independent variables. The concentrations of GC or its
metabolites were transformed using a log transformation. BMF and WBC were logit transformed
to achieve an approximation of a normal distribution and to reduce heterogeneity [46]. Since no
significant interaction effects between the independent variables were found, only the main effects
were used in the final models. The year had no significant effect on the concentrations of cortisol in
plasma (F(1,48) = 1.989; p = 0.165) or hair (F(1,74) = 0.022; p = 0.882), nor on the concentrations of FCMs
(F(1,72) = 2.691; p = 0.105). Therefore, data of both years were pooled.
To evaluate the physical and immunological conditions of red deer, we tested the effects of sex,
age-class and month (independent variables) on BMF and WBC (dependent variables) using general
linear models (LM).
The results are expressed as mean ± SE and 95% confidence intervals (CI). All the statistical tests
were considered significant when p < 0.05. The statistical analyses were performed using IBM.SPSS®,
version 22 (IBM Corporation, New York, NY, USA).
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3. Results
3.1. Physiological Stress Reactions
Concentrations of plasma and hair cortisol and its metabolites in feces were not correlated (Table 1).
There was only a weak, but not significant correlation of cortisol in hair with fecal cortisol metabolites
(FCMs).
Concentrations of plasma cortisol did not show differences between sex (F(1,43) = 0.361; p = 0.551)
or age classes (F(2,43) = 0.074; p = 0.929). Comparison of plasma cortisol concentrations between
months showed marginally significant differences (F(3,43) = 2.809; p = 0.051) between the first and last
months of the hunting season (Figure 1a). These results were not affected by BMF levels (F(1,42) = 0.029;
p = 0.866). However, the percentage of lymphocytes was associated with the concentration of plasma
cortisol (F(1,42) = 5.947; p = 0.019; β = 2.553). Once we controlled for the percentage of lymphocytes, the
differences between months became more pronounced (F(3,42) = 4.356; p = 0.009). FCM levels did not
differ significantly in terms of sex (F(1,67) = 0.769; p = 0.384), age class (F(2,67) = 1.589; p = 0.212) or month
(F(3,67) = 0.367; p = 0.777; Figure 1b). Moreover, FCM levels were neither significantly influenced by the
BMF levels (F(1,65) = 3.206; p = 0.078) nor by the percentage of lymphocytes (F(1,44) = 1.151; p = 0.289).
Additionally, FCM values from hunted animals were higher (99.72 ± 11.33 ng/g) than those found
in wild animals at control areas (51.17 ± 6.89 ng/g), for the same month (i.e., November). Regarding
hair samples, levels of cortisol did not differ between sex (F(1,69) = 2.959; p = 0.090) and age classes
(F(2,69) = 1.570; p = 0.215). Cortisol levels in hair differed between months (F(3,69) = 3.805; p = 0.014),
with the highest values recorded in February and the lowest in October (Figure 1c). Cortisol levels
in hair were neither influenced by BMF (F(1,68) = 1.659; p = 0.202) nor the percentage of lymphocytes
(F(1,46) = 2.371; p = 0.130), and the differences and patterns between months remained the same even
after controlling for BMF levels and the percentage of lymphocytes.
Table 1. Pearson correlations between the concentrations of cortisol (metabolites) in plasma,
feces and hair.
Feces (n = 74) Hair (n = 76)
Plasma (n = 50) r = −0.152 r = −0.085
p = 0.307 p = 0.561
Feces (n = 74) - r = −0.217
p = 0.071
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Figure 1. Patterns of cortisol (metabolite) levels in (a) plasma (b) feces and (c) hair during the hunting
season (October to February). The values represent the estimated means from the general linear models
and the bars represent the 95% confidence intervals.
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3.2. Physical and Immunological Conditions
In terms of physical condition, measured by the BMF index, we found significant differences
between the sexes (F(1,72) = 43.370; p < 0.001), age classes (F(2,72) = 6.842; p = 0.002) and months
(F(3.72) = 3.288; p = 0.025). Females had higher BMF values than males in all months (Figure 2). The
differences obtained between age classes were mainly due to the poorer physical condition of calves
(79.6; 95% CI [68.2, 87.6]) when compared with sub-adults (92.9; 95% CI [90.0, 94.9]) and adults (92.8;
95% CI [90.0, 94.8]). Regarding months, the animals had higher values of BMF in January (93.4; 95%
CI [89.9, 95.8]) than in November (85.5; 95% CI [79.6, 90.0]). Lastly, white blood cells did not differ
between sexes, age classes or across months (p > 0.05 for all models).
Figure 2. Patterns of bone marrow fat (BMF) levels for red deer females (black circles) and males
(white squares) during the different months of the hunting season. The values represent the estimated
means from the general linear models and the bars represent the 95% confidence intervals.
4. Discussion
Our results confirmed that concentrations of cortisol (or its metabolites) in plasma, feces and hair
samples taken at the same time are not correlated. These results were expected since each sample
matrix provides information about the endocrine state at different times. GC levels in plasma reflect an
immediate physiological state [12], while feces provide information about the endocrine state a certain
time before the sample collection [11] and hair is supposed to reflect the status of an accumulated
period of some weeks to a few months [22]. Therefore, each biological sample matrix reflects distinct
time-windows and thus complementary information can be gained.
The levels of cortisol and its metabolites did not differ between sex or age classes. These results were
in agreement with those obtained by Huber et al. [17] who did not find differences in the concentration
of FCMs between female and male red deer. However, other studies described sex-specific differences
in glucocorticoid levels for some ruminant species [47,48] as well as age variations [49]. Regarding the
influence of the reproductive state on stress levels, changes in cortisol levels were reported in red
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deer, with older females having higher cortisol levels in late gestation than non-pregnant females [50].
However, for reindeer (Rangifer tarandus) no differences were found in plasma cortisol concentrations
between adult males, barren, and pregnant females [51]. Although the reproductive state of the
females was not assessed in the present study, previous long-term data from the same study area has
shown that during the sampling period more than 80% of females were usually pregnant (unpublished
data), which means that probably more than 80% of the sampled females for this study were also
pregnant. This fact, together with the absence of differences between males and females or age classes
suggests that all animals were exposed to the same levels of stress during the sampling period. In fact,
considering the type of hunting process used in our study area, which is not targeting any particular
sex or age class, the obtained results are in agreement with our predictions. In fact, the absence of
differences between males and females or age classes suggests that all animals were exposed to the
same levels of stress during the sampling period.
We found a trend in plasma cortisol concentrations to decrease during the hunting season from
November to February. A decrease of GC concentrations after regular and frequent occurrences of
a stressor is often an indication of acclimation [2], as observed in some studies with Brahman cattle
(Bos taurus indicus) and Magellanic penguins (Spheniscus magellanicus) [52,53]. However, besides the
fact that we are dealing with a major stressor in our study, we need to consider the possible influence
that this specific hunting method may have on our results. Since we have no information for how long
deer were chased by the dogs before being killed, the cortisol values in plasma could reflect different
chasing periods. Furthermore, the observed trend for plasma may also be influenced by other factors,
such as food intake or/and any environmental disturbance [54–56], which make an interpretation
more difficult. Although an influence of circadian rhythm in cortisol levels has been reported [55],
the hunting events in the study area occurred within the same period of the day, decreasing the possible
effect of daily circadian rhythm in our results.
Besides the trend obtained for plasma cortisol concentrations, the results also showed a positive
correlation of plasma cortisol levels and the percentage of lymphocytes. We expected the opposite,
namely a decrease of the percentage of lymphocytes with the increase of the stress levels, mainly due
to the effect of stress as an immune suppressor [57]. Instead, our results were more in line with the
immune-enhancing character of acute stress, promoting the passage of leukocytes from the blood
to other parts of the body, while chronic stress induces immune suppression [57–59]. Although this
interpretation requires caution given the existence of some unevaluated health-related factors, it points
to the important relation between white blood cells and cortisol levels, and the need for more studies
approaching this interaction.
We did not find differences in FCM concentrations across the sampled months. However,
a seasonal pattern of GC levels in cervids is suggested by some authors who documented higher values
in colder months than in warmer months of the year [17,60]. The minor influence of Mediterranean
mild winters [34] where the occurrence of snow is uncommon and food availability is not significantly
affected may have contributed to the lack of a seasonal pattern in our FCM levels during the hunting
season. In fact, some studies in Mediterranean red deer [61] and roe deer (Capreolus capreolus) [62]
suggested summer as the season with the most energetic constraints due to decreased food quality and
quantity due to hydric stress. These results point, although weakly, given the small control sample
size in terms of control group, to an influence of hunting in the stress levels. These results are in
agreement with those reporting higher FCM levels in chamois (Rupicapra rupicapra tatrica) in areas
with high disturbance than at low disturbance locations [16]. Hair cortisol concentrations differed
significantly across months, with an increase from the beginning (October) to the end (February) of the
hunting season. Cortisol levels recorded in February were significantly higher than the ones obtained
in October. Taking into account that the molt from the summer to the winter coat is gradual, especially
in adults where the development of new hair can occur before shedding the old one [63], our samples
from October included new hair, which began to grow in September and October, and hair from the
summer months which had not been shed yet. Furthermore, once hair follicle activity is reduced in
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February, because the end of the winter season is getting close and the winter coat is fully grown [63],
cortisol measured in hair that was sampled in this month should largely reflect the conditions from
the previous three months [64]. Therefore, the increase in cortisol levels across months may be an
indication of a period of prolonged stressful conditions induced by hunting activity, which is supported
by the higher FCM levels in individuals from impact areas than from control sites found in our results.
Similarly, Caslini et al. [65] found that hair cortisol levels in the same species (Cervus elaphus) were
higher in greater density areas associated with more difficult environmental conditions and higher
levels of anthropogenic disturbance (such as tourism). Our results are in agreement with those reported
in the mentioned study which suggested that long-term HPA axis activity and allostatic load, as a
consequence of higher densities, anthropogenic disturbances and/or environmental conditions in red
deer populations, can be evaluated using cortisol hair levels as an index [65]. In addition, Bryan et
al. [66] also documented higher hair cortisol levels in heavily hunted wolves (Canis lupus) than in
wolves with lower hunting pressure. Hair cortisol seems to be a good indicator of long-term stress
and has gained importance as a novel method to assess stressful conditions [19,22]. Hair can often be
collected without capture and handling of the animals (i.e., hair traps). Collection of hair for hormone
analyses may thus be a useful, non-invasive tool to monitor prolonged stressful conditions. Moreover,
the fact that cortisol levels in hair may provide a long-term endocrine profile [67,68] can be extremely
useful to study chronic stress and animal welfare [69]. On the other hand, taking into account our
results regarding plasma cortisol levels and FCM concentrations, hair might not be suitable at capturing
short-term stress levels.
Based on our results, and previous work, increased hair cortisol concentrations in our red deer
population seem to be a consequence of hunting activities. However, considering that our study
was focused on a wild population, there are other factors that may be contributing to the GC levels
obtained in hair, like temperature, food availability or season [17,60,70]. As the energetic balance
is a crucial factor in the ability of the animal to respond effectively to certain stressors [4], the body
condition, a measure of the long-term energetic reserves [26,71], can have an influence on cortisol levels.
Therefore, considering this bidirectional interaction, not only can stress affect body condition, energetic
parameters could also be important in dealing with stress. Our results did not show any correlation
between cortisol levels and BMF, which is a measure of physical condition, making the influence of
season and/or food availability on cortisol levels unlikely. Moreover, the source of cortisol accumulated
in hair is unclear, and some possible explanations have emerged. Keckeis et al. [72] reported a local
production of GC in the hair follicles of guinea pigs, however, how this mechanism is modulated
is still unknown. Recently, experimental evidence was provided in domestic sheep (Ovis aries) that
mechanical irritation of the skin significantly increased hair cortisol concentrations [73]. Another study
suggested the existence of a cutaneous HPA axis, able to synthesize and secrete cortisol, as well as
negative feedback regulation by cortisol under corticotropin-releasing hormone (CRH) expression [74].
The uncertainty about the origin of cortisol in hair leads to an additional caution in the interpretation
and analysis of GC levels in these types of samples [75,76]. To decrease the influence of confounding
factors in our study, hair samples were taken from the dorsal region in all the individuals. However,
further investigation would be very important to clarify whether cortisol concentrations are affected
by the level of hair pigmentation as well as body area, hair type, or if there is any pattern along
the hair shaft as suggested by some studies [18,20,21]. In addition, it is also relevant to emphasize
the importance of the combined use of different indicators of stress to obtain more complete and
precise information about the stress conditions of wild populations [10]. Plasma, feces and hair are
complementary tools, which can provide information from different time-windows, allowing a better
evaluation of the effects of human activities, like hunting, on the physiological stress response.
In terms of physical condition, our results showed that females were in better physical condition
than males. This could be due to differential costs of reproduction for each sex, with males going
through a phase of hypophagia and high activity levels during the rut [26,37]. Young individuals
also had lower BMW indices than adults, which may be the result of a greater investment of these
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animals into growth [77]. Despite the observed differences in physical condition, and contrary to
our predictions, the stress parameters we measured were not associated with physical condition.
However, Cabezas et al. [78] reported lower values of body condition in animals with high GC levels in
wild rabbits (Oryctolagus cuniculus). The absence of an association between stress levels and physical
condition may indicate that the studied red deer population had enough fat reserves to cope with the
stress induced by hunting activities.
5. Conclusions
The ability of plasma, feces and hair to provide multi-temporal information about physiological
state proved to be very useful in the present study. Although the use of different biological samples
increased the difficulty in the interpretation of our results, it allowed a broader panorama, which was
more complete and reliable to understand given such a complex topic like stress reactions. We found
evidence that repeated exposure of our red deer population to game hunting activity had an impact
on stress levels, which can have important consequences for sustainability and conservation of this
species. Specifically, stress can affect population dynamics, by changing foraging and breeding
behavior, animal welfare, and, ultimately, the evolutionary processes, by changing individual fitness
and selection [2,5,6]. Thus, exploring these topics is crucial to understanding the implications of
hunting for the conservation of this species and to improve hunting management activities. Our study
highlights the fundamental and broad role of stress in wildlife, emphasizing the need for more studies
capable of clarifying how different biological matrices may be useful to evaluate the impacts of human
pressure on wildlife, both in terms of stress level and stress processes.
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Simple Summary: The tiger is the largest of the wild cats. There are fewer than 4000 wild tigers
(Panthera tigris) worldwide and all subspecies of tigers are globally endangered. Due to pressures
from poaching and retaliatory killings, this carnivore had lost an estimated 93% of its historic range.
Given the critical situation of these wild felines, the health of each individual is of prime importance
and laboratory blood testing, as well as evaluation of their physical condition, is important in their
health assessment. Protein concentrations in the blood can be altered by malnutrition and dehydration
as well as by disease. Serum electrophoresis allows the identification of the different protein fractions
present in the blood and represents a useful tool in the diagnosis and monitoring of a number of
diseases. Due to the nature of wild Panthera tigris, it is extremely difficult to obtain biological samples
from free-living subjects, and therefore the values obtained from captive tigers provide very useful
data. This study reports serum protein electrophoresis in 11 adult captive individuals. These results
will be useful for the evaluation of physiological and pathological alterations in wild and captive
tigers and populations.
Abstract: Given the endangered status of tigers (Panthera tigris), the health of each individual is
important and any data on blood chemistry values can provide valuable information alongside the
assessment of physical condition. The nature of tigers in the wild makes it is extremely difficult
to obtain biological samples from free-living subjects, therefore the values obtained from captive
tigers provide very useful data. Serum protein electrophoresis is a useful tool in the diagnosis
and monitoring of a number of diseases. In this study, we evaluated agarose gel serum protein
electrophoresis on samples from 11 healthy captive tigers. Serum electrophoresis on all 11 tiger
samples successfully separated proteins into albumin, α1, α2, β1, β2 and γ globulin fractions as in
other mammals. Electrophoretic patterns were comparable in all tigers. Mean± standard deviation
or median and range values obtained for each protein fraction in healthy tigers were, respectively:
3.6 ± 0.2, 0.21 (0.2–0.23), 1.2 ± 0.2, 10.7 ± 0.2, 0.4 (0.3–0.6), 1.2 (1–1.8) gr/dL. The results of this
preliminary study provide the first data on serum electrophoretic patterns in tigers and may be a
useful diagnostic tool in the health assessment of this endangered species.
Keywords: Panthera tigris tigris; Panthera tigris altaica; siberian; tigers; bengal tigers; captive;
biochemical parameter; serum protein electrophoresis
1. Introduction
The tiger is the largest of the wild cats [1]. This large carnivore has lost an estimated 93% of its
historic range [2]. Furthermore, across their range, tigers face unrelenting pressures from poaching,
Animals 2020, 10, 716; doi:10.3390/ani10040716 www.mdpi.com/journal/animals85
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retaliatory killings, and habitat loss. Fewer than 4000 wild tigers (Panthera tigris) are left in the world [3]
and the International Union for Conservation of Nature (IUCN) has classified all subspecies of tigers
(Panthera tigris) as globally endangered [2].
Approximately 10% of the world’s tigers are found in the Russian Far East, where a single
metapopulation represents the vast majority of Siberian, or Amur, tigers (Panthera tigris altaica). Today,
there are fewer than 400 Amur tigers left in Russia and the eastern region of northeastern China [4–6].
The Bengal tiger (Panthera tigris tigris) is the most numerous of all tiger subspecies, with a wild
population of more than 2500 [7].
In parallel, the world’s largest population of tiger lives in captivity. Based on an estimate
from a number of conservation organizations, there are approximately 10,000 tigers in captivity all
over the world, with as many as 7000 tigers in the US in zoos, sanctuaries or privately owned [8].
Nevertheless, tigers in sanctuaries and zoological gardens worldwide represent a good source of
animals for reintroduction into the wild which may play an increasingly important role in preventing
the extinction of tigers through captive breeding programs [9]. Furthermore, such facilities are also
central in educating the public about the critical status of the endangered tigers throughout the
world [10].
Given the critical situation of these wild felines, maintaining the health of each individual is
essential and any hematological and blood chemistry values that can provide information on the
nutritional health status and physical condition are valuable. Furthermore, the detection of signs of
disease in these animals is difficult and biological parameters are regarded as very useful complementary
tools in the diagnosis and treatment of possible pathologies [11]. Total protein (TP) concentrations
and protein fractions can be altered by several factors, such as dehydration, chronic malnutrition,
malabsorption, maldigestion, protein-losing enteropathy, severe blood loss, chronic hepatic or
renal disease, immunodeficiency, infectious or parasitic disease as well as metabolic or oncologic
disorders [12,13]. Electrophoresis enables the separation of serum proteins into four/six fractions
(albumin and α1, α2, β1, β2 and γ globulin fractions in order of decreasing anodal mobility), resulting
in a typical electrophoretic pattern for the distribution of proteins [14]. Serum protein electrophoresis
is considered one of the most reliable techniques for determining serum protein composition and,
together with a basic hematologic and biochemical profile, are a useful tool in the diagnosis, prognosis,
and monitoring of various diseases in both human and veterinary medicine [15]. In veterinary
medicine, serum protein electrophoresis is mostly used for the investigation of hypoproteinemia and
hyperproteinemia when screening for monoclonal or polyclonal gammopathies [16]. In domestic cats,
electrophoretic pattern abnormalities are mainly associated with infectious/inflammatory diseases [17].
Wild cats can be affected by several disorders like infectious agents, including feline immunodeficiency
virus (FIV), renal diseases, neoplastic and inflammatory changes [18]. Hypergammaglobulinemia
related with myeloma has been reported in wild felid species like tiger [19,20] and lion [21]. Moreover,
in captivity, tigers face many stressors and, even if the most effective way to objectively measure stress
is by non-invasive measurement of stress hormone levels [9], evaluation of indirect markers of stress
may also be useful [22] to ensure holistic wellness and health status [9].The acute phase proteins (APP),
migrating in α1 and α2, globulin fractions, are a group of serum globulins, including ceruloplasmin,
haptoglobin, a-2-macroglobulin, alpha1-acid-glycoprotein, that increase during acute inflammation,
infection, surgical trauma or stress [22]. It has recently been suggested that phase APP may also be
useful in the assessment of animal welfare [23].
The wild nature of Panthera tigris means it is extremely difficult to obtain biological samples from
free-living subjects, making the data derived from captive individuals all the more useful. In addition,
access to large numbers of free-living or captive individuals for testing is limited and researchers rely
on data from a limited number of individuals [24,25].
To the knowledge of the authors, there is a paucity of literature regarding the serum electrophoretic
pattern of Panthera tigris. Such data are valuable for the veterinary care of these animals. The objective
of this study was to report values of total serum protein and electrophoresis fractions for healthy
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captive Panthera tigris, belonging to the subspecies Panthera tigris tigris (Bengala tiger) and Panthera tigris
altaica (Siberian tiger). These results will be useful for the evaluation of physiological and pathological
alterations in wild and captive tiger individuals and populations.
2. Materials and Methods
2.1. Animals and Sampling
Sera were collected from fifteen tigers, 6 Bengal tigers (Panthera tigris tigris), 7 tigers (Panthera tigris)
and 2 Siberian tigers (Panthera tigris Altaica), including 7 neutered males and 8 neutered females,
with ages ranging from 3.5 to 17 years. All tigers were housed, individually or in groups based on
individual sociability, in various sized enclosures, rescue centers for exotic felids, zoological parks,
or a circus located in northern Italy. Tigers were being immobilized for routine physical examination,
ocular and dental examination, vaccination administration or minor surgical or diagnostic procedures.
Each tiger received a clinical examination, and those with any visible abnormalities, with an inadequate
body condition score, with signs of dehydration or with any signs of disease were excluded from the
group of subjects considered clinically healthy.
2.2. Sample Preparation
As part of the health examination while under general anesthesia, blood samples were collected
from the jugular, cephalic or saphenous vein of each animal. Blood was collected in plain tubes
(Sistema BD Vacutainer®, Becton Dickinson Italia SPA, Italy) and serum was obtained by centrifugation
at 10 min at 2500× g. Written owner consent for use of surplus blood samples, and use of data for
scientific purposes, was obtained during consultations. The study design was approved by University
of Milan Animal Welfare Bioethical Committee (Approval number OPBA 31/2019).
2.3. Total Serum Protein
Total serum protein concentration was measured by spectrophotometry using the colorimetric
biuret method (Hagen Diagnostica S.R.L., Via Pratese 13 Firenze) on a Cobas Mira Classics Roche
automated chemistry analyzer (Roche S.p.A., Mannheim, Germany).
2.4. Agarose Gel Electrophoresis
Sera samples were refrigerated at 4 ◦C and were analyzed within 8 hours of sampling. Protein
fractions were analyzed using a semiautomated agarose gel electrophoresis (AGE) system (with
HYDRAGEL Kit β1-β2 (SEBIA, Issy-les-Moulineaux, France). Serum was electrophoresed for 7 minutes
at 33 volts hours and stained with diluted Amidoschwarz dye at pH 2 (4 g/L Amidoschwarz dye and
6.7% ethylene glycol). The AGE procedure was conducted according to the manufacturer’s instructions,
and commercial human serum was used as the control (normal control serum, Sebia, Evry, France).
Using the computer software Phoresis for Windows 2000 or XP Pro (Sebia), the electrophoretic curve for
each sample was displayed. Protein fractions were determined as the percentage optical absorbance,
and the absolute concentration in g/dL was automatically calculated from the total serum protein
concentration. Albumin to globulin (A/G) ratios were also calculated. The same operator analyzed all
samples. To establish the inter-assay-accuracy of agarose gel electrophoresis on tiger serum, sera from
two healthy tigers, one Bengal Tiger, 9A, F and one Siberian Tiger 1,1A, F, were tested 3 times on
the same day, in the same laboratory and interpreted in duplicate by two operators. Coefficient of
variability (CV) computed as SD/mean × 100 was calculated for each protein fraction.
2.5. Statistical Analysis
Data were tested for normality using the Shapiro–Wilk normality test. For normal distributions,
means and standard deviations were calculated, and for non-normally distributed data, medians
and ranges were calculated. Due to the scarcity of information on tiger electrophoretic patterns,
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values were compared to cheetah [13] and domestic cat [17] reference values. Due to the small
sample size, the reference interval (RI) limits are directly estimated by the minimum and maximum
values [26]. Statistical analysis was performed using MedCalc Statistical Software version 15.11.3
(MedCalc Software, Ostend 8400, Belgium).
3. Results
After clinical examination, only 11 out of 15 tigers were deemed clinically healthy. Therefore,
serum samples from 11 tigers—five Bengal tigers (Panthera tigris tigris), five tigers (Panthera tigris)
and one Siberian tiger (Panthera tigris Altaica), four neutered males and seven neutered females,
with ages ranging from 5 to 16 years—were used to identify electrophoretic patterns of serum proteins
in healthy tigers. Agarose gel electrophoresis carried out on all 11 tiger samples, successfully separated
tiger serum proteins into albumin, α1, α2, β1, β2 and γ globulin fractions (Figure 1). All tigers had
comparable electrophoretic patterns.
Figure 1. Electrophoretic curve of one healthy tiger. Agarose gel electrophoresis was able to separate
serum proteins into six fractions: albumin, α1, α2, β1, β2 and γ globulin in order of decreasing
anodal mobility.
All data, with the exception of α1, β2 and γ globulin fractions, were normally distributed.
Gender-specific and age differences were not analyzed because the sample size was insufficient to
allow statistical evaluation. Descriptive statistics of the protein serum electrophoresis fractions carried
out in our healthy tiger population and reference values for cheetahs [13] and domestic cats [17] are
given in Table 1.
The mean values of α2 and β1 globulin were 11.65% and 55.55% respectively, above the higher
reference values indicated for domestic cats for the same globulin fractions [17]. Mean values of
α1, α2 and γ globulin fractions were, respectively, 13.04% below the lower value and 74.24% and
18.18% above the higher value references indicated for cheetahs for the same globulin fractions [13].
The inter-assay accuracy of the agar gel electrophoresis in tiger serum was excellent as the same
electrophoretic shape was recorded in all three repeated samples and for all protein fractions, with the
exception of the α1 globulin fraction in tiger number 2, the CVs were within the accepted ranges of
within-subject biological variation for people (Table 2) [27].
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Table 1. Total protein concentration and concentrations of albumin and α1, α2, β1, β2 and γ globulin
fractions, obtained using agarose gel electrophoresis (AGE), in 11 healthy captive tigers. Mean, SD,
minimum and maximum value. Reference value of electrophoretic fractions in cheetah and domestic
cats from previous studies. ◦ data non-normally distributed.
Parameter
Mean +/−
SD (range)
Minimum
Value
Maximum
Value
Reference
Values Cheetah
Depauw (2014)
Reference Values
Domestic Cat
Taylor (2010)
TP g/dL 7.4 ± 0.8 6.2 8.9
Albumin g/dL 3.6 ± 0.2 3.3 3.9 3.2–4.8 2.9–4.67
α1 globulin◦ g/dL 0.2 (0.2–0.23) 0.2 0.26 0.23–0.67 0.20–0.49
α2 globulin g/dL 1.2 ± 0.2 0.8 1.5 0.13–0.66 0.29–1.03
β1globulin g/dL 0.7 ± 0.2 0.44 1.2 0.4–0.8 0.15–0.45
β2 globulin◦ g/dL 0.4 (0.3–0.6) 0.3 0.6 0.16–0.48 0.15–0.49
γ globulin◦ g/dL 1.2 (1–1.8) 0.8 2.3 0.29–1.1 0.43–2.14
A/G 0.92 ± 0.2 0.7 1.3 1.6
Table 2. Serum protein electrophoresis in 2 healthy captive tigers serum samples tested 3 times on
the same day, in the same laboratory and interpreted in duplicate by two operators. Coefficient of
variability (CV) of total protein, albumin and α1, α2, β1, β2 and γ globulin calculated as SD/mean × 100.
Tiger
Total
Protein g/dL
Albumin
g/dL
α1globulin
g/dL
α2globulin
g/dL
β1globulin
g/dL
β2globulin
g/dL
γglobulin
g/dL
A/G
Tiger 1 7 3.32 0.22 1.16 0.62 0.43 1.25 0.9
Tiger 1 7 3.19 0.23 1.23 0.62 0.41 1.33 0.84
Tiger 1 7 3.3 0.22 1.19 0.58 0.43 1.27 0.89
CV 0 2.14 2.27 2.94 3.83 2.61 3.2 4,8
Tiger 2 8.9 3.67 0.2 1.5 0.69 0.56 2.29 0.7
Tiger 2 8.9 3.89 0.15 1.41 0.66 0.5 2.3 0.78
Tiger 2 8.9 3.7 0.17 1.49 0.68 0.6 2.27 0.71
CV 0 3.2 14.4 3.4 1.7 9.1 0.6 5.4
CV1 3.2 11.4 10.3 10.1 − 14.6
CV1: within-subject biologic variation for human samples (Westgard https://www.westgard.com/biodatabase1.htm).
4. Discussion
To the best of our knowledge, there have been no studies of the serum protein electrophoretic
fractions in healthy tigers. The total serum protein electrophoretic pattern obtained with agarose gel
electrophoresis separated the protein into six fractions, albumin, α1, α2, β1, β2 and γ globulins as
in other mammals [14], resulting in a typical electrophoretic pattern for the distribution of proteins.
Mean values of albumin and globulin fractions, with the exception of α2 and β1 globulins mean
concentration, in our healthy tiger population fell within the reference values for domestic cats [17].
The average values of α2 and β1 globulins were above the higher reference values indicated for
protein serum electrophoresis performed with AGE in domestic cats [17]. In mammals, the α2
globulin fraction mainly consists of acute-phase proteins, such as α1- acid glycoprotein, and often
these proteins increase as a result of activation of the inflammatory response [28] to regulate different
stages of inflammation [29]. Complement is one of the main proteins present in the β globulin
fraction, corresponding to the sum of β1 and β2 globulin fractions [14]. Both α2 and β1 globulins
fractions may be elevated if there is increased production of some acute phase proteins which migrate
into these regions [14]. Recently, acute phase proteins have also been proposed as useful stress
biomarkers. In humans, cows and experimental animals, psychological and physical stress elevates
plasma interleukin-6 and APP levels [22,30]. Acute phase proteins are synthesized predominantly
in the liver, in response to secretion of pro-inflammatory cytokines. In response to stress signals,
the hypothalamic–pituitary–adrenal (HPA) axis may trigger cytokine production resulting in an
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increase in hepatic APP synthesis and release into the bloodstream [22]. Although lacking specificity,
the detection of an increase in α2 globulin could help in monitoring the stress status of tigers in captivity.
Although the sample size analyzed was limited, the data obtained in this study could suggest
that healthy tigers may have a higher concentration of acute phase proteins than domestic cats,
or that the tiger population studied could have been in an inflammatory state. The interpretation of
serum protein electrophoretic patterns depends on the variations among different groups of animals.
Moreover, acute phase proteins are a variable group of serum proteins and concentrations vary widely
between different animal species [31]. Domestic cats are in the same family and share a similar
physiology to tigers and could be an acceptable alternative for comparison of normal values for many
biochemical parameters; however, they are a different subfamily and extrapolation of all results is
dangerous. Depauw et al. (2014) [13] reported results of captive cheetah (Acinonyx jubatus) serum
protein electrophoretic fractions by capillary electrophoresis (CE). Although the AGE and CE are
different techniques for protein fraction separation, the shape of the electrophoretogram of cheetah
serum was comparable to that found in our healthy tiger sample [13].
The percentage of variation observed between protein fractions of two healthy tiger serum samples
repeatedly submitted to agarose gel electrophoresis to evaluate inter-assay-accuracy were within the
accepted ranges of within-subject biological variation for people [27]. Only the α1 globulin fraction
exceeded the acceptable value of 20.83%. This result could be due to the low concentration of α1
globulins in the serum. In fact, the accuracy of analysis is usually better for protein fractions found in
higher serum concentrations because low concentrations are more susceptible to small changes [32].
Cushing et al. (2019) [19] described a cases series of myeloma associated with hypergammaglobulinemia
in five adult tigers. Diagnosis of myeloma is based on a variety of clinical signs often associated with
monoclonal gammopathy found in serum. It is interesting to note that in this case series, the serum
protein electrophoresis was done in the absence of reference values for the serum protein pattern
typical of this species. This underlines the importance of acquiring a database of reference values even
for the rarest wild carnivores.
There were a number of limitations with this study. Firstly, although each tiger was clinically
examined, and screened for visible alterations and low body condition score, the history was sometimes
incomplete or unavailable, which may have compromised the accurate categorization of animals
according to health status and disease type. In addition, samples were from animals in different types
of housing, so the diversity of habitat and diet could have affected the results. [25]. Furthermore, due to
the small number of subjects, we are not able to define reference ranges. In fact, following the reference
interval guidelines of the American Society for Veterinary Clinical Pathology, reference ranges should
not be calculated when the sample size is <20 subjects. In these cases, mean or median and minimum
and maximum values should be provided [33]. For the same reason, we did not evaluate the influence
of gender or age on serum protein electrophoretic patterns.
In veterinary medicine, serum protein electrophoresis is recognized as a useful tool in the diagnosis,
prognosis and monitoring of a number of diseases [15,17]. Alterations of blood biochemical values are
interpreted by comparison with the same value in healthy subjects. This study provides useful data on
the serum protein electrophoretic values in healthy captive tigers that increases our understanding
of this endangered species. Furthermore, the paucity of reports of variations in serum protein
electrophoretic patterns in free-ranging or captive tigers makes this preliminary study a useful aid for
the evaluation of physiological and pathological alterations in both wild and captive tiger populations.
5. Conclusions
Serum protein electrophoresis is a useful tool in the diagnosis and monitoring of a number of
diseases. This study presents serum protein electrophoresis in a sample of healthy captive tigers. Due to
the nature of wild Panthera tigris, it is extremely difficult to obtain biological samples from free-living
subjects, and therefore the values obtained from captive tigers provide very useful data. Results
indicate that agarose gel electrophoresis separates the total serum protein into six fractions, albumin,
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α1, α2, β1, β2 and γ globulins in tigers as in other mammals, resulting in a typical electrophoretic
pattern for the distribution of proteins. Mean values of albumin and globulin fractions, with the
exception of α2 and β1 globulins mean concentration, in our healthy tiger population fell within the
reference values indicated for protein serum electrophoresis performed with AGE in domestic cats.
These preliminary results provide the first data on serum electrophoretic pattern in healthy tigers and
may offer a platform for further research into serum proteins as a useful diagnostic tool in the health
assessment of this endangered species.
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Simple Summary: Salivary immunoglobulin A (sIgA) and cortisol concentrations were measured
in Asian elephants to determine circadian rhythm effects and the relationship between both
biomarkers. Saliva samples were collected every 4 h from 06:00 to 22:00 h for 3 consecutive
days (n = 15 samples/elephant). We used enzyme immunoassays for quantification of sIgA and
cortisol concentrations. Both sIgA and cortisol followed a circadian rhythm, although the patterns
differed. For both, the highest concentrations were in the early morning hours when elephants began
the work day; however, sIgA concentrations were more variable during the day. There was no
correlation between the two indices because the pattern of sIgA was quartic, while that of cortisol
was linear. We provide basic knowledge for further studies using sIgA as a welfare biomarker.
Abstract: Salivary immunoglobulin A (sIgA) has been proposed as a potential indicator of welfare
for various species, including Asian elephants, and may be related to adrenal cortisol responses. This
study aimed to distinguish circadian rhythm effects on sIgA in male and female Asian elephants
and compare patterns to those of salivary cortisol, information that could potentially have welfare
implications. Subjects were captive elephants at an elephant camp in Chiang Mai province, Thailand
(n = 5 males, 5 females). Salivette® kits were used to collect saliva from each elephant every 4 h from
06:00 to 22:00 h for 3 consecutive days (n = 15 samples/elephant). Enzyme immunoassays were used
to quantify concentrations of IgA and cortisol in unextracted saliva. Circadian rhythm patterns were
determined using a generalized least-squares method. Both sIgA and cortisol followed a circadian
rhythm, although the patterns differed. sIgA displayed a daily quartic trend, whereas cortisol
concentrations demonstrated a decreasing linear trend in concentrations throughout the day. There
was no clear relationship between patterns of sIgA and salivary cortisol, implying that mechanisms
of control and secretion differ. Results demonstrate for the first time that circadian rhythms affect
sIgA, and concentrations follow a daily quartic pattern in Asian elephants, so standardizing time of
collection is necessary.
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1. Introduction
The Asian elephant (Elephas maximus) is the official national animal of Thailand, classified as
endangered by the International Union for Conservation of Nature (IUCN 2010), and listed in Appendix
1 of the Convention on International Trade in Endangered Species of Wild Fauna and Flora (CITES).
Since the logging ban in 1986, thousands of elephants and their mahouts were left without work
and took to the streets to beg for food. About a decade later, a new industry emerged for Thai
elephants—tourism. In 2017, there were 2673 elephants working in 223 tourism venues throughout
the country (National Elephant Institute, Lampang, Thailand). While a few camps offer observation
only, most utilize elephants in a variety of scheduled activities, like riding with and without saddles,
entertainment shows, and tourist feeding and bathing. Around 900 elephants reside in more than 80
venues in Chiang Mai province. Variation in elephant demographics, work activities, elephant care,
and mahout management is evident among the camps of northern Thailand, as recently reviewed by
Bansiddhi et al. [1], all of which can affect how individuals cope with the tourist environment.
Assessment of animal welfare relies on measures of physiological function (e.g., health,
reproduction, stress) and/or behavior, applied at individual or population levels. The most commonly
used biomarkers of stress and, by extension welfare, are glucocorticoids (GC) [2]. In response to an
acute stimuli, activation of the hypothalamic-pituitary-adrenal (HPA) axis causes the release of cortisol
from the adrenal cortex [3], which then feeds back to inhibit further release to restore homeostasis [4].
In humans and animal models, cortisol is typically measured in blood serum or plasma; however, the
potential for inducing stress due to handling and blood collection [5] is a concern for most wildlife
species, especially for repeated sampling. Thus, noninvasive approaches that quantify GC metabolites
in urine or feces have been developed to assess acute and chronic stress responses in many species [6,7].
Another method—saliva collection—is less invasive than blood and, with a lag time of only 20–30 min,
provides almost real time results [7]. Although studies have shown the value of GC for monitoring
stress and welfare, including in elephants [8,9], today it is recognized that additional indicators that
incorporate multiple physiological systems offer more ways to assess both negative and positive
welfare states [10].
Recently, salivary immunoglobulin A (sIgA) has been promoted as a potential biomarker of
positive affects [11,12]. Immunoglobulin A is found in many secretory fluids, including saliva and
breast milk, and in nasal, gastrointestinal, bronchial, and urogenital secretions [13]. In general, sIgA
responds quickly to acute events (positive or negative), increasing or decreasing depending on the
stressor. Positive mood inductions related to movies, music, and self-referent statements have been
shown to increase sIgA [14], as well as relaxation and massages [13]. However, sIgA concentrations
also alter in response to negative effects. For example, depletion of sIgA occurs in humans taking
academic exams [15,16], while elevations have been related to mental arithmetic tasks, and reported
daily hassles and work demands [13,17]. Studies in mammalian species have linked sIgA to stress as
well. In dogs, noise stressors and defense training caused a decrease in sIgA [18,19], while puppies
displayed increased sIgA after behavioral testing [19,20]. In pigs, sIgA increased due to restraint
stress [21] and isolation [22]. However, before using sIgA as a welfare biomarker, baseline levels must
be established, as well as any endogenous patterns. Two studies have measured immunoglobulin A in
Asian elephants [23,24], but neither examined specific temporal patterns.
The circadian rhythm is a roughly 24 h cycle in physiological processes, which generally are
endogenously generated, although they can be modulated by recurring external cues, such as
sunlight, temperature, and sleep-wake and activity cycles [25]. The suprachiasmatic nucleus (SCN)
in the hypothalamus serves as the master pacemaker that sets the timing of rhythms by regulating
neuronal activity, body temperature, and hormonal signals [26]. Circadian patterns are important
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to consider when interpreting biological results, to distinguish between basal rhythms and extrinsic
effects. It is generally accepted that most mammals exhibit circadian patterns in GC secretion, with
concentrations being highest in the morning and lowest at around midnight [16,22,27,28]. Studies in
Asian elephants [29,30] have confirmed this pattern in urine [29] and saliva [30,31] samples. IgA also
has been shown to have a diurnal pattern. In humans, concentrations decline throughout the day from
a morning peak at 08:00–09:00 h. By contrast, in pigs [21] and dogs [18], sIgA concentrations are lowest
in the morning (09:00 h), increase during the day (11:00–15:00 h), and then decline at night (17:00 h).
There are no reports of circadian rhythms in sIgA in Asian elephants, nor its relationship with the
well-studied stress hormone, cortisol. Thus, the goals of this study were to assess temporal patterns
of sIgA throughout the day as a potential novel biomarker aiding in the assessment of welfare in
elephants, and compare the patterns to those of cortisol. We hypothesized that sIgA in Asian elephants
follows a circadian rhythm that is correlated with salivary cortisol.
2. Materials and Methods
2.1. Animals and Sample Collection
All animal procedures were approved by the Institutional Animal Care and Use Committee,
Faculty of Veterinary Medicine, Chiang Mai University, Chiang Mai, Thailand (license number; S2/2561).
Saliva samples were collected from five male and five female Asian elephants aged 34.5 ± 4.7
years (range, 11–54 years) and weighed 3216 ± 306.29 kg (range, 2568–3702 kg) by applying the
heart girth equation [32] from an elephant facility in Chiang Mai, Thailand. Samples were collected
every 4 h between 06:00 to 22:00 h for 3 consecutive days (n = 15 samples/elephant). Bull elephants
were restrained with long chains (30 m) during the day and short chains (5 m) at night. Female
elephants were kept unrestrained in a fenced area (1600 m2) allowing social interactions during the
day (09:00–16:00 h) and on short chains (5 m) at night. Elephants at night were chained inside an open
shed with other elephants in close proximity, but with no physical contact. Females participated in
tourist feeding and bathing routines twice a day (from 09:00–12:00 and 13:00–16:00 h), while bulls did
not interact with tourists. Saliva collection did not interfere with the normal routine of the elephants
during the day. At night, lights were turned off at around 22:00 h to allow elephants to rest, so samples
were not collected between 22:00 and 06:00 h. Saliva was collected using Salivette® kits (Sarstedt,
AG and Co, Numbrecht, Germany) by swiping the absorbent piece inside the buccal area for 30–60
s, which took less than 5 min to complete. Samples were kept in 4 ◦C coolers for less than 8 h until
centrifuged at 1500× g for 5 min at 15 ◦C. Two swabs were collected and the saliva pooled, resulting in
an average volume of 500 μL (100–1500 μL) per sample. Saliva was stored at −30 ◦C until analysis.
Samples were analyzed within 3 months as suggested by Ng et al. [33].
2.2. Enzyme Immunoassays
2.2.1. Immunoglobulin A
Immunoglobulin A was quantified in Asian elephant saliva by enzyme immunoassay (EIA) as
described by Edwards et al. [24] with some modifications. A polyclonal rabbit anti-human IgA antibody
(A0262, Dako, Glostrup, Denmark) was diluted to a working concentration of 1 mg/L in phosphate
buffered saline (0.01 M phosphate buffer, 0.15 M NaCl, pH 7.2) (PBS) and 100 μL added per well to
a 96-well microtiter plate (Nunc-Immuno maxisorp, Thermo Fisher Scientific, Roskilde, Denmark).
After incubation overnight at 4 ◦C, plates were aspirated and washed three times with phosphate
buffered saline with tween (PBS-T). Standards (0.39–100 μg/L; I2636, Sigma Aldrich, St. Louis, MO,
USA) and saliva samples diluted 1:100 in PBS-T were added in duplicate. Following incubation at
room temperature (RT) for 2 h on a plate shaker set to 150 rpm, plates were aspirated and washed three
times with PBS-T. A polyclonal rabbit anti-human IgA antibody conjugated to horseradish peroxidase
(HRP; P0216, Dako, Glostrup, Denmark) was diluted 1:10,000 in PBS-T and 100 μL added per well
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before incubation at room temperature (RT) for 1 h on a plate shaker set to 150 rpm. After a final wash
step, 100 μL of 3,3′,5,5′-tetramethylbenzidine (TMB) was added per well and incubated in the dark for
10 min at RT. Finally, the reaction was stopped with 50 μL stop solution (1N HCl) and the absorbance
measured at 450 nm using a microplate reader (TECAN Sunrise, Salzburg, Austria). Assay sensitivity
was 3.37 ng/mL. The EIA was validated for elephant saliva by demonstrating parallelism between serial
dilutions of saliva and the IgA standards (y = 7.8042x + 0.2779, R2 = 0.986) and significant recovery of
IgA added to low concentration saliva before analysis (y = 0.935x + 0.485, R2 = 0.997). Samples were
analyzed in duplicate; inter-assay coefficient of variation (CV) was 10.49% (n = 3), and the intra-assay
CV was 2.36%.
2.2.2. Cortisol
Concentrations of salivary cortisol were determined using a double-antibody EIA with a polyclonal
rabbit anti-cortisol antibody (R4866). Second antibody-coated plates were prepared by adding 150 μL
of anti-rabbit IgG (0.01 mg/mL) to each well of a 96-well microtiter plate (Nunc-Immuno maxisorp,
Thermo Fisher Scientific, Roskilde, Denmark), and incubated at RT for 15–24 h. The wells were then
emptied and blotted dry, followed by adding 250 μL blocking solution (100 mM phosphate, 150 mM
sodium chloride, 1% Tween 20, 0.09% sodium azide, 10% sucrose, pH 7.5) and incubating for 15–24
h at RT. After incubation, all wells were emptied, blotted, and dried at RT in a desiccating cabinet
(Sanpla Dry Keeper, Sanplatec Corp., Auto A-3, Japan) with loose desiccant in the bottom. After drying
(humidity < 20%), plates were heat-sealed in a foil bag with a 1g desiccant packet and stored at 4
◦C until use. Neat samples (50 μL) or cortisol standards (50 μL) were added to appropriate wells.
Cortisol-horseradish peroxidase (HRP) (25 μL) was immediately added to each well, followed by 25 μL
anti-cortisol antibody (except non-specific binding wells) and incubated at RT for 1 h on a plate shaker
set to 150 rpm. Plates were then washed four times with wash buffer (1:20 dilution, 20×Wash Buffer
Part No. X007; Arbor Assays, Ann Arbor, MI, USA) and 100 μL of TMB dihydrochloride dissolved
in phosphate-citrate buffer with sodium perborate (Sigma Aldrich, St. Louis, MO, USA) was added,
followed by incubation for 10 min at RT without shaking. The reaction was stopped with 50 μL stop
solution (1N HCl) and absorbance was measured at 450 nm by a microplate reader (TECAN Sunrise,
Salzburg, Austria). Assay sensitivity based on 90% binding was 0.084 ng/mL. The cortisol EIA was
validated for elephant saliva by demonstrating parallelism between serial dilutions of saliva and the
cortisol standards (y = −10.946x + 99.705, R2 = 0.996) and significant recovery of cortisol added to low
concentration saliva before analysis (y = 0.7935x + 0.0743, R2 = 0.9987). Samples were analyzed in
duplicate; inter-assay and intra assay CVs were 5.48% (n = 4) and 1.46%, respectively.
2.3. Statistical Analysis
All analyses were performed using R statistical software version 3.5.1 [34]. Descriptive data were
reported as mean ± standard error of the mean (SEM) for both sIgA and cortisol concentrations in each
time period, and as overall concentrations for each sex. A generalized least-squares method (GLS)
was used to compare differences in sIgA and cortisol concentrations over time. The GLS model was
constructed by using nonlinear mixed-effects (nlme) package 3.1-137 [35]. We constructed the model
using time period and day of sample collection as the main effects. Individual elephant was defined as
a random effect. For GLS modelling, the Akaike information criterion (AIC) was determined from
models with different covariance structures, including compound symmetry, autoregressive process of
order 1 (AR1), and general correlation matrix with no structure. The compound symmetry structure
had the lowest AIC value for the sIgA comparison model and AR1 had the lowest AIC value for cortisol,
indicating the best fitted models. Therefore, the structure of the covariance pattern for GLS models
for sIgA and cortisol were defined as the compound symmetry and AR1, respectively. Significant
differences in mean sIgA and cortisol concentrations between different time periods were analyzed
by Tukey’s post-hoc tests followed by examining linear, quadratic, and quartic trend effects over the
24 h cycle using the linear regression model and the locally weighted least squares regression (loess)
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method. Residuals from the fitted models were tested for normality and homogeneity of variance
assumption by plotting standardized residuals versus quantiles of standard normal (QQ normality
graph) and plotting standardized residuals versus fitted values, respectively. The plot indicated no
violation for both assumptions, thus transformation of the sIgA and cortisol concentration data was not
necessary. The scatter plots of sIgA and cortisol values were created using ggplot2 package 3.1.1 [36].
The repeated measures correlation (rmcorr) package 0.3.0 [37] was used to determine the correlation
between sIgA and cortisol accounted for inter-individual differences in baseline concentrations. For all
statistical tests, the significance level was set at α = 0.05.
3. Results
Average sIgA and cortisol concentrations for the three collection periods are summarized in
Table 1. The highest average sIgA and cortisol concentrations were observed in samples collected
at 06:00 h, while the lowest values occurred between 18:00 and 22:00 h, respectively. Individual
concentrations of every time point is provided in Supplementary Materials Table S1.
Table 1. Daily and overall mean ± standard error of the mean (SEM) concentrations and ranges of
salivary immunoglobulin A (sIgA) and cortisol in 10 Asian elephants (n = 5 male, 5 female).
Parameter Day Time (hours) Min-Max
(ng/mL) 06:00 10:00 14:00 18:00 22:00 (ng/mL)
sIgA
1 60.61 ± 3.99 53.40 ± 5.63 43.69 ± 4.00 55.52 ± 6.62 55.04 ± 6.38 22.80–83.70
2 85.13 ± 11.4 61.62 ± 6.88 71.33 ± 7.27 51.89 ± 6.82 79.13 ± 7.75 19.87–150.18
3 70.36 ± 8.68 42.85 ± 6.03 58.05 ± 5.4 39.17 ± 6.17 49.17 ± 4.92 13.71–96.19
Overall 72.09 ± 5.07 a 52.96 ± 3.69 b 56.67 ± 3.57 a,b 48.64 ± 3.76 b 61.75 ± 4.29 a,b 13.71–150.18
Cortisol
1 0.82 ± 0.09 0.76 ± 0.10 0.86 ± 0.15 0.71 ± 0.31 0.55 ± 0.15 0.12–3.17
2 0.87 ± 0.17 0.56 ± 0.14 0.52 ± 0.05 0.34 ± 0.10 0.48 ± 0.18 0.08–2.01
3 0.63 ± 0.06 0.49 ± 0.14 0.41 ± 0.10 0.28 ± 0.05 0.23 ± 0.06 0.10–1.26
Overall 0.79 ± 0.07 a 0.61 ± 0.07 a,b 0.59 ± 0.08 a,b 0.46 ± 0.12 a,b 0.45 ± 0.09 b 0.08–3.17
a,b Means within rows with different superscripts are significantly different for each biomarker (p < 0.05).
Average sIgA and cortisol concentrations by sex are summarized in Table 2, with no differences
observed at each time point (sIgA: p = 0.57, Cortisol: p = 0.73).
Table 2. Comparison of overall mean (± SEM) concentrations of salivary immunoglobulin A (sIgA)
and cortisol between sexes (n = 5 males, 5 females) throughout three, 24 h periods.
Parameter Time (hours) Min-Max
(ng/mL) 06:00 10:00 14:00 18:00 22:00 (ng/mL)
sIgA
Male 65.88 ± 8.55 52.77 ± 8.34 59.83 ± 7.11 46.06 ± 6.91 60.93 ± 6.45 13.71–125.12
Female 78.74 ± 8.84 53.15 ± 3.58 52.72 ± 4.77 51.62 ± 6.15 62.7 ± 8.7 14.88–150.18
Cortisol
Male 0.83 ± 0.13 0.69 ± 0.12 0.5 ± 0.08 0.37 ± 0.07 0.42 ± 0.14 0.08–2.01
Female 0.73 ± 0.10 0.52 ± 0.11 0.71 ± 0.15 0.61 ± 0.29 0.44 ± 0.12 0.1–3.17
From the GLS model, the effect of time was significant for sIgA (p = 0.0001), but only approached
significance for cortisol (p = 0.06). There was an effect of collection day (sIgA; p < 0.0001, cortisol; p =
0.0235) for both biomarkers. Even though no effect of time was found for cortisol in the model, post
hoc comparisons using the Tukey’s honestly significant difference (HSD) test indicated that mean sIgA
concentration at 06:00 h was higher than that at 10:00 h (p = 0.002) and 18:00 h (p = 0.0001). By contrast,
mean cortisol concentration at 06:00 h was only higher than that at 22:00 h (p = 0.0373). All data were
used to construct a trend line using loess regression analysis. Mean and standard deviation (SD) are
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presented in Figures 1 and 2 as well as the trend line for IgA and cortisol concentrations. Quartic (p =
0.04) trend effects for sIgA (Figure 1), and linear (p = 0.002) trend effects for cortisol (Figure 2) were
evident throughout the 24 h cycle.
 
Figure 1. Scatter plot indicating quartic circadian pattern of sIgA concentrations in 10 Asian elephants.
Blue dots represent the mean concentration of each time point. Red error bars represent the standard
deviation. Blue line represents the trend line, and the shaded area is a 95% confidence interval of
the mean.
 
Figure 2. Scatter plot indicating linear circadian pattern of cortisol concentrations in 10 Asian elephants.
Blue dots represent the mean concentration of each time point. Red error bars represent the standard
deviation. Blue line represents the trend line, and the shaded area is a 95% confidence interval of
the mean.
sIgA and cortisol patterns of representative individuals depicting quartic and linear effects of the
mean are shown in Figures 3 and 4, respectively. However, there was considerable variability and
not all elephants followed clear patterns, as indicated in Figure 5. sIgA and cortisol patterns of all
individuals is provided in Supplementary Materials Figures S1 and S2. There were missing samples
at certain time points because of insufficient volume of saliva for analysis due to a combination of
agitated elephants and human error in the collection process (Figures 4 and 5). There was only a weak,
non-significant positive correlation (r = 0.099; p > 0.05) between sIgA and cortisol.
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Figure 3. Representative individual profiles showing quartic circadian IgA trends in one male (left)
and one female (right) elephant. Blue line represents the trend line, and the shaded area is a 95%
confidence interval. Day 1 = red points, Day 2 = blue points, and Day 3 = yellow points.
Figure 4. Representative individual profiles showing linear circadian cortisol trends in one male (left)
and one female (right) elephant. Blue line represents the trend line, and the shaded area is a 95%
confidence interval. Day 1 = red points, Day 2 = blue points, and Day 3 = yellow points.
Figure 5. Cont.
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Figure 5. Representative profiles of diurnal (a) IgA and (b) cortisol trends in one male (left) and one
female (right) elephant that did not follow the typical or expected pattern. Blue line represents the
trend line, and the shaded area is a 95% confidence interval of the mean. Day 1 = red points, Day 2 =
blue points, and Day 3 = yellow points.
4. Discussion
This is the first study to measure both salivary IgA and salivary cortisol in Asian elephants
throughout the day (16-h period), and we found that the trend line from regression analysis followed a
diurnal pattern; however, the two were not significantly correlated because cortisol followed a linear
pattern, whereas that of sIgA was quartic. The highest concentrations of cortisol were observed at
06:00 h, with the lowest at 22:00 h. By contrast, sIgA concentrations were elevated at 06:00 and 22:00 h,
with nadirs at 10:00 and 18:00 h.
Circadian rhythms of IgA are known to vary among species [12]. In humans, sIgA concentrations
peak in the morning and decrease throughout the day [38,39]. One study that measured sIgA
concentrations over a full 24-h period revealed a gradual increase in sIgA starting at midnight with
peak concentrations occurring at 08:00 h the following day [27]. Shirakawa et al. [27] recorded patterns
of sIgA in humans coinciding with the sleep-wake time of the subjects, which were between 24:00 and
07:00 h. Our study showed similar peaks in concentrations for sIgA at 06:00 h, which was about an hour
after wake time for the elephants. Although the slight increase in sIgA at 14:00 h in our study was not
significantly different from 06:00 or 22:00 concentrations, it also was not different from 10:00 and 18:00
h, which agrees with the quartic pattern observed in humans. For elephants in this study, the sleep
hours are between 23:00 and 05:00 h. The sIgA increase in samples collected at 22:00 h in elephants
corresponded to the time when elephants began their standing sleep period, and agrees with changes
associated with the sleep-wake cycle in humans [38]. By contrast, in pigs [21] and dogs [18], peak
concentrations are observed during the afternoon. Authors speculate that species-related behavior and
differences in daily routines could be the cause of contrasting patterns between species. Like humans,
the daily activities of captive elephants are generally fixed, with tourist activities in the morning and
afternoon, and a break in the middle of the day. Elephants often sleep in a standing position during
these rest periods, which might explain the slight increase in sIgA at 14:00 h. Dogs also show peak
concentrations in conjunction with intermittent sleep during afternoon hours [18]. However, the bulls
in this study did not interact directly with tourists, yet still showed a quartic pattern, perhaps because
although contact was limited, they were still aware of tourist presence. Bull elephants did have a daily
routine with mahouts that bathed and fed them at regular intervals, which also could have driven
a circadian pattern. Because we were unable to measure a full 24-h cycle, further studies of sIgA
concentrations in elephants during sleep would be beneficial to determine the complete cycle and
confirm its resemblance to that of humans as compared to other species.
IgA has been measured in multiple sample types (blood, saliva, urine, and feces) across time,
including samples from Asian elephants [24]. Samples in the study of Edwards et al. [24] were collected
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only once a day, with no apparent attention to time, so circadian patterns were not determined.
However, concentrations were highly variable, especially for feces and saliva, with serum having the
lowest variability. Concentrations in urine were low, with many being undetectable, suggesting it may
not be the best sample type to assess this biomarker. In addition to within animal variability, Edwards
et al. [24] also found considerable between animal differences, similar to our study. Overall individual
mean concentrations ranged from ~7 to 30 ng/mL saliva for five elephants in Edwards et al. [24], and
~41–70 ng/mL for 10 elephants in the present study. Understanding mechanisms driving this significant
intra- and inter-animal variability is key to understanding the utility of IgA as a potential health or
welfare biomarker.
sIgA concentrations differed somewhat between the present study and that of Edwards et al. [24]
in that our overall mean sIgA was more than double in concentration. Possible causes could be related
to minor modifications in the assay protocol, which included using lower antibody (1 mg/L versus 10
mg/L) and HRP (1:10,000 versus 1:2500 dilutions) concentrations, although the standard curve range
was the same between studies. Climate and daylight hour differences between regions (Washington
DC versus Chiang Mai) could have had an effect [40]. For example, Park and Tokura [41] found that
brighter light conditions during the day resulted in higher concentrations of sIgA during nocturnal
sleep in humans. From Mishra et al. [42], people that travelled from India to Antarctica exhibited
increases in sIgA concentrations, which could reflect differences in either climate or day length. No
visual differences were evident over six months of longitudinal sIgA data between February and
August [24], whereas the Thailand study was conducted in August, so any influence of seasonality
may be minimal. Other factors associated with sIgA secretion are age [19,43–47], sex [45], and health
status [48,49]. Concentrations of sIgA did not differ between sexes or were related to age in this study,
whereas Edwards et al. [24] found the highest sIgA concentrations in the oldest elephant of their study
(69 years of age). Another elephant in that study experienced a severe health event indicative of a
systemic infection, and showed a four-fold increase in fecal IgA, suggesting it might be a useful health
biomarker in elephants [24]. Previous studies in humans have shown decreases in sIgA associated
with illnesses, such as upper respiratory tract infections [49] and malignant tumors [48]. Elevated sIgA
concentrations also were found after administration of endotoxins to pigs [50] and dairy cows [51],
indicating an immune response to pathogens. All elephants in the present study were checked by
a veterinarian to ensure there were no underlying health conditions that could interfere with sIgA
measures. Although saliva collection generally took less than 3 min, some elephants showed some
agitation to the collector’s hand swiping the inside the oral cavity. However, that was not reflected in
significantly altered sIgA or cortisol concentrations.
Similar to previous studies, our results indicated a diurnal rhythm for salivary cortisol with peak
concentrations in the morning (06:00 h) that gradually decreased throughout the day in a linear trend.
Salivary cortisol was highest at 08:00 and lowest at 20:00 h in African elephants [31], which was similar
to high values at 07:30 compared to 19:30 h for Asian elephants [30]. This is the same pattern observed
for urine, where Brown et al. [29] reported a clear diurnal pattern of glucocorticoid excretion in Asian
elephants, with the lowest concentrations observed just before midnight and peak concentrations
occurring around 06:00–08:00 hours. However, in this study, clear patterns were not always observed
during all collection periods. Five elephants exhibited more random cortisol fluctuations on one or
more of the collection days, whereas only three showed the clear diurnal pattern on all three days.
Various factors can disrupt normal patterns of cortisol, including stressful events during the day (social
disputes, physical accidents, physical restraint) [31,52,53], age, sex, parturition, and environmental
factors [52–55]. Casares et al. [31] revealed that the diurnal salivary cortisol pattern was disrupted
by a fight between two zoo African elephants. The incident took place at 14:30 h and ended without
human intervention, but the cortisol concentration of both individuals was increased two-fold at 16:00
h during the time it would normally have been declining. In our study, no obvious social disputes
occurred between animals; however, the overall daily cortisol concentrations were highest on the
first and lowest on the final day of collection, resulting in a statistically significant day effect. This
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suggests that the sample collection might have induced a mild stress response in some elephants, who
then acclimated over time. Figure 2 shows that at 18:00 h, cortisol concentrations present the smallest
variation. With low baseline concentrations and variations, sample collection is suggested during
this time.
Some studies have reported significant correlations between sIgA and cortisol, including in
humans [38] and dogs [56], while others found no such relationships. For example, Escribano et al. [22]
revealed no significant correlation between the two parameters from pigs experiencing psychological
stress in the form of isolation. Edwards et al. [24] also reported no correlation between salivary IgA
and cortisol in Asian elephants from longitudinal samples over a six month period. In this study, no
significant correlation between the two indicators was found, as evidenced by a linear downward trend
in cortisol throughout the day, while sIgA tended to display a quartic pattern, with concentrations
higher in the morning and evening.
5. Conclusions
For the first time, circadian effects on sIgA were evaluated in Asian elephants. This study revealed
visible daily quartic trends of sIgA, providing basic knowledge of using sIgA as a biomarker for further
studies. Results suggest that, just like for cortisol, time of day should be considered for saliva sample
collection protocols for monitoring IgA. Moving forward, it will be important to understand differing
response mechanisms when using IgA as a welfare indicator—chronic stressors may cause immune
suppression and reductions in IgA, whereas acute illnesses could be associated with increases in IgA as
part of an immune response to cope with underlying pathology. Thus, interpretation of IgA measures,
just like GCs, may not always be straightforward. Both IgA and GCs have been shown to increase
in response to acute stressors of a non-immune nature [13,57], and this certainly warrants further
investigation before increased IgA concentrations can be considered a positive welfare indicator. As
with other potential indicators of well-being, it is also important to understand normal physiological
levels both within and between individuals, as well as in response to specific events. Biomarkers must
be put into context, preferably by incorporating longitudinal measurements of multiple indicators,
including IgA and GCs, to delineate concentrations indicative of an acute immune response or stressor,
compared to those associated with longer-term positive or negative welfare states. The methodology
described here provides a robust technique to investigate IgA in elephants, and these data provide
a necessary baseline to interpret future data alongside other health and well-being measures, to
determine whether incorporating IgA measurements will provide useful insight into elephant welfare.
Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/1/157/s1,
Figure S1: Individual IgA trends of all elephants, Figure S2: Individual cortisol trends of all elephants, Table S1:
Raw data.
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Simple Summary: The red deer, also known as the royal deer or European deer, is an artiodactyl
mammal belonging to the Cervidae family, widely diffused in almost all of continental Europe. At the
beginning of autumn in the Northern Hemisphere, the mating season begins. The males of red deer,
called stags, are synchronized with the females, called hinds; indeed, at the beginning of the mating
season, they show a marked increase in testosterone to match the hinds’ estrus cycle. Gestation lasts
about 230 days, so that calves are born in mid to late spring, the most favorable period for their
survival. Scientific data on the reproduction physiology of this peculiar species in wild conditions are
lacking, including hormonal variations during pregnancy. The present study describes mean levels of
two critical hormones, cortisol and progesterone, in both blood and hair of wild pregnant red deer
hinds. Correlation analysis confirmed how animals hunted in later phases of pregnancy have higher
hair progesterone.
Abstract: The red deer (Cervus elaphus L., 1758) is one of the largest deer species in the world. Females
are seasonal polyestrous, with negative photoperiod: the increase of the night peak of melatonin
determines the secretion of GnRH and, therefore, LH and FSH. To date there is little information
regarding the hormonal control during pregnancy for this species; this could be due to the difficulty
of sampling wild subjects, while farmed animals’ hormonal concentrations may not reflect the
physiology of the animal in a natural state. In this study we evaluated the concentration of cortisol and
progesterone, extracted from blood and hair, on 10 wild and pregnant red deer females. Belonging to
the population of the Bolognese Apennines (Italy), the hinds were sampled in the January–March
2018 period, according to the regional selective hunting plan. Plasma progesterone (P4) ranged from
a minimum of 1.9 to a maximum of 7.48 ng/mL; while hair P4 concentrations varied from 41.68 to
153.57 pg/mg. The plasma and hair cortisol ranges are respectively 0.4–2.97 ng/mL and 0.03–0.55
pg/mg; the only significant correlation was found between hair concentration of P4 and the date of
death. The results of this preliminary study represent a small step towards a better knowledge of this
species’ physiology during pregnancy.
Keywords: red deer; hind; reproduction; progesterone; cortisol; hair
1. Introduction
The red deer (Cervus elaphus L., 1758) species, as the majority of the cervid taxa, shows a very deep
relationship between its peculiar reproductive physiology and the their living environment [1]. It is
widely diffused in almost all of continental Europe; in Italy it can be identified in a large Alpine area
that extends from Cuneo to Udine, while in the Apennines the red deer occupies four distinct areas:
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the first corresponds to most of the mountain territory of the provinces of Pistoia, Prato, Florence,
and Bologna, the second to the Tuscan-Romagna Apennines, the third is represented by the Abruzzo
National Park together with the neighboring territories and the fourth by the mountain massif of
the Maiella. Lately, some specimens have also been found in southern regions, such as Sardinia [2].
The original habitat of the red deer is constituted by wooded areas with clearings or areas of little thick
bush, generally in a flat environment or at low altitudes. However, over the years it has successfully
adapted to live in different areas, from the heath to the forest of conifers, due to the increasing human
competitive pressure [3].
In order to guarantee a good survival rate and growth of the offspring, hinds need to give birth at
an appropriate time [4]. In the Mediterranean area, calves are usually born in spring and lactation goes
on during summer [1], in order to exploit the most favorable time of the year, implying an extremely
high synchronization between male and female reproductive activity during the rutting period. Red
deer hinds are seasonally polyestrous, with a mean length of the estrous cycle of 18 ± 7 days and a
gestation of approximately 231 days [5]. The reproductive cycle begins in October and if pregnancy
does not occur, ovulation continues until March showing up to eight cycles [5]. The red deer, as well as
fallow (Dama dama) and sika (Cervus nippon) deer, is a photoperiodic species: starting from the summer
solstice, the decrease in daylight hours causes an increase in the duration of the nocturnal peak in
melatonin secretion [6]. This event is responsible for the activation of the reproductive axis, leading to
an increased secretion of LH releasing hormone, known as GnRH, and subsequent release of LH and
FSH by the pituitary gland [7].
The afore-mentioned physiological events makes melatonin a major coordinator of the reproductive
system and the annual rhythm [8]. The same endogenous circannual rhythm has been confirmed in red
deer males, called stags, that show highly synchronized testicular cycles with a peak that overlaps the
females’ ovulation [5,9,10]. The almost complete suspension in spermatogenesis, during the non-rutting
season (February–April), is further proof of such synchronization process [11]. Progesterone (P4)
secreted by corpora lutea is necessary for the maintenance of pregnancy [12,13], while the contribution
of placental progesterone is still to be assessed. P4 blood concentrations remain high (4 ng/mL) for
the duration of gestation, and start decreasing one to two days before parturition in order to reach
baseline levels after delivery [4,14].
In mammals, many other hormones undergo changes in blood concentration during the period
of pregnancy, but how these relate to reproductive processes and their effects are poorly understood
in wildlife. Cortisol (CORT) is another important hormone, generally used as stress marker also in
wild animals [15], but the evaluation of its plasma concentrations is considered as poorly reliable
since the hypothalamic–pituitary–adrenal axis is instantaneously activated upon stressful stimuli, such
as restraint and blood sampling [16]. This is partially why, in the last years, alternative matrices for
hormones’ and other analytes’ quantification have been proposed, including hair and feces, capable
of providing different information regarding a longer timespan [17–19], also in red deer [20,21] and
other frequently hunted ungulates [22]. For example, fecal CORT was proven to increase during late
pregnancy with 10-year old females showing higher levels in comparison to five-year old hinds. It is
interesting to note that fecal cortisol levels in wild animals increased during the calving period between
May and June, potentially because of the stress related to delivery [23]. Despite the interest of the
scientific community towards the physiology of reproduction of different species of cervids, there is
currently only very few information regarding wild red deer hinds and pregnancy. Studies have been
performed on farmed hinds [24], but such data could potentially differ from wildlife animals in light of
the strong influences of the environment on such species. This lack of data can be partially imputed to
the difficult nature of sampling. Since these animals can only be killed during certain periods of the year
according to the local hunting regulation and usually undergo biometric examinations immediately
after, collaborations with control centers for the collection of biometric records and hunters may help
increasing the chances of sampling [19].
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In light of the afore-mentioned reasons, the aim of this research was to analyze and describe
hair and plasma levels of progesterone and cortisol from samples collected from pregnant wild red
deer hinds killed during the hunting season in the south-western Bologna Apennines (Italy) area.
Data were analyzed to highlight potential correlations with the age of the animals and the date of death.
Hopefully, this will help gaining more knowledge regarding the reproduction of this wild species and
its relationship with the environment.
2. Materials and Methods
2.1. Animals and Sampling
Ten (n = 10) pregnant red deer hinds were killed between 26 January and 1 March 2018 in the
south-western Bologna Appennines (Italy) according to the regional hunting calendar (Resolution No.
473 of the Emilia Romagna Regional Executive, 10 April 2017). Upon death, hinds were immediately
transferred to the pertinent control centers for the collection of biometric records where the samplings
were performed. Ages were estimated from analyses of teeth eruption and wear patterns [25].
Pregnancy was confirmed by direct visualization of the uterus and identification of corpora lutea in
the ovaries. Blood was collected from the jugular vein in sterile Lithium-heparin tubes, while hair
was clipped from the dorsal-caudal region of the animals. All samples were refrigerated (5 ± 1 ◦C)
and transferred in a cooler, within 24 h, to the physiology laboratories (ANFI-ASA) of the Department
of Veterinary Medical Sciences of the University of Bologna (Ozzano dell’Emilia, Italy) as previously
described [19].
2.2. Samples Preparation and Extraction
Upon arrival, blood samples (1 mL) were centrifuged (4000× g, 20 min) and stored at −20 ◦C until
analysis for plasma hormone levels. Progesterone and cortisol were extracted by mixing 0.2 mL of
plasma with 5 mL of petroleum ether or diethyl ether, respectively, for 30 min on a rotary mixer as
described by Bono et al. [26]. The tubes were centrifuged at 2000× g for 15 min and the supernatants
evaporated to dryness at 37 ◦C under an air-stream suction hood.
The hair samples were handled and analyzed as previously described [27]. Briefly, hair samples
(250 mg) were washed with water and isopropanol in order to remove any organic residue from the
surface. Once fully dried, samples were finely pulverized (180 mg) and incubated overnight with 6 mL
of methanol for steroid extraction. After centrifugation, methanol was collected and evaporated to
dryness under an air-stream suction hood.
2.3. Progesterone and Cortisol Radioimmunoassay
The dry extracts were stored at−20 ◦C until reconstitution in assay buffer for measurement of P4 (20
μL plasma equivalent, 6 mg hair equivalent) or cortisol (40 μL plasma equivalent, 60 mg hair equivalent)
by radioimmunoassay; tritiated P4 (30 pg/0.1 mL; 96.6 Ci/mmol; PerkinElmer Inc., Boston, MA, USA)
or tritiated cortisol (30 pg/0.1 mL; 94.6 Ci/mmol; PerkinElmer inc. Boston, MA, USA) were added,
followed by rabbit anti-progesterone serum (0.1 mL, 1:10,000; antiserum produced in our laboratory) or
rabbit anti-cortisol serum (0.1 mL, 1:20,000; produced in our laboratory), respectively. After incubation
and separation of antibody-bound and -unbound steroid by charcoal-dextran solution (charcoal 0.25%,
dextran 0.02% in phosphate buffer), tubes were centrifuged (15 min, 3000× g), the supernatant was
decanted, and radioactivity immediately measured using a β-scintillation counter (Packard C1600,
Perkin Elmer, USA).
The sensitivity of the P4 assay was 3.87 pg/tube, the intra- and inter-assay coefficients of variation
were 5.7% and 9.4%, respectively. The sensitivity of the cortisol assay was 5.5 pg/tube, the intra- and
inter-assay coefficients of variation were 4.9% and 8.7%, respectively.
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Cross reactions of other steroids with antiserum raised against P4 were progesterone (100%),
11α-hydroxyprogesterone (9.7%), 5α-pregnan-3-20-dione (4.4%), 17α-hydroxyprogesterone (1.5%),
20α-hydroxyprogesterone (0.3%), cortisol (0.05%), testosterone, and 17β-estradiol (<0.001%).
Cross reactions of various steroids with antiserum raised against cortisol were cortisol (100%),
cortisone (5.3%), 11α-deoxycortisol (5.0%), corticosterone (9.5%), 20α-dihydrocortisone (0.4%),
prednisolone (4.60%), progesterone, and testosterone (<0.001%).
In order to determine the parallelism between hormone standards and endogenous hormones in
red deer hair, a pool sample containing high concentrations of cortisol and progesterone was serially
diluted (1:1–1:8) with assay buffer. A regression analysis was used to determine parallelism between
the two hormone levels in the same assay. A high degree of parallelism was confirmed by regression
test (R2 = 0.98, p < 0.01).
The assay results for both hormones were expressed as ng/mL for plasma and as pg/mg for hair.
2.4. Data Analysis
Descriptive statistics were calculated and expressed as means, standard deviations, and min/max
values using the MedCalc Statistical Software version 18.11.3 (MedCalc Software bvba, Ostend,
Belgium; https://www.medcalc.org; 2019). In order to evaluate any potential relationships between the
analyzed parameters, a non-parametric Spearman rank correlation test was performed. The statistical
significance was set at p < 0.05 (95% C.I.).
3. Results
The results of the descriptive statistics are summarized in Table 1. All the animals were killed
between the end of January and the first of March, therefore, according to the reproductive physiology
of the species, hinds were approximately at the third to fifth month of gestation. Age ranged from
approximately two up to five years. Plasma levels of progesterone ranged from 1.9 to 7.48 ng/mL with
a mean of 3.86 ng/mL (SD = 2.14), while plasma cortisol ranged between 0.4 ng/mL and 2.97 ng/mL
(mean = 1.44 ng/mL SD = 0.96). On the other hand, the ranges of hair cortisol and P4 were respectively
0.03–0.55 pg/mg (mean = 0.29 pg/mg) and 41.68–153.57 pg/mg (mean = 73.05 pg/mg).
Table 1. Descriptive data of the red deer hinds and quantified hormones.
Animal Date of Death Age (Months)
Plasma (ng/mL) Hair (pg/mg)
P4 CORT P4 CORT
1 26 January 36 3.23 0.77 19.47 0.50
2 9 February 22 2.20 0.38 41.68 0.05
3 12 February 45 3.15 1.87 50.76 0.23
4 19 February 30 3.17 2.97 96.91 0.16
5 19 February 32 7.44 1.79 153.57 0.36
6 19 February 46 7.48 1.91 31.40 0.21
7 19 February 36 5.44 2.73 69.52 0.55
8 1 March 31 2.51 0.50 104.75 0.51
9 1 March 43 2.09 0.40 80.13 0.03
10 1 March 58 1.90 1.05 82.3 0.28
mean (SD) 37.9 (10.3) 3.86 (2.14) 1.44 (0.96) 73.05 (39.85) 0.29 (0.19)
min–max 22–58 1.90–7.48 0.38–2.97 19.47–153.57 0.03–0.55
P4: progesterone; CORT: cortisol.
The Spearman rank correlation analysis, reported in Table 2, did not show any significant result
aside from a significant correlation (p = 0.042) between hair concentration of P4 and the date of death,
and a weak correlation, not statistically significant, between plasma concentrations of P4 and CORT.
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Table 2. Spearman rank correlation coefficients (ρ) table with p values (95% C.I.).
Plasma
CORT
Hair
CORT
Plasma
P4
Hair
P4
Age
Date of
Death
Plasma
CORT
0.236
p = 0.511
0.612
p = 0.060
0.091
p = 0.809
0.182
p = 0.614
−0.051
p = 0.897
Hair
CORT
0.358
p = 0.310
0.152
p = 0.676
0.030
p = 0.934
0.006
p = 0.996
Plasma
P4
−0.164
p = 0.652
−0.036
p = 0.920
−0.380
p = 0.277
Hair
P4
−0.261
p = 0.466
0.659
p = 0.042
Age
0.276
p = 0.436
Date of
Death
Date of Death was reported according to the Julian calendar.
4. Discussion
As stated in the introduction section, one of the main limitations in studying wildlife reproductive
physiology lies within the nature of the sampling possibilities. It is indeed almost impossible to
collect repeated samples on the same animal in order to obtain a dynamic profile of specific analytes
throughout the different phases of gestation. This is why collecting samples upon killing during
the hunting season may represent a good, if not the only, way to perform this kind of research [19].
This study confirms the chance to collaborate with hunters and local biometric centers.
It is widely recognized that analyzing hormones in hair provides information regarding a longer
timespan when compared to blood analyses [19,20], but being able to specifically identify such
timespan can be challenging. Indeed, due to the nature of the sampling, it is not always possible to
completely trim the chosen area to calculate the growth rate of the hair in wildlife animals prior to
a subsequent hair sampling. The red deer undergoes two pelages, also known as moultings, one in
spring and one in autumn, approximately in May and October, respectively [28,29]. Therefore, the hair
collected in the present study belongs to the winter coat and should provide info regarding few months
before trimming.
The hormones analyzed in the present study, in both matrices, showed wide ranges suggesting
strong individual variations. The differences in progesterone levels may be related to the fact that the
sampling took place throughout more than one month and that hinds may be in different phases of
pregnancy (approximately from the third up to the fifth month of gestation). Moreover, it was already
proved that, in this species, the levels of plasma progesterone fluctuate and correlate with the number
of corpora lutea present [14]. On the other hand, cortisol variations, already described in literature for
the red deer [20], are related to a multitude of environmental, seasonal, and physiological factors.
The mean level of blood progesterone recorded in the present study (3.86 ng/mL) is in accordance
with previous studies performed in pregnant red deer hinds farmed in paddocks [14,30]. Such agreement
of data seems to support the possibility to use data collected from farmed animals also for wildlife.
Such statement is extremely preliminary and particular attention will have to be paid if the analytes
were to concern stress patterns, which will necessarily be influenced by husbandry conditions and
environmental factors. Overall, relatively higher levels of plasma progesterone have to be expected in
pregnant hinds when compared to non-pregnant animals, as already reported [31].
The mean hair progesterone level was 73.05 pg/mg with high individual variations most likely
explained by the variations detected in plasma levels. As of today, to the best of the authors’ knowledge,
no studies were published assessing hair levels of this hormone in red deer and cervids in general. It is
therefore quite challenging to discuss such findings. What can be said, on the basis of the present study,
is that the analytical approach seems to be reliable and relatively easy to perform. Hair progesterone
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was assessed in cows in a recent study were no differences between pregnant and non-pregnant animals
were found [32]. The authors hypothesized that the cause behind the lack of differences may be the
short period between calving and the next successful insemination [32]. Again, it is impossible to
compare the results with the ones obtained in the present study in light of the physiological differences
between the species and the zootechnical pressure dictated by industry demands.
When compared to progesterone, cortisol is overall more influenced by the conditions in which the
animals live [15]. Blood cortisol levels change quickly throughout the day and are therefore relatively
unreliable, but quantification in matrices such as feces and hair seems to be a good indicator of chronic
stress, potentially also related to the reproductive status of the animal [16,23]. Moreover, cortisol, in all
matrices, shows high seasonality variations in red deer [33] as in other wild ungulates [34].
Our results show, as expected, highly variable plasma CORT levels ranging from 0.38 to 2.97 ng/mL.
This is likely to be imputed to several “acute” factors and the variability of this hormone pattern
itself [22,34]. On the other hand, hair CORT levels are the reflection of the continuous incorporation of
the hormone into the hair shaft [15], and thus less influenced by acute stressors. This is why this matrix
has been addressed in the last years as highly efficient in wildlife [19]. A study performed on Italian
red deer reported mean values of hair CORT of 5.75 pg/mg in females [20], almost 20 times higher than
the mean value obtained in the present study (0.29 pg/mg). Factors influencing cortisol production
during pregnancy are extremely variable and partially unknown [35]. What is known is that cortisol
increases in the late phase of a pregnancy [23], and that, in cows, parturition in the month preceding
sampling increases hair cortisol levels [36]. Animals sampled in the present study were approximately
at the third month of gestation, and therefore in the first phase of pregnancy. It is possible to suppose
that hair levels of CORT would have been higher in case of later phases of gestation. The correlation
between hair CORT and chronic rather than acute stress was further confirmed by a study carried out
on a red deer population from the central Italian Alps, Sondrio Province [20].
Our correlation analysis did not highlight any relationship between the analyzed parameters
aside from a significant correlation (ρ = 0.659; p = 0.042) between hair P4 and the date of death.
This correlation may be explained by the ongoing pregnancy, characterized by high levels of P4.
Therefore, it is likely that hinds killed later on have had higher accumulation of this hormone in the
hair. A weak correlation, not statistically significant, was also found between the plasma levels of the
two hormones, P4 and CORT (ρ = 0.612; p = 0.060). Nonetheless, it is important to acknowledge that
the low sample size may be responsible for a weak power of the statistical analysis.
The present study strengthens the use of hair for endocrinological evaluations in wild animals,
in light of the easy and non-invasive sampling procedure and the representation of longer time periods
in one single sample [15]. Our purpose was to describe the concentration of progesterone and cortisol,
from hair and blood, of the wild population of red deer females (Cervus elaphus L., 1758) living in the
Apennine area, during a particular physiological situation such as gestation. In conclusion, performing
such studies on hunted animals seems to be useful in better understanding the physiology of wildlife
animals and may provide new useful data that can benefit the species and the scientific community.
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Simple Summary: Current issues concerning animal welfare are receiving remarkable consideration
among scientific communities and wildlife conservation organizations. In addition to the ethical
and legal grounds of animal welfare, it is important to produce healthy and viable populations in
captivity by ensuring optimum welfare. Wild species are reared in captivity but, unlike domestic
animals, there is a lack of welfare assessment protocols for these wild species. In the current study,
we developed and applied the first baseline welfare assessment protocol for Punjab urial (Ovis vignei
punjabiensis). While developing this protocol, we gathered all possible and existing information about
the biology and ecology of this species in its natural habitat. Since no welfare assessment protocol
and husbandry guidelines exist for this species, we used a welfare assessment protocol for domestic
sheep as the base and reference in developing the current protocol for captive Punjab urial. Later, we
applied this protocol to three different herds of Punjab urial at two different facilities. Based on the
initial results obtained, some areas were found to have shortcomings and recommended for quick
corrective measures and improvements.
Abstract: To ensure that captive breeding and other associated programs are more robust and
sustainable, it is of utmost importance to ensure optimum welfare. Although it is well known that
standard welfare is crucial for successful captive breeding, there is still a lack of welfare assessment
protocols for wild species. The current study aimed to develop a leading baseline welfare assessment
protocol for assessing welfare in captive Punjab urial. This protocol is based on the welfare protocol
for domestic sheep from the Welfare Quality® project, coupled with all the information obtained from
the published literature on the species’ biology and ecology. This protocol consists of 4 principles, 12
criteria, and 31 animal- and resource-based indicators. The protocol was tested and applied to three
different herds of Punjab urial at two different facilities. Initial results showed that some areas need
to be improved for better captive breeding and management.
Keywords: welfare; protocol; veterinary assessment; Punjab urial; body condition; behavior; Pakistan
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1. Introduction
To ensure that captive breeding programs are more robust and sustainable, it is important to
ethically and legally ensure optimum animal welfare [1]. The rapid developmental processes of
humans are affecting the natural habitats of wildlife. Thus, wildlife reservoirs, zoos, and enclosures
must be adapted to minimize the effect of these changes [2]. Today, captive breeding is one of the most
important conservation tools [3], providing an opportunity to the rare endangered species to produce
stable populations for eventual release into the wild [4].
In the meantime, enclosures and other facilities for wild animals are under severe pressure to limit
animals to small areas [5]. Thus, animal welfare subjects, particularly those related to the captive wild
species, are rapidly recognized [6,7]. It is important to ensure the optimum levels of animal welfare
of captive animals for the production and maintenance of healthy, viable populations [8]. To make
captive breeding more robust, it is important to determine the main factors of species welfare and,
most importantly, the welfare of every individual of a particular group [9].
Animal welfare assessment protocols can be designed by gathering information through simple
inspections, animal observations, and visiting animal facilities and enclosures [10]. Animal welfare
assessment protocols for livestock (poultry, cattle, and pigs) have already been developed under the
auspices of the Welfare Quality® project. These protocols are mainly based on animal-based indicators,
in addition to also having resource or environmental measures [11]. Animal-based measures can be
directly recorded by observing animals, including their physical appearance, health, and behavior.
Unlike animal-based measures, environmental measures assess the available resources for these
animals in captivity, and the animal itself is not taken into account.
Ovis orientalis (urial) is a wild sheep that closely resembles Marco Polo sheep in general body
appearance [12]. In Pakistan, the urial is represented by three subspecies: Ovis vignei vigeni (Ladakh
urial), which is restricted to northern areas (Gilgit-Baltistan) of Pakistan; Ovis vignei punjabiensis
(Punjab urial) found in the Salt Range (Punjab) and the northwestern province of Khyber Pakhtunkhwa
(formerly known as the North-West Frontier Province); and Ovis vignei blanfordi (Baluchi urial), which
is found in the southwestern province of Balochistan [13]. The Punjab urial is a gregarious ungulate,
and most big herds include females, lambs, and immature males. It has been observed that the urial
generally prefers grasses, but can also be found foraging on shrubs [14].
The species has been declared as vulnerable globally, with a declining population trend, according
to the International Union for Conservation (IUCN) list of threatened species [15], and is endangered
in Pakistan [16–18]. In Pakistan, wild ungulates are reared in captivity, but there are no standardized
methods and protocols to measure the welfare of these captive ungulates. Therefore, this current study
aimed to (i) design and develop a baseline welfare assessment protocol for captive Punjab urial based
on the livestock welfare assessment protocol from the Welfare Quality® project, (ii) implement this
welfare assessment protocol in facilities hosting Punjab urial, and (iii) suggest recommendations for
better captive breeding and management.
2. Materials and Methods
For this study, we selected the subspecies Ovis orientalis punjabiensis because of its availability
in captivity. The current study was conducted in two steps. In the first step, the welfare assessment
protocol was developed, and, in the second step, the newly established protocol was implemented at
captive facilities housing Punjab urial. We developed the welfare assessment protocol by combining
results from other studies on the biology and behavior of the species and the sheep welfare assessment
protocol [19], as both domestic sheep and Punjab urial belong to the family Bovidae.
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To obtain information on the general biology and behavior of the species, we used Google Scholar
and Web of Science search engines using “Ovis vignei” as keywords. Limited scientific published
information is available regarding the biology of this species in natural habitats. Moreover, no work
has been conducted to investigate the problems faced by this species in captivity. More than 31
scientific published papers were reviewed. Most of these published work focused on population
status, population dynamics, diet ecology, and habitat, of which two papers [12,20] provided useful
detailed information on the behavior and general biology of the species that was utilized for the welfare
assessment protocol.
For developing the Punjab urial welfare assessment protocol, four basic principles were taken
into account: good feeding, good housing, good health, and suitable behavior [10,11]. These principles
led to twelve criteria (see Section 3), which in turn allowed the development of welfare assessment
indicators [21]. After combining information from [19,22], we developed an extensive set of 31 welfare
indicators for Punjab urial (see Section 3).
The final version of the welfare assessment protocol was then applied to three different groups of
captive Punjab urial at two different facilities—Cherat Wildlife Park (CWP) in Nowshera and Manglot
Wildlife Park (MWP) in Nizampur—in the month of August 2019. Both of these parks are located in
the Nowshera District of Khyber Pakhtunkhwa Province, Pakistan. The captive breeding program
was launched in 2008 at CWP with a single pair of founder animals, while in 2012 it was initiated at
MWP, also with a single pair. The groups of both programs were mixed herds, including adult males,
sub adult males, adult females, sub adult females, and lambs. CWP had one group consisting of 23
individuals (n = 23) with a mean age of 3.21 ± 2.21 years. At MWP, two groups were present (n = 6 and
n = 8), with mean ages of 3.16 ± 1.57 and 3.33 ± 1.69 years, respectively. Groups were represented
by coding their facilities (centers) as captive Punjab urial-1 (CU1) at CWP, and captive Punjab urial-2
(CU2) and captive Punjab urial-3 (CU3) at MWP. The protocol was applied by the same person.
Statistical Analysis
In the current protocol, the observation time for social behavior was 120 min per herd in six 20-min
sessions. Continuous focal sampling was used because these behaviors may be of short duration and
elusive nature [10]. We performed the Shapiro–Wilk test with our datasets to check for normality.
Later, data recorded for social behavior (n = number of occurrences of an event) for all three groups
in the current protocol were analyzed using the nonparametric Kruskal–Wallis test to determine the
significance of observed variables. All the statistical analyses were performed using SPSS version 23.0
(IBM Corp., Armonk, NY, USA).
3. Results
3.1. Development of Welfare Assessment Protocol
The protocols developed in the current study for welfare assessment of Punjab urial consisted of
4 basic principles, 12 criteria, and 31 indicators (Table 1). Of the 12 criteria of the Welfare Quality®
protocol for domestic sheep, some were replaced keeping in view the biology of the species. The species
under study is a wild ungulate, thus “lack of minerals” was added to the list of criteria. The current
study is a leading step in captive Punjab urial welfare assessment, and will provide a base to investigate
more complex and less frequently studied aspects in captive animals.
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Table 1. Punjab urial welfare quality assessment protocol principles, criteria, and indicators.
Animal-based indicators are represented by *.
Welfare Principles Criteria Indicators
Good feeding
1. Lack of prolonged appetite 1.1 Body conditions *
2. Lack of prolonged thirst
2.1 Number of water sources
2.2 Water availability
2.3 Cleanliness of water sources
3. Lack of minerals
3.1 Availability of salt licks
3.2 Licking objects
Good housing
4. Thermal ease
4.1 Shelter availability
4.2 Shade availability
5. Easiness in movement
5.1 Total area of enclosure
5.2 Space (m2) offered per animal
6. Standard enclosures
6.1 Fence conditions
6.2 Fence substratum
6.3 Availability of quarantine
6.4 Number of quarantines
Good health
7. Lack of injuries 7.1 Integument deformities *
7.2 Lameness *
8. Lack of disease
8.1 Ophthalmic discharge *
8.2 Nasal discharge *
8.3 Labored breathing *
8.4 Diarrhea *
8.5 Availability of veterinarian
8.6 Availability of veterinary facility
Appropriate behavior
9. Displaying social behavior 9.1 Affinitive interactions *
9.2 Agonistic interactions *
10. Group dynamics
10.1 Herd size
10.2 Herd composition
10.3 Number of animals (other species)
11. Display of other behavior 11.1 Stereotypic behavior *
11.2 Environmental enrichment programs
12.Good human–animal affiliations
12.1 Medical training program
12.2 Capturing, handling, immobilization, and translocation
3.1.1. Lack of Prolonged Appetite
Since there are no husbandry guidelines for this species, there is no parameter that can be used
for the description of this criterion. In many animal welfare assessment protocols, however, body
condition is included as an animal-based indicator to measure welfare. Both poor and excessive
body conditions can lead to extreme and unexpected results. Poor body conditions can show signs of
malnutrition, diseases, or extreme hunger. Poor and weak body conditions can have severe negative
effects on the reproduction, behavior, and health of the animals [23].
To indicate the welfare problems, both poor and excessive body conditions can be used (indicator
1.1) [24]. To date, there is no scoring scale for the body condition of Punjab urial; hence, the body
condition scoring guidelines for two other wild bovids proposed in [10,24] were followed. Animals
were observed from a close distance from behind and the side. Punjab urial was scored as “poor
body conditions” if ribs, spine, and pelvis were sharp and prominent, and projected with a concave
rump. The animal was scored as “normal body condition” if ribs, pelvis, and spine were difficult to
be distinguished from one another, with a flat rump area. The animal was scored as “excessive body
conditions” if ribs, spine, and pelvis were not visible because of a thick layer of fat, with a protruding
rump area.
3.1.2. Lack of Prolonged Thirst
One of the most important welfare requirements is ad libitum, access to water. Water provision in
animal welfare protocol is a resource-based indicator. There should be easy access to water sources for
the animals, containing clean and fresh water supplied on a daily basis.
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According to the current study, water availability (indicator 2.1), in conjunction with the number
of water sources (2.2) and cleanliness of water sources (2.3), should be properly checked. All these
indicators were validated in [10,25] for assessing the welfare of captive Dorcas gazelles and cows.
Water was scored as “dirty” if it was polluted with food wastes or plastics, or was dark green in color
with a foul smell. On the contrary, water was scored as “clean” if it was without any contamination or
foul smell. Remains of fresh feed were acceptable.
3.1.3. Lack of Minerals
In order to maintain normal physiological functions, wild ungulates usually search for a salt
lick. Deficiency of salts can have severe negative effects on animal health, appetite, reproduction, and
lactation [26]. Since captive animals are confined to limited areas in enclosures, they are more prone
to mineral deficiency [27]. The current protocol included two indicators—(3.1) “availability of salt
licks” and (3.2) “licking objects”—to check whether the animals were mineral-deficient. Salt-deficient
individuals usually lick soil, woods, and even their own urine or that of other individuals [28]. According
to the protocol for Punjab urial developed in this study, animals were scored as “mineral-deficient” if
they showed any sign of licking objects or urine.
3.1.4. Thermal Ease
The natural habitat of the Punjab urial in Pakistan ranges from the dry, hot, and arid rocky
mountains, to the high elevations in northern areas, which have extreme climatic conditions [29,30].
In captivity, there is a possibility of exposure for a long time to temperatures different from those of
the natural habitat, which can eventually result in heatstroke and stress in animals [10]. In order to
assess thermal ease, two indicators were developed: “shelter availability” (4.1) and “shade availability”
(4.2). These indicators were assessed by checking whether all animals could simultaneously access
shade during hot weather and shelter when climatic conditions are not favorable. These indicators
were already validated in [10,19] for dorcas gazelles and domestic sheep.
3.1.5. Easiness in Movement
Wild ungulates usually roam over vast areas, and their home ranges may exceed several square
kilometers [31]. Wild animals kept in relatively small enclosures are more prone to develop different
negative behavioral and physiological changes. All these negative developments are clear indicators of
poor animal welfare [32]. According to [33], each Punjab urial should have a minimum area of 46.45 m2,
and for every additional animal, this area should be increased by 25% (11.6 m2). Two indicators
were developed in the current protocol, which had already been used and validated in [10,11,19].
The indicators included “total area of enclosure” (5.1), and “space (m2) offered per animal” (5.2), with
the latter derived as the total enclosure area divided by the total number of animals in the area.
3.1.6. Standard Enclosures
The enclosures designed and constructed for breeding and conservation of wild animals should
fulfill maximum criteria for standard enclosures. These criteria include fence structure and fixation
to prevent the entry of other animals, especially small mammals. The fence should be covered so
that animals do not have any visual contact with the outside environment if the aim is reintroduction.
Each enclosure must have quarantine facilities, so that newly arrived animals can be held in isolation
for observation, and sick or infected animals can be separated from other animals. Keeping in view
the recommendations made in [34,35], four indicators, i.e., “fence structure” (6.1), “fence substratum”
(6.2), “availability of quarantine” (6.3), and “number of quarantines” (6.4), were developed to assess
enclosure standards.
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3.1.7. Lack of Injuries
Due to limited space and the presence of aggressive animals, especially when different species are
kept together, there is a chance of injuries [36]. Hoof injuries are common in artiodactylids [37]. There is
a high chance of integument deformities and skin damage in captive animals. These deformities
can result from any infectious disease, physical environment, aggression, or improper capture and
handling of animals [10]. Two indicators were developed to assess lack of injuries: “integument
deformities” (7.1) and “lameness” (7.2).
Integument deformities were assessed from close observation of the skin of animals. Hairless
or damaged patches of skin of more than 2 cm were counted [10]. Animals were also observed for
intraspecific aggression marks and injury marks from capture. Animals with “integument deformities”
(7.1) were scored as follows: animals having several small lesions or a single lesion bigger than 2 cm2
and hairless patches were considered to have “severe integument deformities”; animals having no
lesions, but having hairless patches were considered to have “moderate integument deformities”; and
animals having no lesions or hairless patches were considered to be normal with “no integument
deformities”.
All animals were observed for “lameness” (7.2) while they were moving. Animals having an
apparent abnormality in walking or running were scored as “lame”, while those having no apparent
abnormality were scored as “not lame”. The above indicators were already validated in [10,11,19].
3.1.8. Lack of Disease
Common diseases found in Punjab urial (Ovis vignei punjabiensis) are viral infections, such as
contagious ecthyma, and foot and mouth diseases (FMD). The major bacterial disease is pneumonia
caused by Pasteurella spp. [17]. Other disorders that can affect the captive animals are behavioral
disorders, birth problems, gastrointestinal infections, and trauma. Trauma mostly occurs due to
intraspecific aggression, during capture and handling, or due to accident [10]. According to the
American Association of Zoo Veterinarians [38], every facility holding wild animals, especially for
conservation and breeding purposes, must have qualified veterinarians, a veterinary facility where
sick animals can be treated, and a facility fornecropsy.
Six indicators were developed to assess the lack of diseases, including respiratory and
gastrointestinal diseases, and health facilities. These indicators included “ophthalmic discharge”
(8.1), “nasal discharge” (8.2), “labored breathing” (8.3), “diarrhea” (8.4), “availability of veterinarian”
(8.5), and “availability of veterinary facility” (8.6). If any indicators among these were observed,
animals were scored as “obvious”, and animals having no sign of these indicators were scored as
“non-obvious”. All these indicators were validated in [25,27,39,40] for the welfare assessment of cattle.
3.1.9. Displaying Social Behavior
Agonistic behavior is displayed by animals usually in response to stress, intraspecific and
interspecific competition for resources, and mating competition [41]. This behavior can result in severe
physical damage. Ovis vignei punjabiensis is a gregarious ungulate with multiple agonistic and affinitive
behaviors [22]. In captivity, no studies have been conducted on these animals to evaluate their social
behavior. Extreme and repeated agonistic behavior displayed by animals in captivity can be a sign of
poor management and welfare [10]. On the contrary, frequently occurring affinitive behavior represents
satisfaction of animals concerning their environment, and hence good animal welfare.
Two indicators were developed to assess the social behavior: “affinitive interactions” (9.1) and
“agonistic interactions” (9.2). These indicators were also validated in [10,21,25]. An ethogram (Table 2)
was developed based on the social behavior of Punjab urial [22], and information was obtained from a
short reconnaissance survey for this study.
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Table 2. List of social behaviors included in the welfare protocol for Punjab urial.
Behavior Pattern Description of Behavior
Mutual grooming
When an animal brushes another animal with its muzzle on any part of the body with
exception to the anal region. If the actor animal stops brushing for 10 s and starts again, it
is to be counted as a new bout, regardless of whether the actor brushes the same receiver or
another. If the actor receives reversal brushing from the receiver, it should also be counted
as a new bout (AFI).
Licking
One animal licks any part of another animal with the tongue with the exception of anal
region or urine. If the actor animal stops licking for 10 s and starts again, it is to be counted
as a new bout, regardless of whether the actor licks the same receiver or another. If the actor
receives reversal brushing from the receiver, it should also be counted as a new bout (AFI).
Smelling
One animal smells any part of another animal with the exception of the anal region or
urine (Flehmen response). If the actor animal stops smelling for 10 s and starts again, it is
to be counted as a new bout, regardless of whether the actor smells the same receiver or
another. If an actor receives reversal smelling from the receiver, it should also be counted
as a new bout (AFI).
Play
Physical contact of two animals by rubbing bodies, horning, head to head play, or rubbing
horns against the neck or other parts of the body, with no signs of aggression or taking
advantage. If the actor stops for more than 10 s and then resumes with the same receiver or
another, it should be counted as a new bout (AFI).
Chase One animal running behind another animal (receiver), causing the receiver to flee from itsprevious position. The animal also shows strong aggression toward the receiver (AGI).
Block One animal (actor) runs after another (receiver), stands broadly in front of the receiver, andprevents approaching the opposite sex (AGI).
Parallel walk
Two animals at the same time walking parallel with heads bent down and maintaining a
distance of 10–20 m. If the animals scratch the ground with their feet, stop for 10 s or more,
and resume, it is to be counted as a new bout (AGI).
Fighting and thrusting
Two animals raise their front legs and strike their heads and horns, or push one another
back (head-to-head or horns’ base) planting legs on the ground with great force. One
animal hits others with a kick or strong butting, or if any animal thrusts vegetation or
another object with signs of aggression. If any animal displays such behavior and stops for
10 s or more and then resumes, it should be counted as a new bout (AGI).
AFI = Affinitive interactions, AGI = Agonistic interactions.
3.1.10. Group Dynamics
Punjab urial are gregarious ungulates [30] with different types of herds. Rams usually prefer to
join herds in the rutting season; thus, the herd composition changes with the season. Three types of
herds have been observed in wild Punjab urial: female herds exclusively comprising ewes and young;
mixed herds containing one or more rams, ewes, and young; and male herds containing only males [22].
Husbandry guidelines suggest that in reproductive groups of captive ungulates, one adult male should
be kept with 3–7 females and their young, while 3–7 adult males should be kept in bachelor groups [10].
In order to prevent inbreeding, reproductive males should be replaced or exchanged after every two
years and females after three years [34].
Following [10], two indicators—“herd size” (10.1) and “herd composition” (10.2)—were developed
to assess the group dynamics. Wildlife enclosures and zoos have a current tendency to build larger and
more naturalistic facilities. Sometimes it is encouraged to mix species with other sympatric species
where they share the same space and resources, which may serve as a source of enrichment, especially
for animals raised for conservation and reintroduction purposes [41]. The current protocol included
another indicator “number of animals (other species)” (10.3) [10], to record the number of individuals
of other species. In addition to the number, any information about interspecific interactions based on
the behavior should be recorded, which could be very useful for establishing management guidelines.
3.1.11. Display of Other Behavior
Behavior that is invariable and repetitive without any apparent purpose is termed stereotypic
behavior. Most of this behavior is due to stress, frustration, repeated attempts to cope, or failures of the
central nervous system [27,42]. Sometime this behavior may help animals cope with hostile and difficult
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environments, but stereotypic behavior is generally regarded as an indicator of poor welfare [43].
There is no such information about stereotypic behavior in captive Punjab urial. Wild animals,
especially ungulates in captivity, are more prone to develop oral stereotypies [44]. This protocol
suggested that all animals should be checked for the presence or absence of “stereotypic behavior”
(11.1). Animals should be scored as “stereotypes present” and “stereotypies absent” in the case of
presence or absence of stereotypic behavior, respectively. Any behavior that is observed and recorded
should be described properly [45]. The use of this indicator was strongly recommended in the welfare
assessment captive animals and was validated successfully by [10].
Captive breeding programs can be promising for species that are raised for reintroduction, if
environmental enrichment programs are encouraged. Ovis vignei punjabiensis prefers to live in rocky
mountain areas with shrubs and grasses [29]. Although there are no husbandry guidelines for this
species, guidelines for other species recommend providing opportunities for animals to perform
their natural behaviors of browsing, grazing, running away, and hiding. In order to fulfill these
requirements, it is recommended to make use of structural components like rocks, vegetation, and
uneven ground, and to modify feeding techniques periodically with accompanying simulations of
sounds and smell [10]. These practices will help produce captive-born animals suitable for release into
the wild for reintroduction purposes.
To assess “environmental enrichment programs” (11.2) [10], the animals’ access to opportunities
such as browsing and grazing should be recorded. In addition, it should be taken into account whether
certain objects, such as poles or sticks of different shapes and sizes, are used; if yes, then when and
how they are used must be described.
3.1.12. Good Human–Animal Affiliations
For keeping captive populations healthy, it is recommended to minimize stress usually associated
with veterinary procedures [37]. Arranging proper medical training programs under the supervision
of experienced staff can help to reduce stress and injuries while handling and treating animals. In case
no “medical training programs” (12.1) are arranged, then it is of utmost importance that the facility
must hold advanced “capturing, handling, immobilization, and translocation” (12.2) systems that
can ensure the minimization of stress, damage, or any loss of animals. These indicators were already
validated for dorcas gazelles in [10].
3.2. Application of Punjab Urial Welfare Assessment Protocol
The following results were obtained after implementation of the proposed protocol.
3.2.1. Lack of Prolonged Appetite
According to the results obtained for body conditions (1.1) after application of the protocol, all
animals had normal body condition with the exception of one adult male at CU1 with excessive body
condition. According to the life history record of this male, it was never observed to have mated during
the rutting season.
3.2.2. Lack of Prolonged Thirst
The assessment of water sources (2.1) was conducted for all the three groups. At CU1, a concrete
pond (0.91 × 0.91 m with a depth of 0.45 m) was present; CU2 had a concrete pond (1.52 × 1.52
m with a depth of 0.45 m) plus additional clay buckets (0.609 × 0.609 m); and CU3 had a concrete
pond (2.74 × 2.74 m with a depth of 0.45 m) and three additional clay buckets (0.609 × 0.609 m).
Water availability (2.2) and cleanliness of water sources (2.3) needed to be improved in CU2 and
CU3. Both facilities had concrete ponds, but they were dry and the water in the clay buckets was not
fresh and clean. Only the pond at CU1 had a sufficient supply of fresh water from a nearby spring.
The study was conducted in the hot month of August and animals were frequently observed drinking
water from this pond.
124
Animals 2019, 9, 1102
3.2.3. Lack of Minerals
Salt licks were available (3.1) in sufficient quantity in each of the three facilities, and no animal
was found to be licking objects (3.2). According to these results, animals showed no signs of
mineral deficiency.
3.2.4. Thermal Ease
Each of the three facilities provided shelters (4.1) for animals. At CU1, there were three shelters in
total: two of 3.04 × 13.04 m (metal) and one of 3.96 × 3.04 m with a wooden roof. All animals were
provided with enough shade (4.2) during the hot summer. In addition to the shelters, CU1 had many
large sheesham (Dalbergia sissoo) trees providing thick cover for the animals. Animals were observed
preferring to stay in the shade of trees rather than in artificial shelters. One shelter (15.24 × 6.09 m) was
provided at CU2, and two shelters (15.24 × 6.09 m each) were provided at CU3. In addition, enclosures
held enough vegetation (Acacia modesta) to provide shade for the animals. Every animal had access to
shade and shelter in bad weather conditions (hot weather and rainy days).
3.2.5. Easiness in Movement
The total area of the enclosures (5.1) and the space offered per animal (5.2) varied across the
enclosures. Being constructed in or on the boundaries of wildlife parks, every enclosure encompassed
a large area, with sufficient natural vegetation and uneven ground. CU1 was the only enclosure which
lay close to local settlements and roads (Table 3).
Table 3. Total enclosure area and area offered per animal in each herd, including individuals from other
species (having the same approximate space requirements as Punjab urial).
Facility
Number of
Animals
Total Area of
Enclosure (Area) (m2)
Space Per Animal
(m2/Animal)
CU1 (Cherat Wildlife Park) 23 14,299 621
CU2 (Manglot Wildlife Park) 6 3530 588
CU3 (Manglot Wildlife Park) 22 a 15,793 717
a Punjab urial, n = 8; chinkara, n = 13; mouflon sheep, n = 3.
Although enough area was provided, sub enclosures should be designed and constructed within
the main enclosures to separate different reproductive groups.
3.2.6. Standard Enclosures
All three enclosures were assessed for existing fence conditions (6.1): whether it was covered or
not, or broken. The fences in all the three enclosures were single layered and uncovered, but not broken
at any point. The location of the enclosures and thick vegetation prevented the animals from eye
contact with the public. In CU1, due to comparatively less vegetation and nearby road and settlements,
the fence should be double wired and covered in order to avoid any physical or frequent eye contact
with the public.
Fence substrata (6.2) were assessed and found to be in good condition, thus preventing the entry
of other small mammals into the enclosures. None of the three enclosures had quarantine facilities (6.3
and 6.4). For robust captive breeding and management, the availability of quarantine facilities should
be ensured.
3.2.7. Lack of Injuries
Animals were observed visually (also included the use of binoculars) for the assessment of
integument deformities (7.1). No animal was found with any integument deformity. All animals were
carefully assessed for lameness (7.2), but all the animals were normal.
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3.2.8. Lack of Diseases
Eight individuals (one adult male, three adult females, and four juveniles) at CU1 were observed
to have ophthalmic discharge (8.1). None of the animals from CU1, CU2, or CU3 were observed to have
signs of nasal discharge (8.2), labored breathing (8.3), or diarrhea (8.4). No classified veterinarian (8.5)
or veterinary facility (8.6) was present at any of the three facilities. Veterinary records of each facility
revealed that animal health checks were performed once a month, and the animals were checked by a
classified veterinarian in case of mass infections. Keeping in view the budget constraints, optimum
veterinary facilities in all the centers should be improved accordingly.
3.2.9. Displaying Social Behavior
Results for affinitive interactions (9.1) and agonistic interactions (9.2) showed that the highest
aggression was shown at CU3 (66.59%), followed by CU1 (43.64%) and CU2 (37.75%) (Figure 1).
The results obtained from the Shapiro–Wilk test (W = 0.634, p < 0.05) were significant. Thus, our
data was not normally distributed. The Kruskal–Wallis H test showed that there was a statistically
significant difference in behavior among the three groups (χ2 (2) = 10.073, p < 0.05), with a mean rank
of 87.43 for CU1, 80.22 for CU2, and 109.00 for CU3. Animals at CU3 shared the space with other
animals (Table 3).
 
Figure 1. Percentage of affinitive and agonistic interactions of the total number of interactions recorded
for each herd of Punjab urial assessed (n = 37).
While assessing the social behavior (9.1 and 9.2), the Punjab urial at CU3 showed aggression
(chasing and head jerking) toward the chinkara. No obvious aggression was observed from Punjab
urial toward mouflon sheep. All three species were observed maintaining approximately a distance of
10–20 m from each other.
3.2.10. Group Dynamics
An assessment of the number of Punjab urial (10.1) in all the centers showed that only animals at
CU3 were sharing space with other species, including chinkara (Gazella bennettii; n = 13) and mouflon
sheep (Ovis orientalis; n = 3) (10.3). Results for assessing herd composition (10.3) were: CU1, n = 23
animals (adult male = 5, subadult male = 1, female = 6, young = 11); CU2, n = 6 (adult male = 3, adult
female = 1, young = 2); and CU3, n = 8 (adult male = 4, adult female = 2, young = 2). Life history
records of Punjab urial at each of the three facilities showed that no male had been replaced with other
males from a different population. This situation was alarming and could potentially lead to inbreeding
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depression and drastic downfall of the population. These results strongly suggested that the exchange
of productive males and females between different populations is necessary to avoid inbreeding.
3.2.11. Display of Other Behavior
While assessing animals for stereotypic behavior (11.1), only two adult females and one sub-adult
male at CU1 were found to move back and forth repetitively next to a fence and bite the fence.
Regarding environmental enrichment (11.2), all the centers provided natural opportunities to forage,
in the form of thick and tall vegetation for browsing. Due to comparatively fewer shrubs and less low
vegetation at CU1, formal enrichment in the form of vertical poles or sticks to offer food should be
encouraged. This will increase complexity in the physical environment of the enclosures.
3.2.12. Good Human–Animal Affiliations
Each of the herds assessed at the three different centers had never been a part of any medical
program (12.1). Very poor results were recorded regarding capturing, handling, immobilization, and
translocation techniques in all the three centers. Animal capture was mostly conducted by chasing
animals and confining them to a corner of the enclosure. Veterinary and post-mortem reports revealed
the expiry of seven chinkaras and three Punjab urials during capturing and translocation, respectively.
3.3. Overall Comparison
Overall, all the three herds were same in terms of resource-based indicators. A slight difference
among the three herds was present in terms of animal-based indicators. The herd at CU1 (43.64%)
showed aggression and some animals (34.78%) were observed showing signs of ophthalmic discharge.
The second herd showed an aggression of 37.75%, which was comparatively lower than that observed
in the other two herds, but no diseased animal was found. The herd at CU3 showed the highest
aggression (66.59%), but no animal was diseased. Comparing the results obtained for all the three
groups, we assumed the herd at CU2 was at maximum welfare, followed by CU3 and CU1.
4. Discussion
The current project was designed to develop, for the first time in Pakistan, a baseline protocol
to assess the welfare of wild ungulates in captivity. The assessment of resources, management, and
animal-based measures are collectively termed as animal welfare assessments. In order to have a clear
idea about the welfare of a group of animals in captivity, it is difficult to achieve the goals by having a
single indicator or very few indicators. Thus, to have a complete and appropriate welfare assessment
for a particular species, it is important to have a combination of several indicators according to the
biology and ecology of that species [21]. The protocol proposed in this study is based on the welfare
protocol for domestic sheep. This protocol differs from the domestic sheep welfare protocol in terms
of the number of indicators, consisting of an extended list of 31 different animal- and resource-based
indicators. In this newly developed protocol, we found that some indicators are difficult to assess
with accurate results, especially in wild animals, when they are kept in large enclosures with dense
vegetation. Although we used binoculars to assess integument and skin deformities (indicator 7.1),
it was difficult to determine if there were any small lesions or patches on the body. According
to [46], there is a high possibility of high levels of aggression and fights in wild ungulates in captivity.
Detailed observations of skin and other integuments are thus very important. We do not encourage
excluding this indicator; rather, we suggest the use of more powerful binoculars or a high-resolution
camera to obtain clear pictures of the animals.
Our protocol is based on the welfare protocol for domestic sheep, but we excluded the criteria
‘positive emotional state’. There is a lack of information relative to this subject in captive ungulates [10].
This state includes pleasure, comfort, confidence, and interest. The aim of animal welfare assessment
is to determine positive emotional states, or reduce undesirable experiences and increase opportunities
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for animals to have more healthy and positive states [47]. We suggest that these criteria should be
included in developing welfare assessment protocols for any wild species in captivity.
An emerging trend in establishing zoos and enclosures is to provide large and more natural
environments for captive animals [48]. The current protocol found the area requirements for captive
Punjab urial very true-to-life and acceptable in each of the three enclosures examined. All three
enclosures offered vast areas to the animals, with natural habitats utilizing natural vegetation and
uneven ground. All the animals could easily experience grazing, browsing, and athletic activities.
With the exception of CU1, where animals were observed to be moving back and forth and the
enclosure is located in close proximity to local settlements and roads, so stereotypic behavior was
recorded during the application of the current protocol. According to [49], eye contact of visitors
and wild animals in captivity can result in stress and stereotypic behavior. Following [34], fences at
CUI should be covered with raffia in order to avoid frequent eye contact between the animals and
the public.
Interspecific aggression has been mostly documented in carnivores [50], while such information
for wild ungulates is scarce [51]. Interspecific aggression can possibly increase intraspecific aggression.
In our study, we found that animals in CU3 showed the highest aggression (66.59%), followed by
CU1 (43.64%) and CU2 (37.75%). We assumed that the higher aggression in CU3 was due to the
presence of other species [52]. Punjab urial males were frequently observed chasing chinkara, showing
comparatively less aggression toward mouflon sheep. We also recorded counter aggression from
chinkara males toward Punjab urial and mouflon sheep. According to [36], interspecific aggression is
usually greater between distantly related species than closely related species, and it is recommended to
separate the species with aggressive males. Our results suggested isolating chinkara from Punjab urial.
Regarding stereotypic behavior, it was observed only in three animals (two adult females and one
subadult male) at CU1. This facility had less natural vegetation as compared to the other two facilities,
where the animals did not show any stereotypic behavior. According to [45], captive ungulates have a
high tendency to produce oral stereotypies when they have limited opportunities for natural foraging;
those findings are in agreement with results produced from the current study.
Recently, medical training programs and training techniques have been practiced and understood
in modern zoos and facilities. These methodologies are frequently used and applied in different species,
including big cats, elephants, giraffes, and apes. There is a lack of implementation of such programs in
ungulates [10]. We consider it important to add a medical training program (12.2) because, if properly
practiced, it is a promising means of reducing the stress caused by veterinary techniques. For capture
of animals, every facility must have the right material (capture enclosure, net, handling crush, and
dart gun), coupled with an experienced team, in order to avoid trauma and other serious injuries [34].
During application of the proposed protocol, it was found that several animals had expired during
capture and translocation. These results make the medical training program a top priority in Punjab
urial and other associated captive ungulates.
The development of this welfare assessment protocol is a leading documented work in developing
a scientific and standard tool for the measurement of welfare in Punjab urial (Ovis vignei punjabiensis).
Using the Welfare Quality® protocol for farm animals as a reference, welfare assessment protocols for
several wild species have been developed, including those for mink (Neovison vison), foxes (Vulpes
spp.) [47], dorcas gazelles (Gazella dorcas) [10], and bottlenose dolphins (Tursiops truncatus) [47,53].
Welfare assessment protocols are developed with the aim of assessing the welfare level in
captive animals, to discover limitations in captive breeding, and to ensure optimal welfare through
recommendations. Protocols that are practical and easy to be applied are considered successful
protocols. Protocols developed for different species differ in terms of time for their implementation.
In the case of mink and foxes [47], the developed welfare assessment protocol needs three visits
to each farm. In the case of bottlenose dolphins [53], the protocol requires two days for a complete
welfare assessment of a dolphin pod including up to 10 individuals. Our protocol includes an extensive
set of 31 indicators, and thus has some practical challenges. According to [10], protocols for dorcas
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gazelles require less than 6 h per herd. During the application of the proposed protocol, the largest
herd of Punjab urial (n = 23) was assessed at CU1, and all the indicators were assessed in 5 h per
herd. Our protocol is in early-stage development for assessing the welfare in captive Punjab urial
and endorsement is still needed; however, its application to the three different herds and the results
obtained allowed to identify some areas in all the facilities which need to be improved.
5. Conclusions
Using the welfare assessment protocol for farm animals (sheep) as the base, we developed a
welfare protocol for welfare assessment in captive Punjab urial (Ovis vignei punjabiensis). This first
specific protocol developed for Punjab urial comprised 4 basic principles, 12 criteria, and 31 animal-
and environmental-based indicators. Although this protocol still needs validation, its first application
and subsequent results obtained from three different herds of captive Punjab urial at CU1, CU2,
and CU3 highlight some areas where improvements are essential. According to the results obtained
from this protocol, handling, capturing, and translocation were found to be the most important areas
for necessary action as most of the mortalities happened in capturing and translocation. Another
important area which needs to be improved on an urgent basis is the availability of veterinary facilities.
Furthermore, we recommend the shifting of breeding animals between different populations. Based on
the results, we recommend covering the fence at CU1 in order to prevent frequent human–animal eye
contact. On the basis of this study results, we believe that this protocol can be a promising tool for
welfare assessment at facilities that hold Punjab urial. The current protocol has the best combination of
welfare indicators for the target species and is a leading step in captive breeding research in Pakistan.
In addition, this protocol can be used as a base for developing similar welfare protocols for other
captive mountain ungulates in Pakistan and globally.
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Simple Summary: Body temperature regulation is integral for the health and well-being of animals,
especially in Zoo settings. Endothermic vertebrates such as small mammals are able to maintain a
constant internal body temperature; however, extreme variation in body temperature may be reflective
of underlying injuries or health issues. Thus, new technology that can enable the measurement of
body temperature of small mammals without need for capture and handling can be very useful for
the monitoring of animals in Zoos. In this study, we report the application of an IR thermal imaging
camera for monitoring the body temperature of koalas. We found that the eye and abdomen were the
most consistent body features to record body temperature. This tool will have useful application for
welfare evaluation of small mammals, such as koalas in Zoos.
Abstract: Non-invasive techniques can be applied for monitoring the physiology and behaviour
of wildlife in Zoos to improve management and welfare. Thermal imaging technology has been
used as a non-invasive technique to measure the body temperature of various domesticated and
wildlife species. In this study, we evaluated the application of thermal imaging to measure the
body temperature of koalas (Phascolarctos cinereus) in a Zoo environment. The aim of the study
was to determine the body feature most suitable for recording a koala’s body temperature (using
coefficient of variation scores). We used a FLIR530TM IR thermal imaging camera to take images
of each individual koala across three days in autumn 2018 at the Wildlife Sydney Zoo, Australia.
Our results demonstrated that koalas had more than one reliable body feature for recording body
temperature using the thermal imaging tool—the most reliable features were eyes and abdomen.
This study provides first reported application of thermal imaging on an Australian native species in a
Zoo and demonstrates its potential applicability as a humane/non-invasive technique for assessing
the body temperature as an index of stress.
Keywords: thermal imaging; koalas; body temperature; heat/cold stress; thermoregulation; substrate;
welfare; Zoo
1. Introduction
Endothermic animals use various physiological and behavioural mechanisms to control body heat
production and loss so that their internal body temperature remains constant, and this is considered
“thermoregulation” [1]. The ability for an individual to thermoregulate allows them to cope with a range
of environmental temperatures (i.e., extreme heat or cold), which could otherwise have detrimental
effects on an animal’s well-being [2,3]. Specifically, “behavioural” thermoregulation depends on the
spatial arrangement and availability of microclimates in an individual’s environment; most species can
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exploit cooler environments during hot weather and warmer environments during cold weather [4].
A suitable thermal landscape in wildlife enclosures is essential for captive management and animal
welfare [5,6]. Zoo enclosures may have heating and cooling systems to provide suitable surrounding
temperatures for animals [7], however it is often difficult to monitor body temperature of animals
without handling. Recent technology advancements have allowed for thermal imaging to be a
viable technique for measuring body temperature from a distance. An advantage of using thermal
imaging is its high resolution, ability to contrast variation in body temperature, and non-invasive
nature [8–10]. Thermal imaging has been used in veterinary medicine to detect leg and hoof problems
using body temperature variation in racehorses, demonstrate high body temperature in livestock during
transportation, and measure rapid changes in skin temperature in response to acute stressors [11,12].
To our knowledge, there is no published report on thermal imaging of native Australian wildlife in a
Zoo setting.
Koalas are an arboreal folivore native to Australia [13] that use thermoregulation as a key survival
mechanism to cope with subtle environmental changes, such as heat waves [3,4]. Koalas have an average
body temperature between 35.5 ◦C and 36.8 ◦C and “behavioural” thermoregulation is important for
maintenance of core body temperature [4,5]. Such behavioural thermoregulation in koalas includes
panting to cool themselves, curling up into a ball to trap internal heat when cold, and the use of
tree trunks as cold or warm substrates to regulate body temperature dependent on environmental
conditions [4,5]. The selection of a perch by koalas has been demonstrated to be influenced by
temperature, food availability, and time of day [4]. Interestingly, in response to temperature and
“behavioural” thermoregulation, tree structure is an important consideration for koalas when selecting
a perch, irrespective of food preference, because dense tree canopies provide a cool microclimate
during hot weather [3–5]. Therefore, in koalas alone it is apparent that unsuitable microclimates and
perch substrates in captivity can create difficulties to mimic natural thermoregulation and pose as
potential stressors [14].
This preliminary study sought to record the body temperature of koalas using a thermal imaging
camera to assess its applicability in a Zoo setting and specifically determine the most reliable body
feature for taking body temperature readings. The application of this technology will help zookeepers
to better understand the thermal preferences of koalas in relation to captive environments.
2. Materials and Methods
2.1. Study Population
Three captive-born and raised koalas at the Wildlife Sydney Zoo were observed: a 13-year-old
female that has had multiple joeys (Erica), a 15-month-old juvenile male offspring of Erica (Birri),
and a 16-month-old juvenile male (Alfie). The female koalas were socially housed in a large (62 m2)
open enclosure consisting of seven tree branches. Juvenile male koalas are also socially housed (three
koalas), but separately to the females, in smaller less exposed enclosures (23.4 m2) consisting of four
branch perches.
2.2. Data Collection
All thermal images were taken using the FLIR530TM Thermal Imaging Camera. Thermal images
of each of the koalas were taken every 30 min between 8:00 and 17:00 (9 h a day) over three consecutive
days in May 2018 for a total of 171 images (57 images per individual). Each image taken was focused
and centred to the koala to incorporate as much of the body features within the image (Figure 1).
Each image was taken within 1 m distance to the koala.
134
Animals 2019, 9, 1094
Figure 1. Thermal images of Erica on 14 (left) and 16 (right) May 2018 at Wildlife Sydney Zoo
taken using a FLIR530 Thermal Imaging Camera. Both images show a minimally obstructed view
of Erica perched on a branch, with the specifically selected body features highlighted by the black
circular reticles.
2.3. Image Analysis
All images were analysed using FLIR Tools version 5.13 software for extraction of thermal metrics.
The FLIR Tools software enabled us to measure the temperature of specifically selected body features of
a koala by simply defining them within each image (Figure 1). We were most interested in measuring
the temperature of the eyes, ears, paws, abdomen, and back.
The coefficient of variation (the ratio of the standard deviation to the mean) was calculated for
each body feature (eyes, ears, paws, abdomen, or back) to determine which was the most consistent for
measuring body temperature using a thermal imaging camera, i.e., the body features with the least
amount of variation.
3. Results
The eyes were the most consistent and hottest body feature for measuring the body temperature
of koalas by a substantial margin—coefficient of variation: 4.83%, and average temperature: 31.16 ◦C
(Figure 2). However, the eyes were one of the least available body features to measure being visible in
only 40.35% of the images. The abdomen was the second most consistent body feature with a coefficient
of variation of 11.01% (Figure 2) and was visible in 48.54% of the images. The back was the most
available body feature to measure (69.60% of images) and was the third most consistent to measure
body temperature (13.73%; Figure 2). The paws were the least available body feature to measure
(39.18% of images) and were the fourth most consistent body feature (18.12%; Figure 2). The least
consistent body feature to measure body temperature was the ears (19.68%; Figure 2), which were
visible in 61.99% of images. For further details on the specific eyes, ears, or paws, refer to Table 1.
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Figure 2. Boxplot demonstrating the range/spread of temperature (◦C) for each body feature of a koala
measured (from left to right: eyes; ears; paws; abdomen; back). The median (the line through each
coloured box), average (“x”), and outliers (coloured circles) are shown for each body feature.
Table 1. Table displaying the sample size, average temperature (◦C), and coefficient of variation for
each of the five primary body features and the specific features that are entailed.
Sample Size Average Temperature (◦C) Coefficient of Variation (%)
Right Eye 45 31.27 4.36
Left Eye 42 30.63 8.65
Eyes 69 31.16 4.83
Right Ear 72 21.74 19.56
Left Ear 74 21.64 21.27
Ears 106 22.11 19.68
Right Front Paw 26 23.14 18.48
Left Front Paw 23 22.27 15.00
Right Back Paw 25 21.66 20.12
Left Back Paw 27 21.66 19.78
Front paws 43 22.55 16.25
Back Paws 47 21.48 20.07
Paws 67 22.36 18.12
Abdomen 83 22.13 11.01
Back 119 20.74 13.73
4. Discussion
Thermoregulation is the control of heat production and heat loss of an animal so that the internal
body temperature remains at a more or less constant temperature; it is a property that most mammals
such as koalas posses [12]. Specifically, koalas are endothermic marsupials, which have a thermal
neutral zone (i.e., temperature tolerance) between 20 ◦C and 40 ◦C [1–5]; however, their average body
temperature is regulated between 35.5 ◦C and 36.8 ◦C [1,3,4]. Our results from measuring these body
temperatures using a thermal imaging camera (FLIR530TM) suggested that the eye was the most
reliable external body feature for a koala. Using these measurements of body temperature and that of
perch substrate we found that koalas use thermoregulation and thermal preference of substrates on
which they were perched to regulate their body temperature (Figures 1 and 2).
We were able to demonstrate in koalas that the eye was the most reliable external body feature
for measuring body temperature. The lacrimal caruncle is small fleshy nodule located in the corner
of the inner eye and is the hottest point of the eye, and thus the most representative external feature
of core body temperature [10,15,16]. It is likely that this feature was reponsible for yielding eye
temperature as our most accurate and representative reading of body temperature and that of previous
studies [10,15]. Previously other studies have successfully used thermal imaging to measure core body
temperature, including studies by [17], which confirms the use of eye temperature on unrestrained
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wild blue tits (Cyanistes caeruleus) as a non-invasive measure of physiological stress. Stewart et al. [18]
further validates the uses of eye temperature by correlating core temperature in cattle as an indication
for stress and pain. However, we could not confirm any correlation between our readings and core
body temperature due to having no benchmark readings of core body temperature as measured by a
tested and more invasive technique, such as a intraperitoneal device or rectal temperature reading [1].
Previous similar research [1] that did use a benchmark body temperature reading (intraperitoneal
device) for comparison with various techniques demonstrated no correlation between thermal images
and core body temperature in koalas. Nevertheless, [1] only used thermal images of the foot, a body
feature which we have established as one of the least reliable, and thus future work investigating the
correlation between thermal image readings of the eye and core body temperature in koalas could
provide valuable insight. Johnson et al. [9] reported that from the thermal camera alone they were
unable to give an accurate predication of core body temperature and were only able to give a correlation
of it. We were able to validate the use of the eyes by not only measuring its temperature but that
of other important body features for comparison of variation and repeatability. Of the three koalas
measured for body temperature, all demonstrated a positive relationship between body temperature
and perch substrate temperature, except, only Birri and Erica had a significant relationship.
Study Limitations
Being able to identify a reliable body feature to measure the body temperature of an animal with a
thermal camera introduces a non-invasive method for measuring animal welfare. Focusing on one
body part reduces outliers and abnormally high readings (Birri’s max temp = 46.5 ◦C) that are also
picked up by the thermal camera. The camera reads reflections and shadows that are present in the
images therefore the camera is not reading the true temperature of the koala. This limitation has been
found in similar studies, such as [10], where the solar radiation produced erratic temperature readings
when reflected off other objects in the enclosure. This can been seen in the readings of the back and feet
as there is such a high variation between the temperatures during the day for some koalas compared
to another koalas in the same area. This variance is reflected in the CV%. The back and feet have
the least consistent readings as koalas tend to sit in positions on the side of the trees or in branches
which allows the sun to reflect off their backs. The nose of the koala was difficult to image because of
the variability in positioning of the koala on the perches, hence it was not used in the image analysis.
The camera was also picking up reflections off the artificial tree in the enclosure. Other limitations that
are expressed in this study are distance from the thermal camera to the subject, as well as plants and
other objects obstructing the analysed object.
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Simple Summary: Wild animals can host diseases that affect humans (i.e., zoonotic diseases).
However, not all wild animals are equal in their hosting capacities. In fact, the immune system,
the main defense against diseases, varies within and among species. Within species, variation relates
to two factors: parasite load and parasite pressure. Parasite load refers to the amount of parasites in
or on an individual. Parasite pressure refers to the amount of parasites in a location. The importance
of these factors in shaping the immune system of wild rodents, a group of animals known to host
zoonotic diseases, is poorly understood. Overall, the rodent species we studied (bank voles and wood
mice) hosted 5 microparasites, 9 ectoparasites, and 8 gastrointestinal parasites. We found that parasite
load and parasite pressure related to different facets of the immune system. We also found that bank
voles exhibited higher levels of one immune defense than wood mice, but higher levels of this defense
correlated with a worm infection only in wood mice. Lastly, a white blood cell ratio correlated with
infection by a zoonotic parasite. Studies like ours help to document the complexities of host–parasite
interactions and how these interactions shape zoonotic disease risk in a changing world.
Abstract: Wildlife is exposed to parasites from the environment. This parasite pressure, which differs
among areas, likely shapes the immunological strategies of animals. Individuals differ in the
number of parasites they encounter and host, and this parasite load also influences the immune
system. The relative impact of parasite pressure vs. parasite load on different host species,
particularly those implicated as important reservoirs of zoonotic pathogens, is poorly understood.
We captured bank voles (Myodes glareolus) and wood mice (Apodemus sylvaticus) at four sites in
the Netherlands. We sampled sub-adult males to quantify their immune function, infestation load
for ecto- and gastrointestinal parasites, and infection status for vector-borne microparasites. We
then used regression trees to test if variation in immune indices could be explained by among-site
differences (parasite pressure), among-individual differences in infestation intensity and infection
status (parasite load), or other intrinsic factors. Regression trees revealed splits among sites for
haptoglobin, hemagglutination, and body-mass corrected spleen size. We also found splits based on
infection/infestation for haptoglobin, hemolysis, and neutrophil to lymphocyte ratio. Furthermore,
we found a split between species for hemolysis and splits based on body mass for haptoglobin,
hemagglutination, hematocrit, and body-mass corrected spleen size. Our results suggest that both
parasite pressure and parasite load influence the immune system of wild rodents. Additional studies
Animals 2019, 9, 1015; doi:10.3390/ani9121015 www.mdpi.com/journal/animals139
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linking disease ecology and ecological immunology are needed to understand better the complexities
of host–parasite interactions and how these interactions shape zoonotic disease risk.
Keywords: rodents; ecological immunology; natural antibodies; haptoglobin; neutrophil to
lymphocyte ratio; immune strategy; vector-borne pathogens; parasitology; zoonosis
1. Introduction
Free-living wild animals are repeatedly exposed to different parasites. These parasites can be found
on plants and other animals, in soil and water, and generally throughout the animal’s environment [1,2].
When an animal interacts with one or more parasites, that animal’s immune system can respond in
different ways [3]. For example, some hosts engage in strategies of resistance, while others rely on
tolerance [4]. These general strategies combined with myriad immunological defenses form a host’s
immunological phenotype [4,5]. Qualitative and quantitative differences in aspects of immunological
phenotypes have been documented among individuals, populations, and species of animals through
space and time [6–10]. As with other plastic phenotypic traits, immunological phenotypes and variation
therein are shaped by evolutionary (i.e., genetic) and ecological (i.e., environmental) factors.
Two influential factors are parasite pressure and parasite load [1]. Parasite pressure is
largely a characteristic of the broader environment, the specific habitat in which animals live,
or both [1]. Exposure to parasite pressure across generations is thought to drive selection and
shape immune system evolution, but this has mostly been tested indirectly [1,11]. Parasite load is
a trait associated with individual animals [1,12]. The magnitude of parasite load likely depends on
parasite pressure and other environmental characteristics, but critically, it also integrates host ecology
and immunology [1,11]. Parasite load can be decomposed into several parameters, including the
infection status (i.e., presence/absence) and infection intensity. In field studies of wild animals, parasite
pressure, parasite load, and host immune defenses are rarely all characterized simultaneously in the
same study population.
Knowledge is limited regarding the relative contribution of parasite pressure and parasite load to
processes shaping immunological phenotypes in wild animals. Yet understanding these relationships
is increasingly important in the light of emerging pathogens that can cause disease in humans [13].
These so-called zoonotic pathogens are often maintained in enzootic cycles by wildlife populations [14],
and several zoonotic pathogens have increased in occurrence in recent decades [13]. Of the few studies
that have begun to explore ecological immunology in the context of specific pathogens, even fewer
study multiple zoonotic pathogens (e.g., [8]). Evaluating relationships among zoonotic pathogens and
immune defenses helps in understanding these natural systems and the risks they pose to humans.
We quantified immunological and physiological indices and parasite load parameters in two
common species of small rodent from wooded areas in the Netherlands (Supplementary Figure S1) that
were previously shown to differ in their parasite pressure (Supplementary Table S1 [15]). Moreover,
the bank vole (Myodes glareolus) and the wood mouse (Apodemus sylvaticus), our two study species,
differ in their ability to host ticks and to infect ticks with zoonotic pathogens [6,16]. Bank voles, but not
wood mice, acquire resistance to some ectoparasites (e.g., the tick Ixodes ricinus [16]), while wood
mice mount a stronger antibody-mediated response against zoonotic pathogens than bank voles [6].
Given our interest in both parasite pressure and parasite load and given that infection with one
parasite can mediate infection with another (i.e., via mechanisms of co-infection [17]), we took a
holistic “parasite assemblage approach”; however, we also maintained a strong focus on vector-borne
microparasites. To this end, we screened rodents for an array of ectoparasites, gastrointestinal
parasites, and microparasites. (For a full list, see Supplementary Table S2.) We also characterized the
immunological phenotypes of the same individuals via six indices of the immune system and other
allied physiological systems.
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We formulated two parasite-related hypotheses. First, if parasite pressure drives immunological
phenotype, then populations from different sites are expected to express different immunological
phenotypes. In general, higher parasite pressure is thought to select for stronger immune systems [1].
Second, if parasite load drives immunological phenotype, then individuals carrying higher parasite
loads are expected to express immunological phenotypes that differ from those carrying lower
loads, irrespective of population. The direction of this relationship likely depends on the parasite
load parameter under consideration, since some members of the parasite assemblage can be
immunostimulatory and others immunosuppressive [17]. Additionally, we expected intrinsic host
factors to shape immunological phenotype. In the light of the differences between our study species
described above, immunological indices are expected to correlate more strongly with microparasite
infection status in wood mice compared to bank voles. Furthermore, immunological indices are
expected to correlate positively with body mass (a proxy for age in rodents [18]), a result of immune
system development.
2. Materials and Methods
2.1. Study Sites
Between 13 September and 7 October in 2016, we worked in four 1 ha wooded sites in the
Netherlands: Buunderkamp, Herperduin, Maashorst, and Stameren (Supplementary Figure S1).
Details about these sites, including exact locations, have been described previously [15]. We selected
these specific sites based on a known gradient in tick burden on rodents (Supplementary Table S1 [15])
and based on spatial isolation to ensure independent populations of rodents and parasites (the closest
neighboring sites, Herperduin and Maashorst, were separated by 5.5 km and a highway).
2.2. Rodent Trapping
In each study site, we established a 10 × 10 grid of trapping stations with 10 m between stations.
With a pair of Longworth live traps (Heslinga Traps, Groningen, The Netherlands) per station, a grid
consisted of 200 traps in total. We activated the traps at 20.00 h on four consecutive evenings and
checked them the following mornings at 8.00 h. Traps were closed during the day. We baited the
traps with mixed seeds, pieces of carrot and apple, and live mealworms; hay served as insulation.
The mealworms were included as food for accidental bycatch of shrews (Soricidae). With their utilization
of these resources, trapped animals showed no outward signs of stress upon removal from the traps,
but any unmeasured effects of capture are expected to have been consistent across animals given the
standardized trapping protocol.
Trapped rodents were transferred into a transparent plastic bag to allow for species identification
with minimal handling. Once identified, any nontarget species were immediately released. We visually
sexed all bank voles and wood mice and then released any females after marking them by fur
clipping [19] to facilitate release if recaptured. We weighed all males and evaluated testes development;
individuals >20 g or with visible testes were marked and released. By targeting sub-adult males that
were not sexually active, we aimed to reduce variation in immunological parameters due to age or
reproductive state [2].
2.3. Rodent Anesthetization, Sample Collection and Handling
All target males were anaesthetized with a 0.15–0.25 mL injection (depending on body mass)
of a 1:2 mixture of xylazine (2 mg/mL) and ketamine (10 mg/mL). After anesthetization, blood was
collected via eye extraction, and the animals were euthanized by cervical dislocation. Rodent trapping,
anesthetization, euthanization, and all other aspects of the animal experiments were approved in 2016
or earlier by the Central Committee Animal Experimentation in the Netherlands (AVD104002016546),
the Animal Welfare Body of Wageningen University (WUR-2016044), and The Netherlands Ministry of
Economic Affairs (FF/75A/2013/003).
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Blood was collected directly into a tube (MiniCollect® Tube 0.8 mL Z Serum Sep Clot Activator,
450472; Greiner Bio-One B.V., Alphen aan den Rijn, The Netherlands), and samples were kept in a cool
box with ice in the field until processing in the lab later the same day. Samples were centrifuged and
serum was collected in accordance with the manufacturer’s instructions. After centrifugation, serum
was transferred to a fresh microcentrifuge tube and frozen at −20 ◦C until laboratory analyses, which
took place from late October to mid-November 2016.
At the moment of blood collection, we made a blood smear per individual using a drop of the
fresh whole blood. Smears were fixed in absolute methanol in the field and stained (Modified Giemsa
Stain, GS500-500 ML; Sigma-Aldrich Inc., St. Louis, MO, USA) later in the lab. We also filled one
heparinized capillary tube per individual, which was centrifuged at 12,000 rpm for 10 min. From this,
we recorded hematocrit values per individual.
From the carcasses, we collected kidneys, liver, spleen, and lungs and some ear tissue in the
field for purposes of microparasite screening. The lungs were placed in RNAlater (Thermo Fisher
Scientific, Waltham, MA, USA). We kept these samples in a cool box with ice until later the same day,
when the lungs were stored at 4 ◦C and all other organs and tissues and the remaining carcass were
stored at −20 ◦C. Spleen size (mass in mg) was recorded on the day of collection before being frozen.
After 3–5 days, we removed the lung samples from the RNAlater and stored them individually in
microcentrifuge tubes at −20 ◦C with the rest of the samples.
2.4. Ectoparasite Screening
We screened all carcasses for arthropod ectoparasites. Ectoparasites were collected by combing
the fur, checking the skin, and carefully inspecting each carcass’s storage bag. We also collected and
stored any ectoparasites that left the carcass during the dissection process. Ectoparasites were stored
in 70% ethanol in microcentrifuge tubes (one tube per parasite species per host individual) at −20 ◦C.
Ectoparasites were counted per species and life stage. Tick and flea species were identified
using established identification keys [20,21]. Lice and mite species were identified by Herman J.W.M.
Cremers (Utrecht University, Utrecht, The Netherlands), who also confirmed flea species identity.
2.5. Gastrointestinal Parasite Screening
Gastrointestinal parasites were isolated following previously described protocols [22]. Briefly,
mouse intestines were separated individually into small (duodenum up to ileum) and large intestine
(including caecum and colon), and their contents were homogenized in phosphate buffered saline.
Parasites were collected by sieving the suspension over a 63 μm mesh size sieve. The stomach was
screened for parasites macroscopically and microscopically. Isolated parasites were counted, sexed,
identified morphologically, and stored in 70% ethanol.
2.6. Screening for Microparasites
DNA and RNA were extracted from tissue samples in a diagnostic laboratory using a robot
(MagNA Pure Compact Extraction Robot; Roche, Basel, Switzerland) and Nucleic Acid Isolation Kit
I (Roche, Roche, Basel, Switzerland) following the manufacturer’s instructions. To detect potential
cross-contamination, we included negative controls in each extraction batch. To minimize contamination
and false positives, all main steps (extraction, PCR mix preparation, sample addition, and (q)PCR
analyses) were performed in separate air-locked dedicated labs.
We analyzed all nucleic acid extractions with different (multiplex) qPCRs carried out on a
LightCycler 480 (Roche Diagnostics Nederland B.V, Almere, The Netherlands). These qPCRs were
performed as described previously and based on gene fragments specific for the (vector-borne)
microparasites of interest: Borrelia burgdorferi s. l. (two targets, [23]), Borrelia miyamotoi [24], Anaplasma
phagocytophilum [25,26], Candidatus Neoehrlichia mikurensis [27], Rickettsia spp. [28], Leptospira spp. [29],
and Bartonella spp. [30]. We also analyzed the nucleic acid extractions for the presence of four viruses:
tick-borne encephalitis virus, Tula hantavirus, Puumala hantavirus, and Eyach virus. For the first three,
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we performed reverse transcription real-time PCRs as previously described [31–34]. Positive (plasmid)
controls and negative (water) controls were used on every plate.
We used methodology that has not been previously described for two microparasites:
Spiroplasma ixodetes and Eyach virus. We screened for S. ixodetes using exactly the same
conditions as for B. burgdorferi s. l. but with (rpoBF) 5′-TGTTGGACCAAACGAAGTTG-3′ and
(rpoBR) 5′-CCAACAATTGGTGTTTGGGG-3′ as primers and (rpoBP) 5′-(FAM)GCTAACCGTGCTTT
AATGGG(BHQ1)-3′ as the probe. For the Eyach virus, we performed a reverse transcription
real-time PCR targeting the VP2 of the Eyach virus genome with (EyachF) 5′-TGGCTGACAAC
ATGACGGATA-3′ and (EyachR) 5′-GGCCTCACGATACTTTCGATT-3′ as primers and (EyachP)
5′-ACGGGCTCGGTACTTCGGTTGAGAT-3′ as the probe. We used 20 μL with TaqMan Fast Virus
1-Step Master Mix (Thermo Fisher Scientific, Waltham, MA, USA), 5 μL of sample, and 0.2 μM for the
primers and probes for the qPCR, which was performed with a 20 min reverse transcription step at 50
◦C, denaturation at 95 ◦C for 30 s, and 50 cycles of 95 ◦C for 10 s and 60 ◦C for 30 s.
Samples positive for Bartonella spp. were subjected to conventional PCR and sequencing to
determine species identity [35,36]. Bartonella sequences were compared with reference sequences
from Genbank using the unweighted pair group method with arithmetic mean-based (UPGMA)
hierarchical clustering.
2.7. Immunological Assays
2.7.1. Haptoglobin
Using a commercially available assay kit (Tridelta PHASE Haptoglobin Assay, TP-801; Tridelta
Development Limited, Maynooth, County Kildare, Ireland), we measured circulating concentrations
of haptoglobin, which is an acute phase protein that increases in concentration in response to infection,
inflammation, or trauma [7,10]. We followed the manufacturer’s instructions, measuring absorbance
at 630 nm 5 min after initiation of the color change reaction. We calculated concentrations in our
samples using a linear standard curve that we generated from six standards ranging from 0.039 to
1.25 mg Ml−1. Most serum samples were analyzed in singlicate, but samples from four individuals
were run in duplicate to allow for the quantification of within assay (i.e., within plate) variability.
The average coefficient of variation of the four duplicated samples was 5.6%. For each duplicated
sample, we used the mean concentration in further analyses.
2.7.2. Hemolysis and Hemagglutination
We measured titers of both complement-driven hemolysis and natural antibody-driven
hemagglutination following standard protocols [7,9]. Since the test serum was from mammals,
we used blood from a bird (Columba livia domestica) to make the required 1% suspension of exogenous
erythrocytes. All test samples were analyzed in singlicate, but each of the six assay plates included
a duplicate (and in one case, triplicate) sample from a brown rat (Rattus norvegicus) to allow for
the quantification of within assay (i.e., within plate) and among assay (i.e., among plate) variability.
On average, the rat standard exhibited lysis of 4.4 titers and agglutination of 6.1 titers, and the
variability (coefficient of variation) was as follows: hemolysis, within 12.4%; hemolysis, among 12.5%;
hemagglutination, within 8.3%; and hemagglutination, among 15.5%.
2.7.3. Neutrophil to Lymphocyte Ratio
One author (E.B.) analyzed all of the stained blood smears using a light microscope (at 1000×).
Per slide, she counted the neutrophils and lymphocytes until a combined total of up to 100 cells was
achieved (xtotal = 83 cells). This process was repeated twice per slide, and the average count of each
cell type was used in further analyses of their ratio (neutrophil to lymphocyte ratio).
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2.8. Data Analysis
We explored relationships between our six response variables related to the immune
system and allied physiological systems (haptoglobin concentration (mg mL−1), hemolysis (titers),
hemagglutination (titers), hematocrit (%), body-mass corrected spleen size (mg g−1), and neutrophil to
lymphocyte ratio) and several explanatory variables using regression trees [37,38]. We included the
following explanatory variables per host individual: site, ecto- and gastrointestinal parasite infestation
intensities (i.e., numbers of individuals of each parasite species), microparasite infection statuses
(i.e., infected or not with each parasite species, based on molecular techniques), host species identity,
and body mass.
Regression trees allowed us to explore the most parsimonious splits in the data using a
nonparametric approach that does not assume linearity or independence of data. Furthermore,
this analytical approach is ideal for exploring of patterns without a priori hypotheses for specific
parasite species. We fitted regression trees in R 3.5.1 [39] using the rpart package (v 4.1.13 [40]).
Regression trees can be read as a decision tree, where the data are split into two groups at each
node. The regression tree for each immunological or physiological response variable was built by
recursively partitioning data using an algorithm to split the data into two groups based on the best
predictor. This process is repeated for each of the newly formed groups separately, maximizing the
deviance in the response variable. A cross-validation step was employed to prune trees using the
complexity parameter that accounts for tree complexity and the variance explained. This step resulted
in the smallest possible trees with minimum classification error. In contrast to many conventional
statistical methods, most regression tree analyses do not calculate statistical significance or p-values.
To accommodate readers in their interpretation, while adhering to the nonparametric nature of the
regression trees, we performed independent 2-group Mann–Whitney U tests [41] to test for differences
between groups at each node.
3. Results
We sampled 36 rodents (10 bank voles and 26 wood mice) from the four locations (full dataset
available in Supplementary Table S2). We identified five vector-borne microparasites using qPCR
and sequencing: Bartonella grahamii, Bartonella taylorii, Borrelia burgdorferi s.l., Borrelia miyamotoi,
and Candidatus Neoehrlichia mikurensis (Table 1). We found nine ectoparasite species: two tick
species (Ixodes ricinus and Ixodes trianguliceps), four mite species (Echinonyssus isabellinus, Eulaelaps
stabularis, Haemogamasus nidi, and Laelaps agilis), two flea species (Ctenophtalmus agyrtes and Megabothris
turbidus), and one louse species (Polyplax serrata; Table 1). We also found eight gastrointestinal-parasite
species: Aonchoteca murissylvatici, Aspiculuris tianjinensis, Heligmosomoides polygyrus, Heterakis spumosa,
Hymenolepis diminuta, Syphacia petruzewiczi, Syphacia stroma, and an unidentified species of coiled
nematode that was not Trichinella (Table 1). All serological tests were negative.
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Table 1. Overview of infection with vector-borne microparasites and infestation with ecto- and
gastrointestinal parasites in wood mice and bank voles in four Dutch forest sites.
Parasite Bank Vole (n = 10) Wood Mouse (n = 26)
Microparasites
Bartonella grahamii 1 0.40 0.04
Bartonella taylorii 1 0.10 0.31
Borrelia burgdorferi s.l. 1 0 0.04
Borrelia miyamotoi 1 0.10 0.23
Candidatus Neoehrlichia mikurensis 1 0.30 0.12
Ectoparasites
Ixodes ricinus (larvae) 2 3.20 (0–8) [0.80] 11.08 (0–80) [0.92]
Ixodes ricinus (nymphs) 2 0 [0] 0.08 (0–2) [0.04]
Ixodes trianguliceps (larvae) 2 0.70 (0–4) [0.40] 0.38 (0–4) [0.15]
Echinonyssus isabellinus 2 0.10 (0–1) [0.10] 0 [0]
Eulaelaps stabularis 2 0 [0] 1.23 (0–27) [0.19]
Haemogamasus nidi 2 0 [0] 0.35 (0–9) [0.04]
Laelaps agilis2 0 [0] 3.69 (0–27) [0.58]
Ctenophtalmus agyrtes 2 0.10 (0–1) [0.10] 0.08 (0–1) [0.08]
Megabothris turbidus 2 0 [0] 0.08 (0–2) [0.04]
Polyplax serrata 2 0 [0] 0.85 (0–8) [0.19]
Gastrointestinal parasites
Aonchoteca murissylvatici 2 2.10 (0–14) [0.30] 5.65 (0–75) [0.35]
Aspiculuris tianjinensis 2 15.40 (0–150) [0.20] 2.31 (0–29) [0.19]
Heligmosomoides polygyrus 2 2.80 (0–18) [0.40] 0.38 (0–3) [0.31]
Heterakis spumosa 2 0 [0] 0.04 (0–1) [0.04]
Hymenolepis diminuta 2 0.10 (0–1) [0.10] 0 [0]
Syphacia petruzewiczi 2 3.80 (0–24) [0.20] 0 [0]
Syphacia stroma 2 0 [0] 12.46 (0–76) [0.58]
Non-Trichinella coiled nematode 2 0.90 (0–7) [0.20] 0 [0]
1 Prevalence of (vector-borne) microparasites given as ratio of total number of animals with infection. 2 Average
parasite load as well as prevalence (between square brackets) given as mean and range (in parentheses) of burden
and ratio of total number of animals with infestation, respectively.
We found that simple trees with 3–4 nodes best described the data for all immunological and
physiological indices. These trees revealed both differences among sites and differences in relation
to parasite infestation or infection. Haptoglobin concentration was highest in animals with an Ixodes
trianguliceps infestation (Mann–Witney U test, p= 0.035) and second highest in animals from Herperduin
without I. trianguliceps (p = 0.022, Figure 1A). Haptoglobin concentration was lowest in animals with
a body mass ≥16.5 gram in the other sites (p = 0.045, Figure 1A). Hemolysis titer was highest in
bank voles (p = 0.00093) and intermediate in wood mice with a Heligmosomoides polygyrus infection
(p = 0.050, Figure 1B). Hemagglutination titer was lowest in rodents <15.5 gram (p = 0.011) and
highest in rodents from three sites (Buunderkamp, Herperduin and Stameren; p = 0.033, Figure 1C).
Neutrophil to lymphocyte ratio was highest in animals infected with Borrelia miyamotoi (p = 0.0066)
and lowest in animals infested with ≥3 Laelaps agilis (p = 0.12, Figure 1D). Hematocrit was lowest in
rodents <13.5 gram (p = 0.0099) and highest in rodents between 13.5 and 17.5 gram (p = 0.11, Figure 1E).
Body-mass corrected spleen size was highest in animals ≥17.5 gram (p = 0.0057) and lowest in animals
from Buunderkamp, Herperduin and Maashorst (p = 0.036, Figure 1F).
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Figure 1. Regression tree showing the most parsimonious split for (A) haptoglobin, (B) hemolysis, (C)
hemagglutination, (D) neutrophil to lymphocyte ratio, (E) hematocrit, and (F) body-mass corrected
spleen size. Boxplots show the spread of values (median and quantiles) within each group identified
by the different splits in the tree. Sample size for each group is given underneath the boxplots. Body
mass is given in grams.
4. Discussion
Evaluating relationships between zoonotic pathogens and reservoir hosts, particularly in the
context of host immune defenses, can provide new insights into these natural systems and the risks
posed to humans. The immunological phenotype of hosts is shaped by both parasite pressure and
parasite load [1]. To help to disentangle these two factors, we quantified immunological and related
physiological indices and parasite load parameters in bank voles and wood mice from wooded sites in
the Netherlands varying in parasite pressure. We found immunological and physiological differences
between groups that were and were not infected or infested with parasites, but we also found differences
among sites. Defining the biological meaning of such differences, even when using some of the most
widely applied assays of ecological immunology, remains challenging, but our results offer some new
context to the measured indices. For example, interspecific differences in hemolysis were larger than
intraspecific differences related to infestation (parasite load), supporting an earlier idea that this index is
relatively invariable in relation to current health status, despite the taxonomic variation it displays [7,9].
In addition, both infestation (parasite load) and site (parasite pressure) associated differences were
related to haptoglobin values outside of clinically normal ranges (rodent: 0.25–0.51 mg mL−1, murine:
0.00–0.10 mg mL−1; both reported by the assay manufacturer). Thus, individuals of both rodent species
that were either feeding I. trianguliceps ticks or living at Herperduin can be viewed as enduring a type
of systemic innate immune response, known as an acute phase response [42]). Overall, we can safely
conclude that the measured immunological defenses are shaped by a combination of current parasite
load and differences in parasite pressure among spatially distinct sites.
We hypothesized that if parasite pressure drives immunological phenotype, then populations
from sites that differ in parasite pressure should express different levels of the measured immune
indices. In general, higher parasite pressure is thought to select for stronger immune systems [1].
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We found partial support for our hypothesis in the form of differences among sites in terms of
haptoglobin, hemagglutination, and body-mass corrected spleen size. In all three cases, one site
differed from the other three. This suggests that circumstances specific to some sites might influence
parasite pressure (e.g., which parasite species and pathogen strains successfully colonized a site, the
overall parasite and pathogen richness or diversity), evolutionary responses to that pressure (e.g., host
population genetics), or both. However, the patterns reported here are inconsistent with previously
reported differences in parasite pressure, which was characterized by densities of Ixodes ricinus and
prevalences of several tick-borne pathogens [15]. For example, sites with higher levels of haptoglobin
(Herperduin), hemagglutination (Buunderkamp, Stameren and Herperduin), and body-mass corrected
spleen size (Stameren) were not the same as the site with the highest parasite pressure in 2013–2014
(Buunderkamp). We did find that endoparasite loads were highest in rodents from Herperduin,
which could explain the higher level of haptoglobin at this site, suggesting that a more thorough
approach is needed to quantify parasite pressure at a site [2]. Even though sites were on average
30 km apart and were previously shown to have clear differences in tick densities and tick-borne
microparasite prevalences [15], these distinctions might not have consistently translated to different
immunological phenotypes in measurable ways. Previous studies showing between-site differences in
host immunology employed study designs with extreme environmental differences [43].
We also found support for our second hypothesis: individuals burdened with higher parasite
loads were expected to differ from those carrying lower loads in terms of the measured immune indices.
The direction of effect likely depends on the parasite type (immunostimulatory vs. immunosuppressive)
and immune index under consideration. Indeed, we found that the highest and lowest levels of
haptoglobin and the neutrophil to lymphocyte ratio were associated with infection or infestation.
Concentrations of haptoglobin were higher in individuals infested with the tick Ixodes trianguliceps.
Haptoglobin is a positive acute phase protein [44], meaning concentrations increase in response to
infection, inflammation, or trauma [42], any of which could result from the mouthparts of a tick
puncturing the skin of a host and the multiday feeding period that follows [45]. We also found the
highest neutrophil to lymphocyte ratios in animals infected with B. miyamotoi. This result could be
caused by increased neutrophil production or decreased lymphocyte numbers in these infected animals,
but neither of these effects were seen in a case-study of a human patient [46]. Furthermore, we found
the lowest neutrophil to lymphocyte ratios in animals infested with Laelaps agilis. This species of
mite is known to be a vector of Hepatozoon spp., blood parasites that can infect wild rodents, but for
which we did not test our samples [47]. Since Hepatozoon spp. can infect leukocytes in rodents [48,49],
such an infection might be a mechanism behind the mite infestation effect; however, in other animals
(e.g., frogs [50]), neutrophil to lymphocyte ratio was not correlated with infection intensity of Hepatozoon
spp. Nevertheless, since increased neutrophil to lymphocyte ratios are often associated with stressed
or diseased states [51], the lower values we observed in mite infested individuals suggest another
process at work (e.g., possible immunosuppression).
Finally, we found differences related to species identity and body mass. Hemolysis was the
only immune index for which we found a difference between the two study species: Overall bank
voles exhibited higher titers than wood mice. Furthermore and tangentially related to our a priori
expectation, hemolysis was the only immune index for which we found an infection-related difference
between the two study species. Hemolysis titers were higher in Heligmosomoides polygyrus (helminth)
infected wood mice but not in similarly infected bank voles. Heligmosomoides polygyrus, a commonly
used model of helminth infections, is known to regulate immune function in laboratory mice [52].
To our knowledge, our study is the first to show immunological differences associated to natural
infection with H. polygyrus. It must be noted, however, that the effects of microparasite infection
status never showed this type of species dependence. We also found that four immune indices
showed three different types of relationships with body mass. Hemagglutination and body-mass
corrected spleen size related positively with body mass; haptoglobin related negatively with body
mass; and hematocrit showed an optimum at middle body masses. While the effects of age on immune
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function in rodents are known, if not fully understood [2], our results highlight the complexity of these
dynamics. The immune system in wild rodents does not simply “mature” as individuals grow heavier
(and older), even if some individual components, such as hemagglutination, show such a pattern here
and elsewhere [7,9]. Instead, the observed relationships hint at an influence of body condition or
composition, but this potential mechanism could not be investigated given our lack of data on the
structural size of individuals [18].
Overall, our findings offer new insights into relationships between specific parasites and
immunological and physiological indices, as well as broader differences between species and among
sites. Notably, differences related to study site and infection status seemed to exert a greater impact on
immune phenotype than host species identity, even though the two rodent study species are thought
to play different roles in the maintenance and transmission of tick-borne zoonotic pathogens [6,16].
While our results document influential roles for both the environmental characteristic of parasite
pressure and the organismal characteristic of parasite load on the immunological phenotype of wild
animals, additional studies linking disease ecology and ecological immunology are needed to better
understand the complexities of how host–parasite interactions play out through space and time in
different environments. For example, repeated sampling of sites over longer (i.e., multiyear) time
periods would be invaluable for characterizing the potential for parasite pressure to drive immune
system evolution. Lastly, our study illustrates the possibility and added value of using a holistic
approach targeting diverse parasites and multiple aspects of host immunology and physiology when
investigating zoonotic pathogens and their vectors and reservoirs [53]. The resulting insights, such as
overall differences between species (e.g., hemolysis) and interspecific similarities and differences
in the immunomodulatory effects of infection (e.g., neutrophil to lymphocyte ratio and hemolysis,
respectively), can help to shape new questions, for example, about host competence [53]. In this study,
our focus was on understanding immunological variation, but a similar analytical approach could be
used to explore variation in the burden (e.g., infection intensity) of one or more parasites.
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Simple Summary: We validated an 11-oxoaetiocholanolone enzyme immunoassay for measuring
faecal cortisol metabolites (FCMs) in reindeer. Samples were collected from eight male reindeer
following adrenocorticotrophic hormone (ACTH) stimulation and from another group of reindeer
during handling and calf marking. The overall FCM levels peaked after seven to eight hours in both
locations, proving that the assay is suited to evaluate the adrenocortical activity in reindeer.
Abstract: Several non-invasive methods for assessing stress responses have been developed and
validated for many animal species. Due to species-specific differences in metabolism and excretion of
stress hormones, methods should be validated for each species. The aim of this study was to conduct
a physiological validation of an 11-oxoaetiocholanolone enzyme immunoassay (EIA) for measuring
faecal cortisol metabolites (FCMs) in male reindeer by administration of adrenocorticotrophic hormone
(ACTH; intramuscular, 0.25 mg per animal). A total of 317 samples were collected from eight male
reindeer over a 44 h period at Tverrvatnet in Norway in mid-winter. In addition, 114 samples were
collected from a group of reindeer during normal handling and calf marking at Stjernevatn in Norway.
Following ACTH injection, FCM levels (median and range) were 568 (268–2415) ng/g after two hours,
2718 (414–8550) ng/g after seven hours and 918 (500–6931) ng/g after 24 h. Levels were significantly
higher from seven hours onwards compared to earlier hours (p < 0.001). The FCM levels at Stjernevatn
were significantly (p < 0.001) different before (samples collected zero to two hours; median: 479 ng/g)
and after calf marking (eight to ten hours; median: 1469 ng/g). Identification of the faecal samples
belonging to individual animals was conducted using DNA analysis across time. This study reports
a successful validation of a non-invasive technique for measuring stress in reindeer, which can be
applied in future studies in the fields of biology, ethology, ecology, animal conservation and welfare.
Keywords: reindeer; stress; glucocorticoids; validation
1. Introduction
The source of stress experienced by animals can be grouped into three categories: (i) physical
due to disease or injury; (ii) physiological, for example, due to hunger or temperature control; and (iii)
behavioural or psychological, for example, due to a change in living environment. Regardless of the
cause, mammals exposed to stress are equipped with defense mechanisms, whereby catecholamines
and glucocorticoids (GCs) are released from the adrenals [1]. In spite of their main task to eliminate
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the effects of the stressor, GCs, when secreted at high amounts over a prolonged time, may pose a risk
to animal welfare. Therefore, measurement of cortisol as an indicator of stress is a useful approach in
determining changes in health and biophysical parameters, even before the symptoms occur [2,3].
However, cortisol, like many other hormones, is secreted in an episodic and diurnal pattern in
many animal species, making it difficult to draw conclusions from single samples. Further, handling
animals during the collection of blood samples exposes them to additional stress and may produce
results that may reflect the consequences of handling procedures. Therefore, non-invasive and
“feedback-free” sampling methods, such as collection of faeces, are preferred [2,4]. Concentrations
of faecal cortisol metabolites (FCMs) reflect secreted GCs better than plasma cortisol concentrations
estimated at the time of blood collection, providing a reliable approach for measuring adrenocortical
function [5,6].
Reindeer (Rangifer Tarandus Tarandus L.) are free-ranging, semi-domesticated animals that are not
accustomed to being handled by humans in the same way as cattle, sheep or pigs [7]. Gathering, sorting
and handling may, therefore, result in increased levels of blood cortisol and urea concentrations [8].
Stress results in increased pH levels and reduced glycogen reserves in the meat, compromising the
meat quality [9] and, hence, the shelf life of reindeer products [10,11].
A physiological validation of a non-invasive method aims at specifically stimulating the adrenal
glands to release GCs into circulation, which should be well captured in the excreted faecal
metabolites [12]. Such validations also yield information about the species-specific time delay
between ACTH stimuli and detection of increased FCM levels—a time delay that also corresponds
roughly to gut passage time [5]. Species differences in metabolism and excretion of glucocorticoids
require that each method is validated for each species and sex [12]. The determination of faecal stress
hormone metabolites in mammals and birds has been performed in many species [5,13]. However,
it appears that only Ashley et al. [14] have previously performed an ACTH test in reindeer. Since
their study did not show an expressed response in FCMs even after a high dose of ACTH, a full
validation of such a method in reindeer still appears to be lacking. Thus, this paper aims to evaluate the
physiological relevance of an enzyme immunoassay (EIA) for determining FCMs in reindeer through
an ACTH challenge, in addition to assessing FCM concentrations of reindeer during calf marking as a
biological validation.
2. Materials and Methods
In order to obtain enough reference data to validate the FCMs, two separate studies were
performed. The ACTH challenge test was done on eight animals in a controlled fence facility at
Tverrvatnet and collection of faecal samples for biological validation was performed for a whole flock
of reindeer, representing different ages and both sexes, at Stjernevatn.
2.1. Reindeer (Both Regions) and ACTH Challenge Test (Only Tverrvatnet)
At Tverrvatnet, eight reindeer males (≥1.5 years of age) were injected intramuscularly with 1 mL
adrenocorticotrophic hormone (ACTH; 0.25 mg/mL: Synacthen®; CD Pharma Srl & CD Pharmaceuticals
AB, Sweden) in the neck area in front of the shoulder. After the injection of ACTH, animals were
moved to a designated fenced area where they were not disturbed except for the collection of samples
or refilling of food. At Stjernevatn, on the other hand, the animals were gathered for calf marking.
The herd consisted of females (lactating and non-lactating), males, yearlings and calves.
2.2. Study Area and Field Conditions
The physiological validation study was carried out at Tverrvatnet (66◦ N) in Rana municipality
in Nordland County in Norway in January 2018. The area was covered with snow and the ambient
temperature ranged from −10 to −15 ◦C. In addition, a biological validation was performed at
Stjernevatn (70◦ N) in Tana municipality in Finnmark County in Norway in August 2017. The ambient
temperature at Stjernevatn ranged from 5 to 13 ◦C.
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2.3. Faecal Pellet Collection
In both locations, faecal samples were collected opportunistically, resulting in a challenge to
quickly discriminate the samples belonging to adults or calves. Flasko et al. [15] suggest that pellet
size could be used as a significant criterion to distinguish calves from adults in wild Canadian caribou
(Rangifer tarandus caribou). Therefore, to overcome the problem, we allocated the samples with an
apparent small pellet size to calves.
2.3.1. Tverrvatnet
To avoid confounding effects of separation stress, the experimental animals at Tverrvatnet were
not moved to the experimental enclosure before the injection of ACTH. Faecal samples were collected
from the group instead of from each individual reindeer to avoid disturbing the animals and creating
additional stress. The identification of individual animals was difficult due to the limited daylight in
this area in winter. Since the DNA analysis conducted later revealed the individual identity of the
anonymous samples, the above-mentioned challenges were not seen as an obstacle.
The collection of samples started two hours after the injection of ACTH and was repeated every
hour until the 12th h and every second hour until 30 h and finished by taking a final sample at
44 h. All samples (n = 317) were collected in plastic bags or in disposable gloves and frozen at
ambient temperature (between −10 and −20 ◦C). Samples were kept frozen at −18 ◦C until extraction
in the laboratory.
2.3.2. Stjernevatn
The sample (n = 114) collection took place from 10:30 to 20:35, forming a total of around 10 h,
during two phases: (i) separation of males and non-lactating females from lactating females and
calves; and (ii) earmarking of calves. In the first phase, a subgroup of 12 to 30 reindeer were moved
into the handling fence where animals were caught by hand and examined by the reindeer herders.
The females, which were lactating, were marked with a colour spray and later released back into the
subgroup where they eventually remained together with all calves. The males or non-lactating females
were moved to adjacent holding pens for separation. Each batch took around 2–8 min to process,
depending on the batch size. This phase took approximately five hours, during which a total of 800–900
animals were processed. Faecal samples collected during the first two hours of the separation process
were considered as baseline (n = 51, of which n = 31 from known calves).
The second phase of faeces collection was done when calves and lactating females were brought
back to the fence for earmarking. In the same way as before, smaller subgroups were taken into the
work fence in batches and processed there. Between batches, researchers collected fresh faecal samples
from the ground (n = 63, of which n = 34 from known calves) to determine potential changes in FCM
concentrations as an effect of handling. This phase lasted 2.5 h. At Stjernevatn, faecal samples could
not be attributed to individual reindeer, but stools with smaller pellets were marked as belonging to
calves, as described above.
2.4. Analysis of FCMs
Some of the samples from Tverrvatnet were already covered in snow and, to avoid the extra
weight snow adds, all samples were oven-dried at 75 ◦C for 24 h. The dried samples were ground and
homogenized using a mortar and pestle, and 0.2 g of each sample was weighed. Steroid extraction
was performed according to Palme et al. [16] and Palme [17]. For suspension of samples, 4 mL 99.9%
methanol was mixed with 1 mL distilled water and added to the 0.2 g faecal sample. The mixture was
hand-vortexed for 1–2 min followed by centrifugation at 2.500 g for 15 min. A 0.5 mL aliquot of each
supernatant was transferred to microtubes and stored at −18 ◦C until analysis.
FCMs were measured in aliquots (after further 1:10 dilution with assay buffer) of the extracts,
utilizing a group-specific enzyme immunoassay (11-oxoaetiocholanolone EIA), previously described
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in detail by Möstl et al. [18], which was found to be well suited in various ruminant species [5]. Intra-
and inter-coefficients of variation were below 10 and 15%, respectively.
2.5. DNA Analysis
To identify the individual in the ACTH challenge test that the faecal samples belonged to, we
performed DNA analysis on 303 of the 317 samples from Tverrvatnet. A total of 14 samples were
discarded at this point, due to low quality.
2.5.1. DNA Extraction
One faecal pellet from each of the 303 faecal samples was transferred to a stool collection tube
containing 8 mL stool DNA stabilizer. The DNA was then extracted using PSP Spin Stool DNA Plus
Kit (Stratec, Birkenfeld, Germany) following the manufacturers protocol.
2.5.2. PCR Amplification
To reliably assign samples to individual reindeers, we used eight dinucleotide microsatellite
markers that were sorted into two multiplex assays for efficient genotyping (multiplex 1 and 2); six
of the markers were taken from Wilson et al. [19] (RT1, RT6, RT13, RT20, RT27, RT30) and two from
Røed and Midthjell [20] (NVHRT22, NVHRT46). The markers can be found in GeneBank using the
accession numbers found in Table 1. The forward-primers were labeled with one of three fluorescent
dyes (6FAM, NED or PET, Table 1). In addition, the ′pigtale′ sequence [21] was added to the 5′ end of
one of the reverse primers to facilitate accurate genotyping.
The PCR reactions were carried out in 10 μL reaction volume: 5 μL 2× multiplex PCR master
mix (Qiagen Multiplex kit), 0.05 μg/μL BSA (NEB) and adjusted primer set concentrations (Table 1).
The PCR conditions for both multiplexes were 10 min at 95 ◦C, 35 cycles of 30 s at 94 ◦C, 30 s at 58 ◦C,
1 min 72 ◦C and a final extension for 45 min at 72 ◦C.
The PCR products (1 μL) were then mixed with Genescan 500 LIZ (Applied Biosystems) size
standard (0.24 μL) and Hi-Di formamide (10.00 μL), following a 2 min denaturation at 95 ◦C on a 2720
Thermal cycler. Capillary electrophoresis was carried out on an ABI 3730 DNA Analyzer (Applied
Biosystems). The POP-7™ Polymer was used as a separation matrix and the sample injection times
were set to 4 s/2 kv. The PCR fragments were analyzed in GeneMapper 4.1 (Applied Biosystems).
The alleles were automatically scored and then manually checked.
To check for possible contamination, every eighth sample added was a negative control. Negative
controls contained all of the PCR master-mix components except the DNA template (water was added
instead of DNA). Four samples (two tissue- and two scat samples) from previously known reindeer
were added as positive controls. Two samples were excluded from the analysis due to an error in
registration, leaving 303 samples for the genetic analysis. The combination of the eight markers
comprised the genetic profile of an individual reindeer. The samples with the same genetic profile
were grouped together and linked to the same individual reindeer.
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2.6. Animal Welfare
This study was conducted in accordance with the regulation for use of animals in experiments,
adopted by the Norwegian Ministry of Agriculture and Food, and approved by the Ethics Commission
on Animal Use by the Norwegian Food and Safety Authority, application number (FOTS ID) 12274 on
03.04.2017. It complies with the EU Directive 2010/63/EU on the use of experimental animals, which
was incorporated to the EEA Agreement in May 2015.
2.7. Statistical Analysis
Means, medians and standard deviations (SD) were calculated using data analysis functions in
Microsoft Office® Excel. Data were investigated for normal distribution and log transformed before
analysis. The analysis was generated using SAS software, Version 9.4 of the SAS system for Windows
version 6.2.92002 [22].
2.7.1. Samples from Tverrvatnet
First, a non-parametric comparison was performed using the npar1way command with “Animal”
as a class variable and “FCM” as the response variable. Using transformed data, the effect of “hour
since ACTH administration” on FCM concentrations was analyzed using a mixed model of analysis of
variance with “Hour” (1–44) and “Animal” (1–8) as class variables. “Animal” was specified as a random
effect and degrees of freedom were calculated using the Satterthwaite’s approximation. Differences
between means were investigated using the LSmeans command with the Tukey–Kramer approximation.
2.7.2. Samples from Stjernevatn
Using transformed data, the effect of handling on FCM levels was investigated using a general
linear model of analysis of variance with “Time of day” (morning or afternoon, reflecting the time
periods 0–2 h or 8–10 h after handling) and “Age” (adult/calf) as class variables.
3. Results
3.1. Controlled Experiment with ACTH Challenge on Eight Reindeer (Tverrvatnet)
3.1.1. Identification of Individual Animals
Of the 303 faecal samples analyzed, 48 (16%) were negative for all eight microsatelite markers and
255 (84%) were positive for at least one STR-marker. Among the 255 samples, eight unique genetic
profiles were found, representing the eight individual reindeer. A total of 28 of the positive samples
(11%) could not be assigned to one of the eight unique profiles, due to the lesser quality of the samples
and/or the lack of private alleles or unique allele combinations. The 227 samples (89%) were given
an identity based on the eight unique genetic profiles that make up the eight reindeer individuals
(Figure 1). As a result, 54 of the samples were assigned to individual 1; 32 samples to individual
2; 15 samples to individual 3; 39 samples to individual 4; 17 samples to individual 5; 16 samples to
individual 6; 34 samples to individual 7; and 20 samples to individual 8.
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Figure 1. Box-plot graphs of levels of faecal cortisol metabolites of all samples as a function of hours after
ACTH administration. Hours with dissimilar letters had significantly different (p < 0.05) concentrations.
Above the x-axis, the respective numbers of samples are given.
3.1.2. Results from the ACTH Challenge Test
Median (range) FCM levels from two to six hours after injection of ACTH were 505 (34–6408 ng/g).
Overall, FCM concentrations peaked at 7 h and slowly decreased afterwards (including high values in
some intervals; Figure 1).
When expressed at individual animal levels, the FCM concentrations align with the herd level for
five animals where peak levels ranged from 5000 ng to 8000 ng/g faeces. As can be seen in Figure 2,
animal numbers 2, 4 and 5 reached their peak values later than the other individuals. There were
three unidentified high concentration (6408, 5409 and 3721 ng/g faeces) samples (6–9 h), which could
have been those animals’ (e.g., animal 5) early peak samples. Individual peak samples were about
6.3 (2.0–16.8) times higher (median 3359; range 2352–5361 ng/g) than respective baselines (0–6 h; 685;
315–1079 ng/g faeces).
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Figure 2. Concentration of faecal cortisol metabolites (FCMs) from identified samples of the eight
individual animals at Tverrvatnet, shown as a function of hours after ACTH challenge.
3.2. Results from the Biological Validation (Normal Handling and Calf Marking at Stjernevatn)
The highest values of cortisol metabolites were found around eight hours after the human activity
started within the fences. FCM concentrations (median; range) in reindeer (Figure 3) were significantly
different between morning (480; 212–1159 ng/g faeces) and evening (1469; 605–4673 ng/g faeces)
sampling (F = 116.9; p < 0.001). Calves and adults did not show any significant differences in FCM
levels (F = 1.35; p = 0.25). A total of 65 samples were from calves and 49 samples were from adult
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reindeer. In the first phase (0–2 h) adult samples were from males and females, non-lactating and
lactating. In the second phase (8–10 h) samples from adult reindeer came only from lactating females
with calves at foot.
Figure 3. Concentrations of faecal cortisol metabolites (FCMs) in reindeer collected immediately after
fencing (0–2 h; morning, n = 51 where 31 were calves and 20 adults) and later after handling and calf
marking (8–10 h; evening, n = 63 where 34 were calves and 29 adults). Dissimilar letters indicate
significant (p < 0.001) differences.
4. Discussion
4.1. Non-Invasive Versus Non-Disturbing
Even though faeces collection is a non-invasive approach compared to blood collection, it may
not be non-disturbing, because sample collection can trigger a stress response in animals that are not
used to close human presence [4]. This is especially true with herd animals such as reindeer. Since
stress is conducive to changes in welfare, production, physiology, health and mortality [23], even slow
but repetitive entries into the fence, prompting sudden movements or alertness of the animals, may
increase cortisol levels. This will not affect FCM levels in the sample collected immediately but may
very well result in higher levels in serial samples collected later on [5]. Thus, the experimental animals
receiving ACTH in Tverrvatnet may have already had higher cortisol levels, due to the earlier handling
by the reindeer herder moving the animals in the fence. The delayed decrease in FCM levels may be
attributed to such a disturbance, because, during the first phase, samples were taken from the herd
every hour.
Even though the sample collection at Stjernevatn started once the animals were moved to the
working fence, the gathering earlier in the morning may also have influenced or even exacerbated
the stress levels of the animals. However, since the time lag between the time the work started in the
working fence and the gathering was less than seven hours, the 0–2 h samples most likely reflect true
FCM baseline levels.
Sampling protocols, based on earlier experience in similar studies, were prepared in detail before
the data collection started. A total number of 317 samples were collected over 44 h in the ACTH
challenge test, which should capture any peak levels in FCMs. Earlier studies have demonstrated
a time lag of FCM in reindeer of 8 to 24 h [14]. In the biological validation, a total number of 114
samples were collected over 10 h, which could be too short to detect late peak levels. After handling
was completed, it was usual practice to release the animals back to pasture. Holding them much longer
in fence would, therefore, not be justified in the private herd visited.
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4.2. Peak FCM Levels
Following the ACTH challenge, all animals showed well expressed peak FCM levels which were
about 630% above their respective baseline levels. This is the first time such a non-invasive method to
measure FCM levels in reindeer has been successfully validated. Comparing absolute values in the
present study with earlier studies not using the same immunoassays is not relevant, as the different
antibodies pick up different cortisol metabolites and to a different degree [5]. The FCM levels peaked
seven to eight hours after stimulating the adrenals. This was quicker than reported delay times for
deer or goats [24,25], but closer to those found in other ruminants (10–12 h), such as sheep or cattle [6].
However, our results correspond well with findings in caribou, where a significant (but not comparably
expressed) increase in FCM was found eight hours after an ACTH challenge [14].
In the biological validation experiment performed at Stjernevatn, the FCM levels eight to ten
hours after handling showed more than a three-fold rise compared to baseline levels (samples collected
after 0–2 h). This indicates that our method is sensitive enough to detect the effect of handling stress.
However, the peak FCM levels were lower when compared to the ACTH challenge test. A study by
Carlsson et al. [26] found no increase in FCM levels eight hours after handling stress, but their method
was not validated for this species. This underlines the importance of performing validation studies in
every animal species and validating each method of FCM analysis against baseline values found under
practical and representative conditions.
4.3. Effects of Sex and Individual
At Tverrvatnet, only males were used, because the females were pregnant. Ashley et al. [14]
found that female reindeer showed a prolonged response to a very high ACTH dose (8 IU/kg; possibly
about 15–16 times higher than the one used here (about 25 IU/animal), assuming the animals weighed
about 45–50 kg, whereas males did not have this response. Faecal samples were collected from both
males and females in the first collection period at Stjernevatn. In the second period, only lactating
females and calves were present. Sex and age may have an influence on FCM levels [5,12]. However,
the variation in our dataset from the biological validation was small, as shown in Figure 3. Furthermore,
the statistical analysis showed no difference in FCMs between calves and adults, thus making such an
influence less likely.
There were quite large individual differences in the FCM response for the ACTH challenge test at
Tverrvatnet. Some animals (animals 1, 3, 6, 7, 8) had an early peak (about seven hours after ACTH
injection), in others (animals 2, 4 and 5) it occurred later (after 12, 14 and up 24 h, respectively).
The reasons for this might be manifold. Differences in the resorption of the ACTH could have played a
role. If the needle hits the muscle close to a blood vessel, the response should be quicker (immediate)
than if the ACTH injection was further away from a vessel. In case of the latter, the increase could be
delayed. Another explanation might be that earlier peaks were missed in those animals. This is likely
true in animals (e.g., animal 5) where samples were probably missed, especially as high concentration
samples of unknown identity were present in that time window (7–8 h). In addition, the enterohepatic
recirculation, which has been proven in ruminants [27], could have caused secondary peaks, especially
when they were smaller (e.g., animals 1 and 3). However, median delay times in FCM peaks found in
the biological validation at Stjernevatn were also seven hours, which suggests that shorter delay times
in faecal peak excretion are more likely found in reindeer.
4.4. Identification of Unknown Samples
Being able to document the individual responses by using DNA analysis added extra value
to the results because these individual patterns would have been hidden in anonymous sampling.
Non-invasive genetic sampling methods have become widely used in genetic studies and have been
shown to be a reliable approach for genetic studies in reindeer [28–30]. It has also been shown that
combining genetic analysis with FCM measurements is a useful approach to document individuals
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and their sex, and that ignoring this information could lead to erroneous conclusions when addressing
stress levels in animal populations [31,32].
In this study, we have used non-invasive genetic sampling without any previous knowledge
of the genotypes of the eight individuals involved in the experiment and achieved a high success
rate in assigning samples to genotypes/individuals across the duration of the study. This shows
that the technique can be a useful addition to other scientific fields, to ensure reliable tracking of
individuals across time and reduced degree of disturbance (i.e., less human-induced stress responses
in the animals). Since we already knew the sex of the eight reindeer individuals, a molecular sexing
was not performed, but is advised in future studies without this knowledge, whenever sex can be
expected to be an important explanatory factor.
Samples collected by non-invasive methods, such as faecal samples, are less likely to give complete
profiles due to low quality and/or quantity (i.e., allelic dropout or fragmented DNA) compared to blood
and tissue samples [33–35]. When possible, we therefore recommend including control samples (tissue
or blood) from all individuals, collected either before or after the experiment, to confirm their genetic
profiles. This would facilitate unambiguous assignment of samples to genetic profiles/individuals and
thus contribute to a higher percentage of the samples being available for the primary analysis, e.g.,
FCM or other applications.
4.5. Ways Forward
Using an animal as its own control in the statistical analysis gave us the opportunity to use fewer
animals in the ACTH challenge test. This is in line with the three R’s from the ethical code of conduct
for animal experiments.
Reindeer are free-ranging ungulates that move over large distances during the production year.
Factors including natural and climatic changes affect their welfare. FCM may be used as an objective
measure of stress load under different handling procedures, or when human activity interferes with
grazing areas and reindeer habitats. The non-invasive faecal sample collection from the ground is of
great benefit, when working with this fearful and flock-dependent species. Another benefit is the fact
that we have discovered a time-lag of around seven to eight hours between the moment a stressor is
experienced until peak FCM levels are reached. Knowing this is imperative when investigating the
effects of known potential stressors and comparing them to FCM levels collected before, during and
after periods of interference.
5. Conclusions
We have successfully validated an 11-oxoaetiocholanolone EIA for measuring FCMs in order to
evaluate adrenocortical activity in reindeer. We found a time-lag of approximately seven to eight hours
between the ACTH challenge and peak FCM levels. A similar time-lag was observed when samples
were taken after human handling and calf marking in the fence. The method proved biologically
sensitive and could be of great value as a tool for welfare assessment of different treatments and
handling procedures, and also for evaluating the negative effects of human disturbance in natural
pasture areas. As collecting individual faecal samples in a group of housed, semi-free species like
reindeer may disturb the animals, combining FCM analysis with genetic data proved useful to overcome
the problem of anonymous sampling.
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Simple Summary: The analysis of circulating cortisol has been by far the most common method
used as a means to assess fish stress responses and, thus, animal welfare. To avoid many of the
drawbacks inherent to blood sampling, cortisol can be less-invasively detected in fish skin mucus.
The measurement of cortisol in skin mucus however, has, to date, only been demonstrated as
suitable for farm fish, although its application to free-ranging animals would offer many advantages.
The present study was therefore designed to evaluate the applicability of skin mucus cortisol analysis
as a potential tool to assess habitat quality. To that end, wild fish residing in environments of
different habitat quality were sampled for blood and skin mucus. First, several physiological
endpoints typically used as indicators of exposure to pollutants were accurately related to the habitat
quality in the Catalan chub (Squalius laietanus). Second, cortisol levels in blood were also compared
between habitats, and they were successfully correlated to skin mucus cortisol concentrations. Finally,
we contrasted the patterns of response of all the endpoints assessed to skin mucus cortisol levels across
the sites. The strong linkages detected in this study provide new evidence that the measurement of
cortisol in skin mucus could be potentially used as a biomarker of habitat quality in freshwater fish.
Abstract: Cortisol levels in fish skin mucus have shown to be good stress indicators in farm
fish exposed to different stressors. Its applicability in free-ranging animals subject to long-term
environmental stressors though remains to be explored. The present study was therefore designed
to examine whether skin mucus cortisol levels from a wild freshwater fish (Catalan chub, Squalius
laietanus) are affected by the habitat quality. Several well-established hematological parameters and
cortisol concentrations were measured in blood and compared to variations in skin mucus cortisol
values across three habitats with different pollution gradient. Fluctuations of cortisol in skin mucus
varied across the streams of differing habitat quality, following a similar pattern of response to that
detected by the assessment of cortisol levels in blood and the hematological parameters. Furthermore,
there was a close relationship between cortisol concentrations in skin mucus and several of the
erythrocytic alterations and the relative proportion of neutrophils to lymphocytes. Taken together,
results of this study provide the first evidence that skin mucus cortisol levels could be influenced by
habitat quality. Although results should be interpreted with caution, because a small sample size was
collected in one studied habitat, the measurement of cortisol in skin mucus could be potentially used
as a biomarker in freshwater fish.
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1. Introduction
Throughout their lifetime, wild fish face many challenges of the aquatic environment that can
impose considerable stress and reduce their welfare [1]. These challenges can be either natural or have
an anthropogenic origin, and, depending on the magnitude and duration, they can cause acute or
chronic stress responses [2,3]. Acute stress responses, such as those triggered by a predator attack or
certain unpredictable weather conditions, can facilitate survival [4], whereas long-term stressors, like
exposure to environmental pollution, are associated with a wide range of maladaptive effects [5] that
may, ultimately, lead to loss of biodiversity [6,7]. Accordingly, understanding the causes and effects
of environmental disturbances on fish physiology may help developing conservation strategies to
enhance restoration and protect freshwater ecosystems [5,8].
An economical and practical option that can give a substantial amount of information about
the overall health status of individuals is the peripheral blood test [9,10]. The analysis of red blood
cells (RBCs) allows the detection of DNA damage and alterations by the assessment of erythrocytic
nuclear abnormalities (ENA), circulating micronuclei (MN), and senescent (SE) and immature (IE)
erythrocytes [11,12]. The detection of RBC abnormalities has actually been widely used as an indicator
of exposure to genotoxic and mutagenic contaminants [13–15]. In parallel, relative white blood cell
(WBC) count can be obtained, which offers a very common measure of stress and innate immune
response [16]. In particular, the relative proportion of neutrophils to lymphocytes has been successfully
applied as a measure of prolonged pollutant exposure [9,17,18]. Other uses of blood samples in
ecotoxicology include the quantification of glucocorticoid (GC) hormones, such as cortisol, to assess
the stress response [19,20]. Cortisol is the main GC in teleost fish secreted after the activation of the
hypothalamic–pituitary–interrenal (HPI) axis in response to acute and chronic stress [2,21]. Analyses
of cortisol levels in blood and, more recently, in whole-body and the surrounding water have been
effectively used to monitor environmental stress responses [22–24]. Blood, whole-body, and the
surrounding water sampling, however, present clear limitations when being applied in wild population
studies. First, blood collection is an invasive technique that the process by itself may provoke further
stress and thus it can potentially compromise the animal’s welfare. Similarly, whole-body cortisol
analysis involves sacrifice of the specimens [22]. And finally, collection of the holding water requires
fish restriction in a bucket, which can cause additional stress. Moreover, this technique is difficult to
apply in the wild [24]. Fish scales can also accumulate cortisol [25,26]; however, their potential as
biomarkers of habitat quality deserves further investigation [27]. Cortisol analysis in fish skin mucus
has recently gained considerable attraction, especially because the sampling method is much less
invasive compared to the aforementioned techniques [28–30]. Skin mucus cortisol levels have been
shown to reflect circulating concentrations in several species of farm fish [26,30–32], but there is yet
no evidence of such a relationship in free-ranging species. In addition, this method has, to date, only
been applied in strictly controlled environments [30,33], hence its applicability in uncontrolled, natural
environments remains to be explored. Therefore, the present study aimed to examine whether skin
mucus cortisol concentrations (MCC) from the freshwater fish Catalan chub, Squalius laietanus [34],
are affected by the habitat quality to further develop non-invasive biomarkers in free-living fish.
Catalan chub was chosen, as this species has demonstrated to be a good candidate for freshwater
biomonitoring using blood tests [11]. It is well known that understanding changes in cortisol levels is
not a simple process, especially when measuring cortisol in wild animals by using alternative samples
other than blood [6,9]. Given that the measurement of cortisol in skin mucus is a novel method, other
physiological endpoints of the effects of pollution in fish were assessed to better interpret cortisol
fluctuations in this matrix. Several hematological parameters (RBC anomalies and altered WBC
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counts) were measured in parallel, since, as previously mentioned, they have successfully been used as
indicators of health condition in the Catalan chub [11], as well as in many other species (reviewed
above).
This study was carried out in a populated and industrialized urban river, where efforts are
being made to minimize the environmental impacts and recover the aquatic fauna throughout the
performance of constructed wetlands. Catalan chub were sampled from a non-impacted upstream
site and two downstream polluted sites, located within the constructed wetland system, in order
to compare fish residing environments of different habitat quality. Initially designed specifically
for wastewater treatment, constructed wetlands are nowadays an important component of urban
ecosystems since they play a crucial role in environmental pollution control [35–37]. Constructed
wetlands are macrophyte-based systems that remove pollutants through a combination of physical,
chemical, and biological processes [36,38]. Wetlands’ performances, though, need to be periodically
monitored [39]. The described methodologies for wetland monitoring include physical and chemical
techniques that provide information about the amount of pollutants present in the water. Nevertheless,
these tools do not give insight into how living organisms cope with water contaminants [39]. On this
basis, the present study was carried out in a constructed wetland system to highlight the need to apply
techniques that provide information about how animals perceive and adapt to their environment.
2. Materials and Methods
2.1. Study Area and Field Sampling
In order to study the influence of the habitat quality on skin mucus cortisol concentrations,
individuals were sampled from two sites within a wetland system (Besòs River Park, NE Spain), each
of which represents a different stage of biodegradation of water pollutants (P1 and P2), and a reference
non-impacted upstream site located outside the wetlands (Figure 1). The reference site was set in a
small tributary (Riera d’Avencó), 49.6 km distant from the site P1. The sampling site P1 was placed at
the beginning of the constructed wetland, 2.9 km distant from P2, which was located at the end of
the overall wetland system and 3.6 km to the river mouth. The Besòs River is an urban river adjacent
to the City of Barcelona (Catalonia, NE Spain). During the 1970s and 1980s this river was declared
the most polluted river in Europe. Fish populations are slowly recovering, making it easy to find an
abundance of differences between nearby sites.
Figure 1. Map showing the location of the three sites sampled in the present study (Reference, P1 and
P2) within the Besòs River, in north-east Spain.
Sampling areas were determined following the protocols from the European Committee for
Standardization (CEN prEN 14011:2002). Fish were sampled by electrofishing using a portable unit
which generated up to 200 V and 3 A pulsed DC in an upstream direction. This capture method was
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employed as it is considered an easy and safe method, very popular for studying stream fish [2,40,41].
To minimize the potential influence of the sampling technique on the results, fish were all handled
identically by the same experienced operator.
At the start of the study (17 May 2017), several physico-chemical parameters and contaminants
of emerging concern (CEC) were measured as a basis of the water quality from each sampling site
(Table 1). Results of the water analyses provided evidence that the sampling sites classified as polluted
presented features typically identified in disturbed environments [11,42,43].
To avoid the circadian rhythm being a source of variability, samplings were performed in the
morning (10:00–12:00) from 17 May to 15 June 2017, once the constructed wetland system had been
operative for 3 months (23 May, P1; 17 May, P2; 15 June, reference site). Unequal sample size was
collected within the polluted sites probably due to sub-optimal habitat conditions in P1 (n = 6)
compared to P2 (n = 17) or the reference site (n = 22). All procedures followed the national and
institutional regulations of the Spanish Council for Scientific Research (CSIC) and the European
Directive 2010/63/EU.
Table 1. Occurrence of contaminants of emerging concern (CEC) and physico-chemical data from river
water samples collected within the wetland system (P1 and P2) and the reference non-impacted site
located outside the system (Reference) in May 2017, when fish were sampled.
Compound
Sites
P1 P2 Reference
CEC (μg/L)
Volatile organic compounds
Tetrachloroethene <LOD 0.6 <LOD
Pesticides
Simazine 0.13 0.13 <LOD
Diuron <LOD <LOD <LOD
Isoproturon 0.04 0.04 <LOD
Pharmaceutical products
Diclofenac 1.61 0.29 <LOD
Alkylphenols
4-tert-octylphenol 0.025 <LOD <LOD
Nonylphenol 0.14 <LOD <LOD
Physico-Chemical Data (mg/L)
NH4+ 12.6 10.6 0.07
NO3− 3.31 2.83 0.18
PO4− 0.8 1 0.4
TOC 1 9.25 6.39 2.16
COD 2 29.9 30.5 5.88
SS 3 7 9.5 0.5
Turbidity (NTU 4) 4.47 3.01 0.66
Concentrations of compounds under the instrumental detection limit (LOD, Limit of detection) are not included.
1 TOC, total organic carbon; 2 COD, chemical oxygen demand; 3 SS, suspended solids; 4 NTU, nephelometer
turbidity units.
2.2. Sample Collection
Fish were sampled after applying the combined stressor of capture and a brief period of
confinement, given that stress-induced cortisol levels offer a considerable understanding of the overall
stress response [44]. In this context, growing evidence suggests that circulating cortisol increases can
be detected from as short as 1–2.5 min following exposure to stressors [1,21]. Accordingly, fish were
caught using the portable electrofishing unit, and confined in buckets of 20 L for approximately 15 min.
Afterwards, specimens were anesthetized with MS-222 (100 mg/L) and immediately after, blood and
170
Animals 2019, 9, 939
skin mucus were sampled. A heparinized insulin syringe was used to collect approximately 0.2 mL of
blood by caudal vein puncture. A drop of blood was smeared for hematological analyses, and the
remaining fluid kept on ice until transported back to the laboratory. Samples were then centrifuged
(1500× g, 5 min) and plasma was collected and stored at −20 ◦C. Skin mucus was collected following
the method described by Schultz and colleagues [45] with some modifications. Briefly, a polyurethane
sponge was used to absorb the skin mucus by applying light pressure to the left and right flank as this
method has been shown to be less stressful than using a spatula [45]. The sponge was then introduced
into a cylinder of a syringe and compressed with the barrel to collect, into a centrifuge tube, the skin
mucus. Afterwards, samples were centrifuged (2000× g, 10 min) and the supernatant was stored at
−20 ◦C until analysis. Morphological variables, including length (mean ± SD: P1 = 208.5 ± 34.2 mm;
P2 = 211.6 ± 22.8 mm; reference = 159.9 ± 35.5 mm) and weight (mean ± SD: P1 = 126.7 ± 61.1 g;
P2 = 117.0 ± 50.0 g; reference = 58.7 ± 42.2 g) were measured. Fulton’s body condition factor (K),
calculated according to the formula K = 100,000 body weight (g) total length (mm)−3 [46], was assessed,
since it can reflect the energetic state of individuals [47]. Fish were released into the corresponding
capture site once the samples had been collected.
2.3. Hematological Analysis
Immediately after being collected, a drop of blood was placed on glass microscope slides, drawn
across the surface and, once air-dried, slides were fixed in absolute methanol for 10 min. This procedure
was run in duplicate for each specimen. Upon arrival in the laboratory, one of each duplicated slides
was stained with Diff-Quick® to assess the frequency of abnormal RBCs and for the WBC count. RBCs
(1000) of each individual slide were scored to calculate the frequency of ENA, SE, and IE. The ENAs
analyzed were defined as lobed, kidney-shaped, fragmented, and vacuolated nuclei following the
directions of Pacheco and Santos [48]. The relative count of all types of WBCs (neutrophils, lymphocytes,
monocytes, eosinophils, and basophils) was performed for 100 WBCs following the directions of
Tavares-Dias [49]. The neutrophil and lymphocyte count was used to calculate the relative proportion
of neutrophils to lymphocytes (hereafter, N:L ratio). The second duplicated slide of each individual
was used to assess the number of micronucleus after performing an acridine orange staining. RBCs
(3000) of each slide were scored to calculate the frequency of MN.
2.4. Cortisol Extraction and Biochemical Validation
To analyze cortisol levels from blood and skin mucus, a commercial enzyme immunoassay (EIA)
kit (Cortisol ELISA KIT; Neogen® Corporation, Ayr, UK) was used.
Biochemical validation of the EIA was carried out following the methods described by Carbajal
and collaborators [50]. Samples of plasma and skin mucus extracts from several individuals were
first pooled and used in each validation test. Precision was evaluated with the intra-assay coefficient
of variation (CV), calculated from all duplicated samples analyzed. All samples from each matrix
evaluated were analyzed in single assays; therefore, the inter-assay CV was not assessed. The dilution
test was applied to assess the specificity of the EIA kit by comparing observed and theoretical values
from pools diluted with EIA buffer. To test the assay’s accuracy, the spike-and-recovery test was
used, where known volumes of pools were mixed with different volumes and concentrations of pure
standard cortisol solution. Finally, we evaluated the sensitivity of the test, given by the smallest amount
of cortisol concentration detected.
2.5. Statistical Analysis
The computer program R software (R-project, Version 3.0.1, R Development Core Team, University
of Auckland, New Zealand) was used to analyze the data. A p < 0.05 was considered statistically
significant. Normality of the data was assessed using Shapiro–Wilk tests, and parametric or
non-parametric tests were applied accordingly. Differences in cortisol levels and hematological
data between sites were assessed using one-way ANOVA with Tukey’s pairwise post-hoc tests.
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Non-normally distributed data were assessed by using Kruskal–Wallis test, followed by a multiple
comparison test. Length and K were run as covariates in the models to account for potential differences
across sites due to the age of the fish or the energy accumulated in the body, respectively. These
covariates were then removed when results showed no influence on the response variable (p > 0.05).
Pearson and Spearman correlation tests were applied to test for correlations between skin mucus
cortisol levels to levels of the hormone in blood and the hematological variables.
3. Results
In total, 45 Catalan chub from sites P1 (mean K ± SD = 1.17 ± 0.14, N = 6), P2 (mean K ± SD =
1.30 ± 0.07, N = 17), and reference (mean K ± SD = 1.18 ± 0.08, N = 22) were captured, sampled, and
returned to the river immediately after sampling.
3.1. Biochemical Validation of the EIA
Plasma and skin mucus intra-assay CV was 8.8% and 7.7%, respectively. The dilution test obtained
for plasma showed an R2 = 98.4% and a mean percentage error of 104.1 ± 4.1%. In the skin mucus
dilution test, an R2 = 99.7% and a mean percentage error of 108.7 ± 8.7% was obtained. Also, in the
dilution test, obtained and theoretical concentrations of plasma and skin mucus extracts showed
significant correlation coefficients (r = 0.99, p < 0.01). In the spike-and-recovery test, the average of the
recovery percentage was 107.6 ± 10.0% for plasma and 109.6 ± 9.1% for skin mucus. The sensitivity
of the assay for plasma and skin mucus assessment was 0.07 ng cortisol/mL and 0.03 ng cortisol/mL,
respectively. The biochemical validation of the EIA showed reliable results that demonstrated the
assay’s precision, specificity, accuracy and sensitivity in measuring plasma and skin mucus cortisol
levels of the Catalan chub.
3.2. Hematological Parameters and Cortisol Levels
Concerning the RBC alterations, the frequency of IE (Figure 2A) and SE (Figure 2B) was significantly
lower in the reference site compared to P2 (p < 0.05). In addition, significantly lower frequencies of
ENA (Figure 2C) were detected in the reference site compared to both polluted habitats (p < 0.05).
Despite no differences detected between polluted and reference sites in the frequency of MN (p > 0.05),
a higher frequency of MN was detected in P1 compared to P2 (p < 0.05).
Figure 2. Frequencies of (A) immature erythrocytes, (B) senescent erythrocytes, and (C) erythrocytic
nuclear abnormalities determined in the Catalan chub sampled at two polluted sites (P1, n = 6; P2,
n = 17) and a reference non-impacted upstream site (n = 22) in the Besòs River. Asterisks (*) indicate
significant differences between habitats (p < 0.05).
When accounting for differences in WBC counts between habitats (Table 2), we detected a higher
N:L ratio in P1 and P2 compared to the reference site (p < 0.05), and a significant interaction effect of
site with length on the N:L ratio (p < 0.05). Although no differences were detected between habitats in
172
Animals 2019, 9, 939
the proportion of monocytes and eosinophils (p > 0.05), a higher proportion of basophils was detected
in P2 compared to the reference site (p < 0.05).
Table 2. Mean values and standard deviation of white blood cell parameters (‰) determined in the
Catalan chub from polluted (P1, n = 6; P2, n = 17) and reference (n = 22) sites in Besòs River. Different
letters indicate significant differences among sites (p < 0.05).
White Blood Cell Type
Sites
P1 P2 Reference
N:L ratio 10.54 ± 4.49 a 8.00 ± 3.46 a 4.79 ± 2.91 b
Monocytes 4.50 ± 3.67 7.47 ± 3.83 6.05 ± 2.82
Eosinophils 0.67 ± 0.82 1.35 ± 1.17 1.18 ± 1.30
Basophils 0.33 ± 0.52 ab 1.24 ± 1.20 a 0.36 ± 0.58 b
Plasma cortisol concentrations (PCC) (Figure 3A) and mucus cortisol concentrations (MCC)
(Figure 3B) were significantly lower in the reference site than in both polluted sites (p < 0.05).
Figure 3. Cortisol concentrations in (A) plasma and (B) skin mucus of the Catalan chub sampled at two
polluted sites (P1, n = 6; P2, n = 17) and a reference non-impacted upstream site (n = 22) in the Besòs
River. Asterisks (*) indicate statistically significant differences between habitats (p < 0.05).
When studying the relationships between MCC, PCC, and the hematological parameters (Table 3),
significant correlations were identified between MCC and PCC (p < 0.01), IE (p < 0.05), ENA (p < 0.05),
and the N:L ratio (p = 0.05).
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Table 3. Correlation (r) and p-value between hematological variables and skin mucus cortisol
concentrations (MCC).
Variable MCC (r) p-Value
Cortisol
Plasma cortisol concentration 0.55 <0.01
Red blood cells
Immature erythrocytes 0.40 0.03
Senescent erythrocytes 0.23 0.24
Erythrocytic nuclear abnormalities 0.41 0.02
Micronucleus −0.001 0.99
White blood cells
N:L ratio 0.34 0.05
Monocytes −0.01 0.97
Eosinophils −0.21 0.20
Basophils 0.24 0.17
Bold numbers denote significant correlations between the hematological variables and MCC.
4. Discussion
In this study, we first successfully validated that several physiological endpoints typically used
as indicators of exposure to pollutants (abnormal RBCs and altered WBC counts), were accurately
related to the habitat quality in the Catalan chub. Cortisol levels in blood were also compared between
habitats and they were correlated to skin mucus cortisol concentrations. Finally, we contrasted the
patterns of response of all the endpoints assessed to skin mucus cortisol levels across the sites. Lack of
an adequate number of samples in one of the polluted sites (P1, n = 6) makes the cross-site comparison
difficult. The discussion is therefore focused on differences detected between sites with a larger sample
size (P2, n = 17; reference, n = 22). Results highlight the potential of this non-invasive tool to assess
habitat quality and the need to combine regular techniques for biomonitoring the wetlands systems’
performances with the measurement of cortisol in skin mucus.
4.1. Abnormal RBC Frequencies
There was no consistent pattern in abnormal RBC frequencies when they were compared between
the polluted and the reference habitats. As confirmed by the physico-chemical and CEC analysis
(Table 1), the site P1, located at the beginning of the wetlands system, presented slightly worse habitat
conditions compared to the site P2, placed at the end of the same system. Accordingly, we expected to
identify further RBC alterations in P1 than in P2. Nevertheless, relative to the reference site, P1 only
exhibited significantly higher frequencies of ENA, while fish from P2 presented greater IE, SE, and
ENA frequencies. As mentioned earlier, the sub-optimal conditions of P1 were likely the cause of
the small sample size collected in the site, which in turn could have limited the statistical power in
detecting potential differences.
Conversely, both polluted P1 and P2 sites showed clearly higher ENA levels than the reference
habitat. Particularly in spring, greater frequencies of nuclear abnormalities in the same fish species
have already been identified [11]. The ENA test has been demonstrated to be a highly sensitive
parameter for pollution assessment [12,51], probably explaining the clear variations detected in these
nuclear abnormalities between habitats.
Besides the inconsistencies found between both polluted sites, higher frequencies of RBC disorders
detected in the polluted habitat with larger sample size further support the idea that IE, SE, and ENA
tests are reliable biomarkers of habitat quality in the Catalan chub [52,53].
Although these commonly noted abnormalities are highly sensitive to pollution, they are not
as widely accepted as the use of MN tests [53,54]. The influence of river status on the frequency of
MN has been previously studied in the Catalan chub, and, in accordance with our results, no changes
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were detected between degraded and reference streams [11]. Nevertheless, in our study, the two
polluted areas evaluated differed in MN levels between them, with the highest values detected at
the end of the wetland system. Although this result could also be given by the different sample size
between study sites, it should be noted that a different contaminant profile can also result in mismatch
between habitats [13]. For example, exposure to atrazine and ametrine herbicides resulted in increased
MN [55]; in contrast, a different herbicide, pendimethalin, showed increased ENA but not MN [56].
Tetrachloroethene, the only CEC analyzed that presented higher concentrations in P2 than P1, is a
dry-cleaning compound widely used in the textile industry, known to have toxic effects in fish [57,58].
Although evidence in humans supports the link between the MN formation and this compound [59],
to the authors’ knowledge, there are no published studies demonstrating this association in fish.
Despite this, other compounds not specifically analyzed in this study could also be the consequence of
the differing results between polluted habitats.
Taken together, these findings suggest that the detection of RBC disorders can be potentially used
to identify low-quality habitats for the Catalan chub, while being an approach that could contribute to
a better understanding of the species’ health status than the MN test.
4.2. Variations in WBC Counts
Characteristic changes in blood leukocyte counts have been generally linked to the continuous
activation of the HPI axis [2,60–62]. Interestingly, prolonged exposure to environmental contaminants
can cause neutrophilia and/or lymphopenia in fish [16–18], likewise in other taxa [9,63]. In line with
these published reports, different WBC counts were detected between the study sites. Most notably,
the N:L ratio was significantly higher in both polluted sites compared to the reference stream. These
between-site differences could be a consequence of the sub-optimal environmental conditions in
P1 and P1 habitats. However, the significant interaction detected between length (age) of fish and
site suggests caution when interpreting results. Although length did not influence any of the other
response variables tested, it remains possible that differences in the N:L ratio were partly exacerbated
by the smaller size of fish sampled at the reference site. Age can be an important factor in shaping
the stress response [2]; nevertheless, further studies are needed to understand the influence that
age/length can have in the leukocyte profile. The number of basophils, a cell type still not assessed in
this species, was also higher in P2 compared to the reference site. Although the function of this cell
type is poorly understood, probably because its occurrence in teleost fish seems to be very rare [49,64],
basophils have been related to acute inflammation processes [16]. Besides this, neither the monocyte
nor the eosinophil count appeared to differ between sites, similar to earlier findings on silver carp
(Hypophthalmichthys molitrix) in response to pesticides [65]. The assessment of these cell types is not
common in contemporary research, perhaps due to the controversy concerning the effect of stress on
eosinophil and monocyte numbers [2,16]. When only WBC data are available, evaluation of these two
leukocyte types can help distinguish stress from infectious responses [16], thus further research on
monocyte and eosinophil changes is strongly encouraged.
4.3. Changes in Cortisol Levels
Cortisol levels detected in plasma and skin mucus within the same individuals displayed a
close linear relationship, suggesting that cortisol diffuses to the skin mucus in proportion to the
amount of circulating hormone. Validation of alternative matrices for HPI axis activity assessment
should prove that hormone concentrations in these media are proportional to their abundance in the
bloodstream [3,66], as the present study demonstrates for the measurement of cortisol in skin mucus.
These results, therefore, increase the applicability of the method as a sensitive-individual measure of
the HPI axis activity in wild freshwater fish within their natural environment.
In addition, both plasma and skin mucus cortisol levels differed significantly between habitats
of different quality, with the highest hormone values observed in the polluted sites assessed. This
association between cortisol concentrations and habitat quality suggests that variation in the HPI axis
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activity is likely to be related to the presence of environmental disturbances. Greater stress responses
attributed to the effects of pollutants have been reported in several fish species [22,67,68], as well as
in other taxa [69–71]. Nevertheless, it is important to note that chronic exposure to certain aquatic
contaminants can also have suppressive effects on the stress axis [72–75]. In this context, investigating
the toxic mechanisms underlying variation in the HPI axis alteration will be particularly informative.
4.4. Integrated Assessment
Interpreting cortisol fluctuations in free-living vertebrates is certainly a complex practice,
particularly when applying alternative matrices for hormone assessment [6,9]. This is why linking
cortisol levels to other endpoints of the stress responses can significantly enhance the current
understanding on the ecology of stress [76].
In the present study, fluctuations in skin mucus cortisol levels between habitats paralleled those
detected in blood, the traditional matrix used for hormone assessments in fish [77]. Relative to habitat
quality, changes of the hormone in skin mucus also coincided with variations in the hematological
parameters, except for MN levels. Furthermore, the amount of cortisol in skin mucus was directly
proportional to frequencies of abnormal erythrocytes (IE and ENA) and to the well-established
stress index N:L ratio. Red blood cells are highly sensitive to landscape disturbances [78] and,
more specifically, to environmental pollution [79,80]. Accordingly, the measurement of abnormal
erythrocytes has been successfully used to assess the health status of the Catalan chub [11,42] and many
other fish species [12,13,17]. In the same context, WBC counts, particularly the N:L ratio, increases in
individuals exposed to heavy metals and other contaminants proportional, indeed, to the circulating
cortisol levels [16]. Given the very clear effect of pollution on leukocyte and erythrocyte profiles,
the strong linkages detected in this study provide new evidence that the measurement of cortisol in
skin mucus could be potentially used as a biomarker of habitat quality in freshwater fish residing
polluted environments.
The use of a robust sample size is recommended in natural settings where individuals are exposed
to different environmental conditions [9,81]. However, capturing a relevant number of individuals in
wild conditions may not always be possible, especially in highly degraded habitats such as the one
included in the present field experiment. An important limitation of our study design may, therefore,
be the small sample size in one of the polluted habitats, which requires results of this site be interpreted
with caution.
While physical and chemical techniques are commonly applied for wetland monitoring [39],
methodologies that provide information about how animals are influenced by their environment are
only occasionally used. The incorporation of biomarkers into the constructed wetlands’ management
would provide complementary data to the conventional analyses. Hence the demonstrated sensitivity
of the methods evaluated in the present study to different pollution gradients could be exploited for
biomonitoring the wetlands systems’ performances. Indeed, the non-invasive measurement of cortisol
in skin mucus would largely improve our understanding about the link between the detected chemical
concentrations and the biological effects observed.
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